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Abstract: 
The use of biodegradable polymers such as polyhydroxyalkanoates (PHAs) over their non-
degradable petro-chemical based counterparts is among the measures taken towards 
environmental friendliness and sophistication in industrial and biomedical applications. Issues 
such as rate of degradability and the increasing demand in specialty applications for these 
biopolymers, particularly in biomedical field e.g in controlling the precise target delivery of a 
therapeutic drug, as well as the capability of the polymeric drug carrier to release a drug at an 
independent time scale warrant an intense research in the processes for biopolymer production, 
functionalization and modification. Although several approaches in devising simpler and cost 
effective means to improve the desirable traits (e.g. degradability, molecular wieght, crytallinity 
etc) of these biodegradable polymers have been reported, which include chemical synthesis 
and blending, wider options need to be explored.  
In this research, a mild and environmental-friendly process for the biosynthetic 
preparation of PHA was investigated. In the in vitro enzymatic PHA biosynthesis, a sonication 
process enhanced the rate of polymer propagation by more than two-fold, while the enzymatic 
turnover number increases by 3 times. In addition, the polymer properties viz molecular weight, 
crystallinity and polydispersity were improved under sonication as compared to the non-
sonicated process. The in vivo PHA production by bacterial fermentation utilizes renewable 
carbon substrates. The process was observed to be growth associated, resulting in PHA 
accumulation of about 50 to 77% (w/w) and PHA yields ranging from 10. g L-1 to 15.5 g L-1, 
respectively. The type and compositon of accumulated PHA depend on the type of carbon 
source fed and the bacterial species. For example, feeding fatty acids from octanoic acid (C8:0) 
to oleic acid (C18:1) as sole carbon and energy source in the newly isolated strain of 
Pseudomonas putida Bet001, as much as 50 to 69% of the microbial dry mass PHA 
accumulation with a  molecular weight ranging from 56 to 78 kDa was observed. On the other 
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hand, another new bacterial isolate Delftia tsuruhatensis Bet002, failed to use medium-chain-
length fatty acids i.e. C8 to C10 for growth and PHA accumulation. When the bacterium was fed 
with C14:0 to C18:0 fatty acids, a homopolymer  of poly-3-hydroxybutyrate (PHB) accumulation was 
observed. When the bacterium was supplied with unsaturated oleic acid (C18:1), a copolymer 
containing C4 to C10 acids with both even and odd carbon atom monomers is accumulated. As in 
P. putida Bet001, PHA accumulation for D. tsuruhatensis Bet002 is also growth associated with 
PHA  yield of about 45 to 77% on cell dry weight basis and a molecular weight ranging from 131 
to 199 kDa. Independent of the species, the type of carbon source influences both the thermal 
stability and crystallinity of the PHA.  
With the aim to improve the degradability of these important polymers and possibly 
expanding their niche applications, the PHA was conjugated with sugar moieties via enzyme 
catalysis. Besides showing better compostability, the biodegradability of the functionalized 
glycopolymers increase by factor of 1.5 compared to the non-functionalized materials. They 
showed an improved thermal stability with highest melting and thermal degradation 
temperatures of 150oC and above 300oC, respectively. The functionalization reaction afforded a 
glycopolymer with an average molecular weight (Mw) of 1.7 to 16.8 (±0.2) kDa depending on the 
solvent polarity. As such, controlling the binary solvent mixtures as reaction media, enables to 
influence and/or manipulate the rate of product formation and reaction stability resulting in 
higher efficiency and yield. The polymer functionalization with sugar moieties was carried out via 
a simple, single-step enzymatic catalysis, which is specific, viable and environmental-friendly.  
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Abstrak 
Penggunaan polimer terurai seperti polyhydroxyalkanoates (PHA) berbanding polimer 
yang menggunakan asas petro-kimia yang tidak terurai telah menjadi salah satu 
langkah untuk memastikan bahan industri yang mesra alam serta memberi impak 
baharu terhadap aplikasi biomedikal. Kadar penguraian dan peningkatan permintaan 
terhadap aplikasi khusus pada polimer ini, terutamanya di bidang biomedikal (cth: 
mengawal perembesan bahan kimia kepada sel khusus serta keupayaan untuk menjadi 
pembawa bahan kimia yang tidak dipengaruhi oleh masa) telah menyebabkan 
peningkatan dalam penyelidikan untuk menghasilkan biopolimer, mengubah tahap 
keaktifan biopolimer serta strukturnya. Walaupun beberapa pendekatan penyelidikan 
yang murah dan jimat telah digunakan dalam penambahbaikkan terhadap ciri-ciri 
biopolimer yang merangkumi proses kimia serta bercampur telah dilaporkan, lebih 
banyak pilihan proses perlu diadakan.  
Kajian ini adalah berfokuskan kepada perangkaan proses penghasilan PHA yang 
lebih mudah dan mesra alam. Proses biosintesis PHA secara in vitro secara sonikasi 
telah meningkatkan tahap pemanjangan polimer sebanyak dua kali ganda, manakala 
bilangan perolehan enzim meningkat sebanyak 3 kali ganda. Ciri-ciri PHA seperti berat 
molekul, kristaliniti serta penyebarannya juga telah ditambahbaik melalui proses 
penghasilan dengan menggunakan sonikasi. Proses penghasilan PHA secara in vivo 
melalui proses penapaian dengan menggunakan karbon sebagai substrat didapati 
adalah berhubungkait dengan tahap perkembangan bakteria. Proses penapaian telah 
berjaya menghasilkan 50 sehingga 70% PHA dalam kepekatan 10. g L-1 sehingga 15.5 
g L-1. Jenis dan komposis PHA juga didapati adalah bergantung kepada jenis karbon 
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yang digunakan oleh bakteria. Penggunaan asid lemak tepu yang mempunyai 8 karbon 
(asid oktanoik) sehingga 18 karbon asid lemak tak tepu (asid oleik) sebagai sumber 
karbon dan tenaga terhadap Pseudomonas putida Bet001, sebanyak 50-69% berat 
kering PHA telah berjaya dihasilkan. PHA tersebut mempunyai berat molekular 
daripada 56 sehingga 78 kDa. Bakteria Delftia tsuruhatensis Bet002 telah didapati 
gagal untuk menggunakan asid lemak yang mempunyai 8 karbon sehingga 10 karbon 
sebagai tenaga untuk perkembangannya seterusnya untuk menghasilkan PHA. Apabila 
asid lemak yang mempunyai bilangan karbon antara 14 sehingga 18 karbon digunakan 
sebagai sumber karbon, didapati polimer yang mempunyai ulangan monomer yang 
sama (poly-3-hydroxybutyrate) (PHB) terhasil. Penghasilan polimer yang mempunyai 
monomer campuran didapati terhasil apabila D. tsuruhatensis menggunakan asid lemak 
tak tepu asid oleik. Pengumpulan PHA oleh D. tsuruhatensis Bet002 juga didapati 
adalah berhubungkait dengan tahap perkembangannya. PHA yang terhasil adalah 
dalam lingkungan 45-77% daripada berat kering sel dan mempunyai berat molekular 
antara 131 hingga 199 kDa.  Tahap ketahanan terhadap suhu tinggi dan tahap 
kristaliniti PHA yang terhasil adalah bergantung kepada jenis karbon yang digunakan 
untuk kesemua spesis bakteria yang digunakan. 
Konjugasi PHA dengan pelbagai jenis karbohidrat melalui tindakan enzim telah 
dijalankan untuk menambahbaik tahap penguraian polimer serta memperluaskan lagi 
penggunaan polimer tersebut. Proses konjigasi telah menghasilkan produk yang 
mempunyai tahap penguraian yang lebih baik yang mana tahapnya meningkat 
sebanyak 1.5 kali ganda berbanding polimer biasa. Polimer terubahsuai juga 
mempunyai tahap ketahanan terhadap suhu tinggi yang lebih baik iaitu suhu takat lebur 
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adalah pada 150oC dan suhu pemecahan molekul adalah lebih daripada 300oC. Berat 
molekular polimer yang terubahsuai telah dicatatkan antara 1.7 to 16.8 (±0.2) kDa dan 
ini bergantung kepada polariti medium. Maka, penggunaan larutan bercampur sebagai 
medium penghasilan produk dapat mempengaruhi/menambahbaikkan kadar sintesis 
produk, tahap keberkesanan proses sintesis serta bilangan produk yang terhasil. 
Proses penghasilan polimer yang terubahsuai dengan karbohidrat telah dijalankan 
melalui proses biosintesis dengan menggunakan enzim dan ianya hanya memerlukan 
satu peringkat proses dan proses yang digunakan adalah mesra alam. 
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CHAPTER 1.0 
Introduction  
 
1.1 Research Background  
 
Rapid advancement in science and technology in the last century, particularly in the 
current era of advanced industrialization had led to a surge in demand and production of 
polymeric materials. Most are based on petro-chemical origins, leading to a variety of 
synthetic polymers, fibers, plastics, and rubbers. They are utilized in several fields, 
including transportation, construction, packaging, electronic devices, aeronautics, and 
medical appliances. It is reported that about 140 million tons of these plastics are 
produced and consumed annually all over the world, requiring 150 million tons of fossil 
fuel for production (Okada, 2002; Suriyamongkol et al., 2007).  In 2011 alone nearly 280 
million tons of petrochemical-based polymers were produced and the market is 
expected to further increase with 4% annual growth up to 2016 (Bauwens, 2011). The 
production of synthetic polymers is anticipated to increase to around 810 million tons by 
2050 (Piet, 2010). Unfortunately, the high demand for polymeric materials results in 
increased oil consumption all over the globe. More importantly, most of these polymers 
are non-degradable; hence contribute significantly to environmental pollution. Moreover, 
the current waste disposal of polymers causes health and environmental risks due to 
greenhouse gasses emission, toxic wastes and aquatic plastic-soup accumulation.  
Concurrently, these effects have led to the interests in the replacement of 
petrochemical-derived plastics by biodegradable polymers. Among the biopolymers of 
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interest are aliphatic polymers such as polyhydroxyalkanoates (PHAs) e.g. poly-3-
hydroxyalkanoates and poly-6-hydroxyhexanoate (poly-ε-caprolactone). These high 
molecular weight biodegradable polymers share the physical and mechanical properties 
similar to petroleum derived thermoplastics such as polypropylene (PP) and 
polyethylene (PET), with the advantage of biodegradability (Zakaria et al., 2010) and 
biocompatibility (Suriyamongkol et al., 2007). In fact, these biodegradable polymers are 
now seen as possible replacement for polyolefins in medical applications e.g. for drug 
delivery systems, suture threads, resorbable implants, tissue engineering scaffolds and 
inter-positional spacers in osteoarthritis (Kobayashi, 2010; Nair & Laurencin, 2007; 
Nobes et al., 1996; Woodruff & Hutmacher, 2010).   
However, the industrial production of these biopolymers such as polyesters by 
conventional chemical catalysis relies on the use of organometallic catalysts, high 
energy consumption and complex chemical processing steps, like hydroxyl protection 
and de-protection, as well as the use of toxic chemicals. This makes the overall process 
non-attractive, particularly in biomedical applications which require complete removal of 
metallic catalysts. 
One of the strategies to solve these difficulties is through the use of a biocatalytic 
processes. Advances in microbial genetic engineering and non-aqueous enzymology 
pave the way for a greener synthetic process of biodegradable polymers using enzymes 
such as hydrolases and esterases. For example, lipases function as hydrolases in 
aqueous media to hydrolyze ester bonds (Sharma et al., 2001); however, in 
microaqeuous media, lipases can catalyze the formation of ester bonds. 
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Recently, in vitro enzymatic polymerization has received much attention as an 
environmental friendly process for polymer synthesis (Gumel et al., 2012a; Gumel et al., 
2012b; He et al., 2005; Kobayashi, 2010; Zinck, 2009).  Through this process, 
biodegradable polyesters can be synthesized either by polycondensation (step growth 
polymerization) or by ring opening polymerization (chain growth polymerization) of 
substrates like lactones (Kobayashi, 2010). A specific functionality can be introduced 
through these polymerizations by applying either functionalized monomers or 
functionalized initiators (Loh et al., 2009). The products of enzyme mediated biocatalytic 
ring opening polymerization have little or no potential for adverse health impact. 
Moreover, enzymatic biocatalysis offers excellent enantiomeric selectivity and 
specificity, thus avoiding contaminations and the catalysis can be achieved under mild 
reaction conditions.  
Among the various enzymatic polymerization methods employed, ring-opening 
polymerization (ROP) is considered as an important alternative route for the 
biosynthesis of these polymers, due to the lack of leaving group generation during 
polymerization, which limits monomer conversion and reduce the degree of 
polymerization (He et al., 2005). In addition, enzyme catalyzed ROP can make use of a 
myriad of substrates particularly lactones.  Cutinase of the soft-rot fungus Humicola 
insolens has been used to catalyze polycondensations and ring-opening 
polymerizations of lactones (Hunsen et al., 2008). Immobilized lipase B of Candida 
antarctica proved to be especially effective in production of PHAs via ring opening 
polymerization of cyclic lactones (Arumugasamy & Ahmad, 2011; Gumel et al., 2012b; 
Kadokawa & Kobayashi, 2010). However, lipases and cutinases are not the only 
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enzymes capable of polymerizing substrates in vitro. Purified PHA synthase has been 
shown to polymerize substrates in vitro (Sato et al., 2010). For example, PHA synthase 
(PhaC1Pp) class II from Pseudomonas putida and class III PHA synthase (PhaECAv) 
from Allochromatium vinosum, were used on a hydrophobic support of highly oriented 
pyrolytic graphite (HOPG) to synthesize PHA of few nanometer thickness (Sato et al., 
2010). 
Alternatively, in vivo biosynthesis of these biodegradable polyesters in microbial 
cells has been reported. For instance, several bacterial species, such as Pseudomonas 
spp., Enterobacter spp., Necator spp., Escherichia coli, Rhodobacter spp., Cupriavidus 
spp. were found to accumulate either homopolymer or copolymer of PHA  in vivo in the 
presence of an excess of a carbon source under deprived nutrient condition e.g. 
nitrogen source (Annuar et al., 2008; Rai et al., 2011b; Tian et al., 2010). In addition, 
mixed microbial cultures have been successfully used in producing PHAs (Albuquerque 
et al., 2010; Albuquerque et al., 2011). Random copolymers of PHA have been 
successfully produced in monoculture fermentations by controlling the type of carbon 
feed and composition(Gumel et al., 2012c). This has been shown to be possible using 
both native and recombinant bacteria (Li et al., 2010). Accumulation of PHA 
homopolymer containing solely poly-3-hydroxyoctanoate (PHO) has been recently 
shown to occur in a wild-type Pseudomonas mendocina (Rai et al., 2011a). Changing 
the fermentation temperature could influence the type of PHA and/or other metabolites 
to be accumulated or produced. For example, using Pseudomonas aeruginosa IFO3924 
both medium-chain-length PHA (mcl-PHA) and rhamnolipids were produced 
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simultaneously (Hori et al., 2011). Production of rhamnolipids was favored by changing 
the fermentation temperature from 30 °C to 28 °C (Hori et al., 2011). 
 Many metabolizable carbon sources including carbohydrates, fatty acids, and 
industrial wastes can be used as energy source substrate for the production of PHAs. 
Methane has been used as a carbon source for producing PHAs using consortia of 
methanotrophic bacteria as well as single strains. In one such study, Methylobacterium 
organophilum pure culture was used to accumulate PHA in a two-phase partitioning 
reactor (Zúñiga et al., 2011).  An increase in fermentation medium salinity could also 
influence the PHA accumulation. For example a two fold increase in NaCl concentration 
in the culture medium was observed to enhance the PHA accumulation in Spirulina 
subsalsa (Shrivastav et al., 2010). The cost of the carbon source is a substantial 
contributor to the production cost of PHAs by microbial processes (Reemmer, 2009). 
Furthermore, recovering the microbial biomass from the fermentation broth and further 
processing to extract the PHA in a large scale process is expensive. A current and 
future trend for the potentially cheaper production option is to use atmospheric carbon 
dioxide and sunlight to produce PHAs in genetically modified plants (Ariffin et al., 2011; 
Bohmert-Tatarev et al., 2011b; Snell, 2010). Plants are easily harvested and a large 
amount of water does not need to be removed from plant biomass for extracting PHAs. 
Plant platforms for producing PHA have been extensively reviewed (Börnke & Broer, 
2010; Poirier & Brumbley, 2010; Reemmer, 2009). Production of PHB in genetically 
modified tobacco plant (Nicotiana tabacum) has been reported (Bohmert-Tatarev et al., 
2011a). The plant had been transformed with a plasmid construct containing genes from 
Acinetobacter sp. and Bacillus megaterium to code the enzymes required for PHA 
6 
 
synthesis. The modified tobacco produced between 17% and 19% (w/w) PHB in leaf 
tissue and nearly 9% in the total plant biomass. However, high level of PHB expression 
in plants cause chlorosis, a condition characterized by a reduced chlorophyll production, 
consequently reduced production of carbohydrate and reduced plant growth (Reemmer, 
2009). This problem may be alleviated by either delaying the synthesis of PHB until the 
photosynthetic tissues of the plant are well developed. This may be achieved, for 
example, by using a chemically induced gene-switch (Kourtz et al., 2010), or by 
inducing the PHA accumulation within the plant peroxisomes (Tilbrook et al., 2011). 
As mentioned earlier, PHAs have attracted much attention as materials for 
biodegradable implants in biomedical and tissue engineering applications. Specifically, 
PHB has been reported to be biocompatible with various kinds of cells (Puppi et al., 
2010). Use of PHAs as drug delivery systems for prolonged release of therapeutics into 
systemic circulation is currently receiving huge attention (Bansal et al., 2011). 
Polyhydroxyesters such as block copolymer of PEG-b-PCL in the form of micelles and 
nanoparticles have been used for parenteral delivery of taxanes (Gaucher et al., 2010). 
A matrix of nanoparticles of poly-3-hydroxybutyrate-co-3-hydroxyhexanoate (PHBHHx) 
has been used to deliver antineoplastic agents to cancer cells (Kiliçay et al., 2011). PHB 
nanoparticles functionalized with a tumor-speciﬁc ligand have been examined for 
specifically targeting certain breast cancer cells (Lee et al., 2011). The non-steroidal 
anti-inﬂammatory drug, ibuprofen has been conjugated to nontoxic oligo(3-
hydroxybutyrate), in an attempt to improve drug delivery but this novel formulation 
remains to be thoroughly assessed (Zawidlak-Wegrzynska et al., 2010). 
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Furthermore, poly-3-hydroxybutyrate microsphere has been tested in vitro for 
releasing the antibiotics gentamycin and tetracycline (Francis, 2011). Multifunctional 
PHB/45S5 bioglass composite system has been discussed as drug delivery agents and 
for use in certain bone tissue engineering applications (Francis, 2011). 
Polycaprolactone (PCL) tends to be highly permeable attributing an attractive 
feature to this polymer especially in some drug delivery applications. Despite the 
mentioned advantages of these polymeric materials, they exhibit a poor bio-resorbability 
in vivo. Polycaprolactone in tissue for example is reported to take about 3-4 years and 
lacks of total elimination of the degraded monomers out of the organism (Woodruff & 
Hutmacher, 2010). In addition, the enzymatic synthesis of PHAs in microaqueous media 
is conventionally carried out in potentially hazardous volatile organic solvents, such as 
tetrahydrofuran (Gorke et al., 2010). The reaction process is commonly characterized 
by poor enzyme stability, slow rate of reaction, and low molecular weight of the 
polymeric product. This necessitates the use of large amounts of enzymes to ensure 
that the desired extent of polymerization occurs within a stipulated time scale 
(Henderson et al., 1996; Kumar & Gross, 2000).  
Furthermore, most of the synthesized biopolymers lack biological stimulus found 
in either intra or extra cellular matrix. Thus, specialized biopolymers are needed to be 
applied for this purpose. Recent advances in biopolymer engineering resulted in 
significant efforts towards the synthesis of biopolymers with specific functional groups 
capable of coupling bioactive ligands. It is not surprising that these biopolymers have 
attracted much attention recently due to their ability to respond to specific changes in 
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basic environmental stimuli such as temperature (Xu et al., 2011), pH (Bawa et al., 
2009; Meng et al., 2009; Stuart et al., 2010), photo (Cui et al., 2008) and eletro (Barinov 
et al., 2006) stimuli while others were reported to respond to multiple stimuli (Costa et 
al., 2011). For example, stimuli responsive biopolymers having an ability to mimic the 
cellular response process were synthesized (Jocić et al., 2010; Motornov et al., 2010; 
Tian et al., 2012). Recently, a thermo-sensitive triblock of PLA-b-PNIPAAm-b-PLA 
having a lower critical solution temperature (LSCT) of 31.15 to 32.62oC has been 
reported (Xu et al., 2011). It has been reported that the thermal stimuli of these 
polymers to have arisen as a result of the hydrophobic interactions among PNIPAAm 
molecular chains, the intermolecular hydrogen bonding between the PNIPAAm chains, 
water molecules, and the intramolecular hydrogen bonding between the -CONH2 groups 
(Tian et al., 2012).  
PHB macro initiator was used in atom transfer radical polymerization (ATRP) to 
initiate the synthesis of a novel thermo sensitive amphiphilic triblock hydrophobic PHB 
flanks by hydrophilic PNIPAAm (Loh et al., 2009). Zhu et al. (2007) reported the 
synthesis of polycaprolactone based temperature sensitive polymer (PNIPAM-b-
(HEMA-PCL)) using PNIPAAm as the macroinitiator in reversible addition fragmentation 
chain transfer (RAFT) polymerization process. Bawa et al. (2009) reported the general 
blood and tissue pH to be about 7.4 while in carcinogenic cells the pH was found to be 
about 1.0. Hence, differences in cellular pH have been utilized in designing novel drug 
delivery devices. Sugars such as galactose and mannose were reported to be speciﬁc 
ligands to the asialoglycoprotein receptor (ASGPR) receptor, which is  overexpressed  
in  hepatocellular carcinoma (Ross et al., 1994). Jiang et al. (2011) observed the 
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solution behavior of PCL functionalized hydroxyethyl cellulose (HEC). Previously, Lu et 
al. (2002) reported the synthesis of poly(1’-O-vinyladipoyl-sucrose) in chemo-enzymatic 
process resulting in polymer with molecular weight as high as 53 kDa having improved 
solvation properties that can be explored as promising biomaterial.  
In general, polymer functionalization has resulted in recent increasing demand of 
biodegradable polymers in diverse industrial applications. Functionalization of polymer 
has opened a new avenue for the production of novel polymers with specific 
applications that were not possible earlier. 
In this research project, factors like PHA production yield and its physico-
chemical properties, such as thermal stability, structural composition, hydrophilicity and 
biodegradability, are hypotisized to be improved through rational biosynthesis of the 
polymer and subsequent enzymatic functionalization to incorporate biologically relevant 
functional groups like sugars into the polymeric backbone.  
1.2 Research Objectives: 
This research is aimed to study the biosynthesis of biodegradable 
polyhydroxyalkanoates and its subsequent transestrification with acyl acceptor moieties 
(e.g carbohydrates), as well as to study the kinetic behavior of the production and 
esterification through solvents/substrate engineering for possible process optimization. 
In summary: 
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1. The research will investigate the process of PHAs biosynthesis focusing on the 
effects of reaction parameters, media engineering on the structural 
characterization of the produced polymer; 
2. The research will further observe the problems of low polymer propagation, and 
explore ways to improve polymerization degree, the molecular weight as well as 
the process yield. This will be achieved through solvent/substrate engineering 
and culture manipulation techniques; 
3. The research will also address the issue of enhancing the biodegradability, and 
other physical properties of the synthesized polymers, such as hydrophilicity, by 
esterification of the synthesized polymer with carbohydrates. It is anticipated that 
a PHA-sugar ester as surfactant improves the hydrophilic properties of the 
polymeric material and, thus, increases its solubility, while retaining its strength, 
biodegradability and compatibility to be used e.g. as a tissue scaffold or drug 
delivery device. 
1.3  Research Approach 
The research approach was implemented in such a way that it encompasses the 
research aims and objectives of the project. In general, the research methodology 
adopted for this project on the biosynthesis and functionalization of 
polyhydroxyalkanoates is  based on a two (2) step process: 
1. Biopolymer synthesis by (a) in vitro enzymatic catalysis and (b) in vivo microbial 
fermentation, followed by characterization of the synthesized biopolymer; 
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2. Enzymatic catalyzed esterification/functionalization of the biopolymer, followed by 
subsequent characterization and analyses of the functionalized polymer. 
1.3.1 Biosynthesis of the biodegradable polymer 
(a) In vitro enzymatic catalysis 
The in vitro biopolymer synthesis was observed using enzymatic catalysis based on ring 
opening polymerization of cyclic lactone in the presence of  different lipases such as 
Candida antarctica lipase A, immobilized C. antarctica lipase B, C. rugosa lipase and 
phospholipase A1 (Lecitase Ultra). The lactone substrates (ε-caprolactone and/or γ-
butyrolactone) were used in either organic solvents or ionic liquids with known water 
content and water activities. In reaction vials, a specified volume of solvent/ ionic liquds 
was mixed with different substrate concentrations. The reaction was initiated by the 
addition of a specified enzyme load (10 mg to 12 mg ml-1) unless otherwise stated and 
incubated at different temperature ranging from 30 to 90oC. At regular time intervals, the 
synthesized PHA was extracted out of the filtered reaction mixture. This was done by 
concentrating the filtrate to about 1/5th by volume of the reaction mixture at 60C in a 
rotary evaporator under reduced pressure. Cold methanol was then added to precipitate 
the product and the solids were filtered. The crude white precipitate of the polymer was 
re-dissolved in 1:5 weight per volume of chloroform, concentrated as above, 
precipitated again with methanol and recovered. This process was repeated for three 
times to purify the product. The recovered product was dried overnight under vacuum 
and subsequently subjected to characterization analyses. 
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(b) In vivo microbial biosynthesis 
The in vivo PHA biosynthesis was carried out using a batch fermentation process in a 
shake flask system (Figure 1.1).  
 
Figure 1.1 PHA biosynthesis by microbial shake-flask fermentation process 
Bacterial isolates were obtained from an extended aerobic pond for the treatment of 
palm oil mill effluent at SIME Darby plantation palm oil industry Sdn. Bhd., Nilai, 
Malaysia. The isolates were identified based on biochemical and molecular 16S RNA 
analyses as P. putida Bet001 and D. tsuruhatinensis Bet002 respectively, were used as 
a microbial fermentation agent for the accumulation of the PHA.  Different carbon 
sources like glucose, and fatty acids were evaluated as a potential carbon source for 
the fermentation process.  A continuous solvent extraction method was applied to 
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isolate the synthesized polymer from the microbial biomass after the fermentation 
process was stopped. The recovered polymer was subjected to analytical processes 
such as gas chromatography (GC), gel permeation chromatography (GPC), thermal 
analyses, NMR and Raman FT-IR spectroscopy. 
1.3.2 PHA esterification and functionalization 
The functionalization of the synthesized biopolymers was carried out via an enzyme 
catalyzed esterification process, as illustrated in Figure 1.2. Hydrolases, such as 
Novozym 435 (EC 3.1.1.3) were used as catalyst. The carbohydrate such as glucose or 
sucrose was employed as acyl acceptor substrates, while the previously synthesized 
polymers from section 1.3.1 were used as acyl donor substrates.  
 
Figure 1.2 Enzymatic in vitro esterification of sugar-based PHA 
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The reaction was conducted in a batch process. Aliquot reaction samples were 
taken at regular time intervals and analyzed for residual sugar as well as for water 
content. At the end of the reaction, the mixture was filtered to remove the immobilized 
enzyme. The functionalized PHA was extracted by solvent extraction. The solution was 
concentrated in vacuum, and the PHA subsequently precipitated with either cold 
methanol or cold acetone. The extracted products were subjected for gravimetric 
analysis, NMR, GPC, GC and thermal analyses (TGA and DSC), biodegradability, 
biotoxicity and other structural analyses. 
1.4 Thesis organization and linkage of scientific papers 
The thesis is organized based on a thematic linking of scientific papers published 
throughout the course of the research.  
The literature on the of polyhydroxyalkanoates biosynthesis, applications and 
functionalization as well as degradation were extensively reviewed in Chapters Two 
through Four. Chapter 2 (Recent advances in the production, recovery and applications 
of polyhydroxyalkanoates) presents an extensive review of PHA production, use of 
media and metabolic engineering to enhance the PHA accumulation in both microbial 
and plant cells, as well as the recovery and applications of these biodegradable 
polymers. Chapter 3 (Lipase mediated synthesis of sugar fatty acid esters) is a review 
on the esterification of sugar and carboxylic acid esters catalyzed by lipases. The paper 
reviewed the current utilization of enzymes and their modification as well as reactants, 
reaction media and reaction parameters in sugar ester synthesis and process 
optimization.  
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The demand for functionalized polymers in specialty applications has promoted 
intensive research on different controlled degradation processes and their applications. 
However, the production of these functionalized or modified polymers by conventional 
synthetic routes is expensive and time consuming. The advancement in degradation 
technology is becoming an enabling factor in the production of modified polymers and 
their functionalization. Chapter 4 (Current application of controlled degradation 
processes in polymer modification and functionalization) presents a concise review on 
the application of high energy radiation (gamma rays), ozonization, ultrasound 
irradiation, ultraviolet light, and enzymatic hydrolysis for controlled degradation or 
modification of polymeric materials. 
Early studies of the in vitro lipase mediated synthesis of PHA by ring opening 
polymerization (ROP) were characterized by poor enzyme stability, a slow reaction rate 
and a low polymer weight. These problems continue to limit large-scale commercial use 
of lipase mediated polymer synthesis. The literature reported various attempts to 
improve the performance of lipase mediated ROP through the use of microwave 
irradiation, supercritical fluids, and ionic liquids. The use of ultrasound holds substantial 
potential for enhancing the performance of biocatalytic processes, but sonication has 
not been evaluated for lipase mediated ROP. Chapter 5 ( Ultrasound assisted lipase 
catalyzed synthesis of poly-6-hydroxyhexanoate) reports the use of high dissipating 
energy and extreme shear forces produced by the cavitational bubbles collapse in 
ultrasound irradiation process to overcome the previously mentioned limitations. In 
addition, detailed characterization of the synthesized homopolymer was also reported in 
the paper. 
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In Chapter 6 (Lipase catalyzed ultrasonic synthesis of poly-4-hydroxybutyrate-
co-6-hydroxyhexanoate), the studies is extended on utilizing the same ultrasound 
irradiation advantages to synthesize a copolymeric PHA. In this study, four lipases were 
compared for the synthesis of a biodegradable and biocompatible biomaterial i.e. poly-
4-hydroxybutyrate-co-6-hydroxyhexanoate. From the results obtained, it was found that 
ultrasound improved the rate of polymerization catalyzed by the enzymes as compared 
to controls. The effective sonication regime, however, depended on the enzyme used. 
The use of the lipase preparation Lecitase UltraTM for the copolymerization of PHA is 
reported for the first time, and was found to be effective for the synthesis of the 
biopolymer under ultrasonication. The most widely used lipase, i.e. Novozym 435, still 
proved to be the best catalyst for the reaction studied.  In addition, kinetics of the 
polymerization and the most suitable model for its description were outlined. The effects 
of sonication power, time and temperature on the rate of copolymerization were also 
investigated. The results also indicated the effects of the sonication variables on the 
catalyst system used. 
Biodegradable polymers combine attractive physical properties with microbial 
degradability. Medium-chain-length poly (3-hydroxyalkanoates) (mcl-PHA) is an 
example of such a biopolymer. A new approach for its bioproduction is described in 
Chapter 7 (Biosynthesis and characterization of polyhydroxyalkanoates copolymers 
produced by Pseudomonas putida Bet001 isolated from palm oil mill effluent). This 
study reports on isolation, biochemical characterization and post PCR analyses of a 
new bacterial strain from palm oil mill effluent (POME), a high strength agro-industrial 
waste; and the examination of its growth and mcl-PHA production characteristics and 
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characterization of the copolymer produced. We found that the intracellular 
accumulation of mcl-PHA in the new bacterium isolate, identified as Pseudomonas 
putida Bet001, followed a growth associated trend, which is uncommon for 
Pseudomonads species. Usually the PHA accumulation in the Pseudomonads starts 
when the nutrient(s) become limited and growth is no longer possible.  
Furthermore, the newly isolated strain also exhibited an unusual nature of mcl-
PHA composition when fed with a particular fatty acid. For example, when fed with long 
chain unsaturated fatty acid, such as oleic acid, the strain produced a copolymer 
consisting of short chain even numbered carbon monomers and odd numbered carbon 
chain monomer simultaneously with other monomers normally produced by 
Pseudomonads. This phenomenon was not observed when medium chain or short 
chain fatty acids substrates were used. Depending on the substrates fed, the 
incorporation of longer monomers into the accumulated mcl-PHA improved the polymer 
thermal stability. In addition, no unsaturated monomers were detected in the PHA, even 
when oleic acid was fed as sole carbon and energy source, unlike reported in other 
studies employing similar conditions. This is unusual, since the mechanistic action of 
beta-oxidation cycle is well known. This observation may open up further research, 
especially related to the beta oxidation pathway in these isolates.  
Further study on the effect of carbon source on the polymer composition and 
stability was reported using another isolate of PHA accumulating bacterium in Chapter 
8 (Effects of carbon substrates on biodegradable polymer composition and stability 
produced by Delftia tsuruhatensis Bet002 isolated from palm oil mill effluent). The paper 
reports the growth-associated accumulation of PHA with 76.7% polymer content based 
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on cell dried weight and molecular weight ranging from 131 to 199 kDa. In addition, the 
molar concentration ratio of carbon to nitrogen source was found to have little effect on 
the PHA composition, but affected the biomass, PHA yield and polymer degradation 
stability. In general, the polymer comprised of even and odd carbon chain length (C4 to 
C10). The PHA produced a semi-crystalline polymer with good thermal stability, thermal 
degradation temperature (Td) 270 to 392
oC, melting temperature (Tm) 164 to 177
oC, 
glass transition temperature (Tg) -1 to 4
oC and apparent melting enthalpy of fusion (ΔHf) 
of 53 to 211 J g-1. 
In regards to functionalization of polymers, a wide range of biodegradable 
functionalized polymers has been produced using enzymatic catalysis. Most of the 
reported polymer functionalization was based on polyvinyl, polyacrylate and 
polycaprolactone esters. In addition, most of the synthetic processes are not solely 
enzymatic but a hybrid system (chemo-enzymatic), where enzymatic transestrification of 
the vinyl or acrylic ester with the sugar moiety is followed by chemical radical 
polymerization. In most cases, the functionalized polymer obtained through this 
approach, has toxic chemical impurities, which make it less attractive for biomedical 
applications. Secondly, the pendant carbohydrate moiety is attached to the main 
polymeric chain by a di-carboxylic acid spacer arm, which could probably increase the 
hydrophobicity of the polymer rather than improving the hydrophilicity.  Literature 
reporting bacterial PHA functionalization is very scarce, particularly reports on the 
single-step enzymatic functionalization of medium chain length PHA (mcl-PHA). 
In Chapter 9 (Single-step lipase-catalyzed functionalization of medium-chain-
length polyhydroxyalkanoates), The paper reports for the first time a Candida antarctica 
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lipase B (EC 3.1.1.3) catalyzed functionalization of bacterial mcl-PHA with sucrose in 
the absence of the spacer arm to yield poly(1’-O-3-hydroxyacyl-sucrose). Effects of 
reaction variables, such as temperature, enzyme loading, reactant ratio and reaction 
time in relation to enzymatic reaction rate, vapp, as well as and reactant conversion were 
studied. Using H2O2 as micro initiator, the enzyme-mediated synthesis led to a reaction 
rate, vapp of 0.076 x 10-5 mol L-1 s-1. In addition, the research provided a detailed 
physico-chemical characterization of the functionalized polymer and biodegradability 
analyses using 3D optical surface texture analyzer. In this study, the biodegradability of 
the functionalized polymer is found to increase by 1.5 fold compared to the non-
functionalized material apart from showing better compostability. 
Chapter 10 (Enzymatic synthesis of 6-O-glucosyl-poly(3-hydroxyalkanoates) in organic 
solvents and their binary mixture) reports further on the effect of reaction parameters on 
enzyme catalyzed PHA-glucosyl functionalization based on reaction media engineering. 
The paper reports for the first time the use of Lecitase™ Ultra in the functionalization of 
bacterial medium-chain-length PHA (mcl-PHA). The study reports the effect of mono-
phasic organic solvents and their binary mixtures in improving the enzymatic 
functionalization of mcl-PHA, which is a novel subject in itself. It was found that binary 
mixture of organic solvent provides a better medium for the functionalization.  For 
example, an equal volume binary mixture of DMSO and chloroform with moderate 
polarity was more favorable for the rate of enzyme-catalyzed synthesis of the 
carbohydrate polymer and reactant conversion compared to mono-phasic and other 
binary solvents. The apparent reaction rate constant as function of the water activity 
(aw) of the medium increased with increasing solvent polarity, with optimum aw of 0.2, 
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0.4 and 0.7 (± 0.1) observed in hydrophilic DMSO, binary mixtures DMSO:isooctane 
and hydrophobic isooctane, respectively. Control of aw can be achieved by optimum 
molecular sieve loading. In this study, a reaction temperature between 40 to 50oC was 
found to be optimal, and the functionalized PHA polymer was observed to possess good 
physico-chemical characteristics and biodegradability. 
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Abstract Polyhydroxyalkanoates (PHAs) are biodegrad-
able and biocompatible polyesters that can potentially
replace certain plastics derived from petroleum. PHAs can
be produced using a combination of renewable feedstocks
and biological methods. Native and recombinant microor-
ganisms have been generally used for making PHAs via
fermentation processes. As much as 90 % of the microbial
dry mass may accumulate as PHAs. A range of PHAs has
been produced using fermentation methods, including
copolymers and block copolymers. Alternative production
schemes based on genetically modified plants are becom-
ing established and may become the preferred route for
producing certain PHAs. Production in plants is likely to be
inexpensive compared to production by fermentation, but it
does not appear to be as versatile as microbial synthesis in
terms of the range of products that may be generated. Cell-
free enzymatic production of PHAs in vitro is receiving
increasing attention and may become the preferred route to
some specialty products. This review discusses the recent
advances in production of polyhydroxyalkanoates by the
various methods. Methods of recovering the polymer from
microbial biomass are reviewed. Established and emerging
applications of PHAs are discussed.
Keywords Biopolymers  Bioplastics 
Polyhydroxyalkanoates  Polymerization  Applications
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ATRP Atom transfer radical polymerization
CALB Candida antarctica lipase B
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DNA Deoxyribonucleic acid
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EDTA Ethylenediaminetetraacetic acid
FNL Fervidobacterium nodosum lipase (FNL)
HACoA HydroxyalkanoylCoA
HB Hydroxybutyrate
3HB 3-Hydroxybutyrate, or 3-hydroxybutyric acid
4-HB 4-Hydroxybutyrate
HEC Hydroxyethyl cellulose
HEMA 2-Hydroxyethyl methacrylate
HHx Hydroxyhexanoate
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P3HB3HV Poly(3-hydroxybutyrate-
co-3-hydroxyvalerate)
PANi Polyalanine
PCL e-Caprolactone, or polycaprolactone
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PHB Polyhydroxybutyric acid
PHBHHx Poly-3-hydroxybutyrate-
co-3-hydroxyhexanoate
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PHBV Polyhydroxybutyrate-co-valerate
PHBVHHx Poly-3-hydroxybutyrate-
b-3-hydroxyvalerate-b-3-hydroxyhexanoate
PHF Polyhistidine
PHO Poly-3-hydroxyoctanoate
PLA Polylactide
PNIPAAm Poly(N-isopropyl acrylamide)
RAFT Reversible addition fragmentation chain
transfer
(R)-LATP Thiophenyl (R)-lactate
(R)-3HBTP Thiophenyl (R)-3-hydroxylbutyrate
scCO2 Supercritical carbon dioxide
SDS Sodium dodecylsulfate
TMC Trimethylene carbonate
Introduction
In 2011, nearly 280 million tons of petrochemicals-based
polymers were produced with expected increased in 4 %
per annum to 2016 [1]. Production of synthetic polymers is
expected to increase to around 810 million tons by 2050
[2]. A strong interest exists in attempting to replace pet-
rochemicals-derived plastics with biologically produced
alternatives. Here we review the production, recovery and
applications of polyhydroxyalkanoate (PHA) biopolymers.
PHAs are a class of biopolymers with useful physico-
chemical properties for diverse industrial and biomedical
applications. PHAs are biocompatible and biodegradable.
PHAs can be produced sustainably using renewable
resources and biological methods. Accumulation of PHAs
in the bacterium Bacillus megaterium was first reported in
1926 [3]. Since then, many microorganisms have been
shown to accumulate PHAs as intracellular granules [4–6]
or secrete the polymer extracellularly [3, 7, 8]. Good yields
of PHAs have been reported from certain genetically
engineered plants [9–12].
Synthetically produced polymers are generally inex-
pensive, but their persistence in the environment poses a
significant problem. Furthermore, production of fossil-
based polymers has a significant environmental impact [13]
as a net contributor to the level of atmospheric carbon
dioxide. Processes for making synthetic polymers often use
hazardous materials. In contrast to most petropolymers,
biologically produced polymers are generally biodegrad-
able, biocompatible [14, 15] and may be produced sus-
tainably using processes with a reduced environmental
impact. Technology for producing various biopolymers is
developing rapidly, but because of their relatively high
cost, they are used mostly in specialty applications. By
2018, the production of biopolymers is expected to grow by
nearly 35 % and around $5 billion worth of biopolymers
are expected to be produced [16, 17].
Continuing advances in genetic engineering, metabolic
engineering and enzymology are improving accessibility of
an increasing number of biopolymers. In addition to pro-
duction in microorganisms and plants, in vitro enzymatic
production of biopolymers is attracting much attention
[18–23]. PHAs are commercially produced and are perhaps
the best studied of the biopolymers [24, 25]. Nevertheless,
they are still relatively expensive and this hinders their
wider commercial use.
PHA Production
Production by Microbial Fermentation
In bacteria, PHAs accumulate in the presence of an excess
of a carbon source coupled to a deprivation of nutrients
such as nitrogen [26]. All metabolizable carbon sources can
be used for the production of PHAs, including fatty acids
and carbohydrates. PHA polymers accumulate as intracel-
lular inclusions in bacteria of the genera such as Alcalig-
enes, Pseudomonas, Enterobacter, Necator, Rhodobacter,
Ralstonia and Cupriavidus [27–32]. Literature on PHA
production in bacteria is extensive [24, 25, 33, 34]. Some
of the most recent studies are summarized in Table 1.
Certain cyanobacteria also accumulate PHAs under suit-
able environmental conditions [35, 36] and so do some
halophiles [33].
Random copolymers of PHA have been successfully
produced in monoculture fermentations by controlling the
type of carbon feed and composition [37]. This has been
shown to be possible using both native and recombinant
bacteria [38]. Using Cuprividus necator in fed-batch fer-
mentations to produce the copolymer poly-3-hydroxybut-
yrate-co-4-hydroxybutyrate, Chanprateep et al. [27] attained
a polymer level of 77 % (w/w) in the biomass. This was
achieved with a C:N mole ratio of 200:1 with fructose as the
precursor for 3-hydroxybutyrate (3HB) and 1,4-butanediol
as the precursor for 4-hydroxybutyrate (4HB). Ammonium
sulfate was the nitrogen source. The composition of the
copolymer, i.e., the ratio of 3HB to 4HB in it, was affected by
the molar ratio of the two carbon substrates in the culture
medium. For example, if the carbon source contained 25 %
(w/w) 1,4-butanediol, a copolymer with a 30 % mole frac-
tion of 4HB was produced, but this could be increased to
80 % by increasing the 1,4-butandiol level to 75 % (w/w).
Another commonly used precursor for 4HB is the sodium
salt of c-hyroxybutyrate, but this is more expensive than
1,4-butanediol. Although using too high a concentration
of 1,4-butanediol has been found to be toxic to cells [27]. In the
production of poly(3-hydroxybutyrate-co-3-hydroxyvalerate)
J Polym Environ (2013) 21:580–605 581
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(P3HB3HV) by a Cupriavidus sp. changes in culture pH were
reported to affect the composition of the copolymer produced
[31].
Accumulation of poly-3-hydroxyoctanoate (PHO)
homopolymer has been recently shown to occur in a wild-
type Pseudomonas mendocina [39]. Up to 31 % of the cell
dry weight consisted of PHO, but the biomass concentra-
tion in this preliminary study was relatively low [39]. A
two-stage approach was proposed for accumulating the
polymer. This consisted of a first stage tailored to achiev-
ing a high concentration of the biomass, followed by a
second stage tailored to accumulation of the polymer
within the cells [39]. Using a controlled feeding strategy
based on a metabolic flux balance analysis, Ramalingam
et al. [40] achieved a PHA content in the biomass of
35.6 % (w/w) with a PHA concentration in the fermenta-
tion broth of 1.14 g L-1 in a continuous fermentation
involving Pseudomonas putida MTCC 102 (Type B).
Linoleic acid was used as the carbon source.
In some cases at least, the culture temperature can alter
whether PHA or some other metabolite is produced pref-
erentially. For example, using Pseudomonas aeruginosa
IFO3924 both medium-chain-length PHA (mcl-PHA) and
rhamnolipids were produced simultaneously [41]. Produc-
tion of rhamnolipids was favored by changing the tem-
perature from 30 to 28 C [41]. P. aeruginosa IFO3924 fed
with fatty acids having an even-number of carbons led to
the production of 3-hydroxyalkanoates containing only an
even-number of carbons in the in the polymer. In contrast,
feeding of fatty acids with an odd-number of carbons
resulted in 3-hydroxyalkanoates containing both odd- and
even-numbered carbon chains. Of the different fatty acids
fed, C11 and C12 fatty acids proved to be the best carbon
sources for this microorganism [41]. The feeding of C11
substrate resulted in 504 mg L-1 PHA.
Recombinant Escherichia coli harboring phaABC and
phaP of Azotobacter sp. has been reported to accumulate
PHB (polyhydroxybutyrate) when fed with glycerol [42], a
relatively inexpensive carbon source. Accumulation of
PHB decreased with an improved supply of oxygen.
Changing the carbon source to glucose also led to PHB
accumulation, but in this case accumulation was enhanced
by an improved supply of oxygen. Presumably, therefore,
differences in the oxidation state of the cells differently
affect PHB accumulation from carbon sources with dif-
ferent oxidation state [42]. Glycerol has a lower oxidation
state of -2 compared to glucose (0). Depending on the
oxidation state, catabolism of a carbon source would pro-
duce different ratios of NADH/NAD? and this will deter-
mine how much of the carbon flows to the synthesis of a
more reduced product [42].
The utilization of complex low cost carbon substrates
and the elimination of sterilization energy cost made mixed
microbial culture (MMC) to be a cost-effective PHA pro-
duction process [43]. In fact, it has been suggested that
based on life cycle analysis (LCA), PHA production by
MMC could be more favorable compared to using pure
cultures in both economic and environmental perspectives
[44]. MMC have been successfully used in producing
PHAs [43]. In such an operation with a 2-stage stirred tank
reactor, the use of molasses as the carbon source provided a
PHA content in the biomass of 61 % (w/w) [43]. In similar
studies with continuous stirred tank reactors and sequenc-
ing batch reactors, the fermentation conditions were found
to greatly influence the accumulation of PHA in the
microbial cells growing on volatile fatty acids [44]. For
example, a feast–famine operational regimen affected PHA
content in the biomass [44]. The composition of the bio-
polymer formed in the mixed culture could be manipulated
by changing the composition of the carbon source and by
whether it was fed pulse-wise or continuously [44]. Such
changes could be used to alter the ratio of hydroxybutyrate
(HB) and hydroxyvelarate (HV) in the PHA copolymer to
change its average molecular weight, degree of crystallin-
ity and other physical properties [44].
The production economics of PHAs depend very much
on the cost of the carbon feedstock and whether aseptic
(monoculture) or open mixed culture production methods
are used. In some applications, the use of mixed carbon
sources and microbial cultures as found in municipal
wastewaters, for example, may be acceptable for making
PHAs. Use of palm oil for producing PHAs has been dis-
cussed [34].
In attempts to use a cheap feedstock for producing PHA,
ruthenium (Ru) was used for catalytic hydrolysis of inex-
pensive cellulose to glucose [45]. The hydrolysis occurred
at 220 C and converted 15–20 % of cellulose to glucose
and other products. The crude hydrolysate was then used to
culture a recombinant E. coli. The bacterium accumulated
42 % (w/w) of its biomass as PHB in a 72 h fermentation
at 30 C, but the concentration of biomass was low because
of Ru toxicity. The polymer produced had a number
averaged molecular weight of 3.1 9 105 Da. For otherwise
the same fermentation conditions, the use of pure analytical
grade glucose as the feed yielded a polymer with a some-
what higher number averaged molecular weight of
4.3 9 105 Da.
Methane has been used as a carbon source for producing
PHAs using consortia of methanotrophic bacteria as well as
single strains. In one such study, Methylobacterium
organophilum pure culture was used in a two-phase parti-
tioning reactor [46]. The specific methane consumption
rate of the isolate was 100 mg CH4 g
-1 h-1 compared to
much lower rates reported for consortia of methanotrophic
bacteria. The isolate accumulated nearly 57 % (w/w) PHB
in the biomass under nitrogen limiting conditions.
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Exposure of the activated sludge bacteria to a 7 mT
static magnetic field has been claimed to enhance PHB
accumulation by the cells under conditions of elevated
concentrations of acetate [47]. This effect is said to be a
consequence of a reduced uptake of acetate which is toxic
to cells in high concentration [47]. The imposed magnetic
field alters acetate uptake by modifying the net-charge on
the surface of the cell membrane [47].
Certain photosynthesizing microorganisms are known to
accumulate PHAs [35, 36]. In cyanobacteria such as Spi-
rulina subsalsa [48], accumulation of PHA has been shown
to be influenced by the salinity of the culture medium. A
two-fold increase in NaCl concentration enhanced PHA
accumulation relative to control, although the PHA yield
was relatively low. The mechanism of this ionic strength
effect is not entirely clear. PHAs accumulate also in certain
halophilic bacteria as reviewed elsewhere [33].
Metabolic Engineering
In bacteria, the synthesis of polyhydroxyalkanoates from
sugars normally begins with glycolysis of the sugar to
pyruvate. The latter is converted to acetyl-CoA via the
pyruvate dehydrogenase (PDH) oxidation pathway. Two
molecules of acetyl-CoA are then condensed to form ace-
toacetyl-CoA through the action of b-ketothiolase, an
enzyme encoded by the phaA gene. Acetoacetyl-CoA is
reduced by acetoacetyl-CoA reductase (phaB) to form the
monomer of (R)-3-hydroxyacyl-CoA, the building block of
PHAs. PHA synthase (phaC) finally polymerizes the
monomers to PHA (Fig. 1).
Metabolic engineering of PHA biosynthesis pathways
(Fig. 1) has been used to produce PHAs of different types
and properties in various bacterial species. For example,
Escherichia coli strains have been metabolically engi-
neered to regulate the expression of short chain fatty acid
catabolism operon to significantly enhance the expression
of short chain complexed poly-(R)-3-hydroxybutyrate
(cPHB) [49, 50]. Theodorou et al. [50] reported a 1.7-fold
increase in accumulation of cPHB in a mutant E. coli
compared to the wild-type.
Acetoacetate induction was used to regulate expression
of the product [49–51]. Reducing the production of acetic
acid capability is reported to improve carbon channeling to
Fig. 1 General scheme of PHA biosynthesis from sugar catabolism, fatty acid b-oxidation and intermediary pathways
584 J Polym Environ (2013) 21:580–605
123
polymer biosynthesis. Recently, Jian et al. [52] reported a
2-fold increase in production of biomass and 3.5-fold
increase in production of PHA in an E. coli mutant that had
been engineered to reduce the excretion of acetate, lactate,
ethanol and formate. The excretion of acetate by the mutant
was 90 % lower compared to the parent strain [52].
Simultaneous production of succinate and PHA in a met-
abolically engineered Escherichia coli has also been
reported [53, 54]. This was achieved by deleting ptsG,
sdhA and pta genes and overexpressing the phaC1 gene of
Pseudomonas aeruginosa. The engineered E. coli produced
nearly 21 g L-1 succinate and 0.54 g L-1 PHA, equivalent
to a polymer content of nearly 6 % in the biomass. The
feed used was a mixture of glycerol and fatty acids. The
PHA produced consisted of 3-hydroxyoctanoate (58.7 %
by mol) and 3-hydroxydecanoate (41.3 % by mol).
Liu et al. [55] reported the use of b-oxidation inhibition to
produce mcl-PHA homopolymer in a mutant Pseudomonas
putida (KTQQ20) fed with the relevant fatty acid. Six genes
of the b-oxidation pathway were knocked out to significantly
reduce the fatty acid b-oxidation activity. Feeding dodeca-
noic acid to the mutant strain resulted in mcl-PHA accu-
mulation at a 10 % (w/w) level in the biomass. The PHA
homo-copolymer contained 3-hydroxydecanoate monomer
(16 % by mol) and 3-hydroxydodecanoate monomer (84 %
by mol). Changing the feed carbon source to decanoic acid
resulted in a total PHA accumulation of about 5 % (w/w) in
the biomass. The accumulated PHA was a pure homopoly-
mer of 3-hydroxydecanoate. If the feed was changed to tet-
radecanoic acid, the PHA content of the biomass was higher
at 78 % (w/w) and the product was a pure homopolymer of
3-hydroxytetradecanoate. The polymers produced in the
b-oxidation inhibited mutant had improved mechanical
properties compared to the polymers produced in the native
bacterium [55].
Similar observations have been reported in relation to
the effect of inhibition of b-oxidation on production of
PHA (Fig. 1) in a mutant Pseudomonas entomophila [56].
The b-oxidation inhibited mutant produced by knocking
out some of the genes of the relevant pathway, accumu-
lated PHA at the level of [90 % (w/w) in the biomass
[56]. The product consisted of mainly (99 % by mol)
3-hydroxydodecanoates. The number averaged molecular
weight of the polymer formed was as high as 39,000 Da
and it had a polydispersity index of 2.1.
In the biosynthesis of PHA copolymers when the focus
is on increasing the mole fraction of a particular monomer
in the copolymer, the use of a high concentration of the
precursor of the preferentially desired monomer is required
in the culture medium. However, a high concentration of
certain precursors can be quite toxic to cells. One possible
way of overcoming this toxicity is to use a PHA synthase
gene that has a high affinity for polymerizing the toxic
co-monomer [57]. For example, if a copolymer with a high
content of 3HV is wanted, the culture medium would need
to be rich in a 3HV precursor such as valeric acid which
may be toxic. The producing microorganism may be
engineered to contain the PHA synthase gene such as phaC
of Chromobacterium sp. USM2, which is reported to have
a high affinity towards valeric acid. This strategy was
used to accumulate poly(3HB-co-3HV-co-3HHx) (HHx
= hydroxyhexanoate) to the level of 86 % (w/w) in the
biomass of an engineered Cupriavidus necator [57]. The
3HV monomer content in the terpolymer was nearly 91 %
(by mol) and the polymer had mechanical properties
comparable to those of the common low density polyeth-
ylene [57].
An Aeromonas hydrophila mutant with two genes of the
acetic acid metabolic pathway deleted, accumulated poly
(3HB-co-3HHx) at the level of 47 % (w/w) in the dry
biomass, corresponding to a polymer concentration of
around 3 g L-1 in the broth [55]. This level of production
was nearly 45 % greater compared to the native strain [55].
Further transformation of the already engineered bacterium
to harbor genes relating to fatty acids biosynthesis
increased production of PHBHHx by 63 % compared to the
strain with only the genes of the acetic acid metabolism
deleted.
Yeasts generally have a larger cell size than bacteria and
consequently are comparatively easier to recover from the
fermentation broth by processes such as centrifugation and
filtration. Compared to bacteria, yeast cells are also easier
to break for recovering intracellular products [58]. For
these reasons, there is an interest in using yeasts to produce
PHAs. PHA production by different metabolically engi-
neered yeasts has been reported [7, 8, 59, 60]. For example,
Buelhamd et al. [59] produced PHAs in a transgenic Sac-
charomyces pombe. The yeast was engineered to produce
PHB by transfection with the plasmid pBHR68 harbor-
ing the PHB synthesis genes encoding b-ketothiolase
(phbARe), acetoacetyl-CoA reductase (phbBRe) and PHB
synthase (phbCRe) of Ralstonia eutropha. Under optimized
conditions, the yeast accumulated PHB at the level of
nearly 9 % (w/w) in the biomass.
Properties of the PHA synthesized in engineered Sac-
charomyces pombe and Saccharomyces cerevisiae have
been discussed in detail [59]. PHA produced in these yeasts
was found to have a melting temperature in the range of
153–171 C. The degree of crystallinity of the product
ranged from 27 to 32 % during heating and 36 to 50 %
during cooling [7].
A metabolically engineered yeast of the genus Kloec-
kera accumulated PHA within the cells and secreted a
water-soluble bioflocculant polymer in the extracellular
medium [7]. The mutant accumulated PHA to the level of
about 7 % (w/w) in the biomass. This yeast had been made
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by transfection with R. eutropha’s phaABC operon har-
boring genes encoding phaA, phaB and phaC [59].
PHAs accumulate as intracellular inclusions; therefore,
their recovery from the cells is inherently expensive. The
overall cost of producing PHAs would reduce greatly if
the cells could be coaxed into secreting the polymer into
the extracellular broth. Extracellular production may be
made possible through genetic engineering of the produc-
ing cells. This approach is attracting attention. Extracel-
lular secretion of PHA in an Alcanivorax borkumensis
mutant specifically engineered for this purpose was
observed when the microorganism was fed on either
pyruvate or octadecane as the sole carbon source [61].
Recovery of PHAs
Scalable processes are needed for inexpensively recovering
the intracellular PHAs from microorganisms. Examples of
the recently published recovery methods are provided in
Table 2. Although other recovery methods have been
published [62], extraction of the polymer with organic
solvents appears to be a commonly used approach and has
been reported to have an undoubted advantages over the
other PHA extraction methods [63]. Its simplicity and
rapidity is reported to incur its frequent use in laboratory
scale PHA extractions. Solvents extract the polymer
without degrading it by improving the cellular membrane
permeability and subsequent solubilization of the PHA
[63]. Solvent extraction process was also reported to
effectively prevent Gram-negative bacterial endotoxin
contamination of the polymer, therefore improving the
polymeric quality for biomedical applications [64].
In some cases, the biomass recovered by centrifugation
is first washed with an organic solvent to remove fatty
acids and oils left from the culture medium. Subsequently,
the biomass may be freeze-dried prior to extracting the
polymer with a solvent such as chloroform [4]. Cold
methanol is then generally used to precipitate the polymer
from chloroform [65]. Alternatively, a freshly harvested
biomass paste may be washed with acetone and dried under
vacuum at ambient temperature prior to solvent extraction
of the polymer [66]. PHB-co-PHV has been recovered
from Halomonas campisalis cells using a similar process
[65] (Table 2). P3HB-co-4HB has been similarly extracted
[66] and a similar extraction has been reported for poly-
3HB-co-3HV from Pseudomonas oleovorans cells [67].
Variations of solvent extraction methods have been used by
others [27, 44, 68] (Table 2). In some processes dichloro-
methane has been used for extraction instead of chloroform
[69].
Some studies have used mechanical disruption by
ultrasonication of cells in combination with solvent
extraction [70]. Use of other mechanical disruption meth-
ods has been reported [62]. Use of chemicals to digest the
Table 2 PHA recovery processes
Recovery method Advantages Recovery agent Microorganism Yielda
(purity)
(%)
References
Solvent extraction High purity; endotoxin
removal; limited
polymer degradation
Chloroform, methanol Halomonas campisalis
MCM B-1027
36.82 [64]
Chloroform, hexane Cupriavidus necator A-04 78 [27]
Chloroform, hexane Wautersia eutropha ATCC
17699
90 [67]
Dichloromethane, hexane Pseudomonas oleovorans 38 [68]
Chloroform Mixed microbial culture 77 [43, 44]
Mechanical
disruption
Less use of chemicals;
reduced polymer
degradation
Sonication, chloroform Alcaligenes lata DSM1123 95 [70]
Chemical digestion No polymer
degradation; high
purity; applicable to
large volumes and
high cell densities
NaClO, chloroform/ethanol Escherichia cloacae SU-1 94 [71]
SDS, LAS-99, ES702,
AOS-04, Brij58, NaOH
Ralstonia eutropha,
Escherichia coli
99(90) [72]
Enzymatic digestion
(with or without
mechanical
treatment)
Good polymer recovery;
high purity; reduced
use of chemicals other
than enzymes
Alcalase, SDS, EDTA Pseudomonas putida 90(92.6) [75]
Benzonase, Alcalase,
lysozyme, flavourzyme;
microfluidizer
P. putida PGA1 (99.2) [76]
Supercritical fluids Low toxicity; low cost;
high polymer purity
CO2 Bacterial cells 90(99) [79]
a Yield is given in terms of PHA content (% of cell dry weight)
586 J Polym Environ (2013) 21:580–605
123
cell envelope to facilitate solvent extraction has been
reported for PHA recovery from Enterobacter cloacae cells
[71] as well as from other microorganisms.
A variety of digestive detergents have been evaluated
for PHA recovery [72] with varying efficacy. Presumably,
the effectiveness of a particular detergent in dissolving the
cell envelope depends on the microbial species, but there is
no information on this. Detergents such as sodium dode-
cylsulfate (SDS) have been used to rupture cell membranes
to recover granules of the crude PHA polymers [62].
Incubation of R. eutropha and E. coli cells with 5 % (w/v)
SDS for 3 to 6 h has allowed recovery of 95 % of the
intracellular PHA [72], but the purity of the recovered
polymer was improved by extending the detergent treat-
ment to longer than 6 h. Digestion of the cells was
enhanced by increasing the incubation temperature.
Digestion of cells with alkali (NaOH) has been used for
PHA recovery [62, 72] and there is evidence that over-
zealous treatment with alkali damages the polymer. A
treatment regimen for PHA recovery from E. coli may be
the use of 1 M NaOH at 50 C with gentle mixing for
10 min [73].
A comparison of chemical digestion and solvent
extraction suggest the latter to afford a greater purity of the
PHA product, but if the cells contain a high level of PHA
(e.g. [80 % (w/w) of cell mass) digestion with chemicals
may give as high a purity as solvent extraction [72]. A
case-based evaluation is always necessary in selecting a
preferred recovery method.
Enzymatic digestion of Pseudomonas putida cells to
recover mcl-PHA with a purity of nearly 93 % was
reported by Kathiraser et al. [74]. Solvent extraction gave a
product of a somewhat higher purity (*96 % pure). The
recovery of mcl-PHA from P. putida cells by combined
enzymatic-chemical digestion has been reported [75].
Alcalase and lysozyme enzymes were effective in digesting
the cellular material. Chemicals such as sodium dode-
cylsulfate (SDS) and ethylenediamine tetra-acetic acid
(EDTA) helped in solubilizing the non-PHA materials.
This combined treatment allowed nearly 90 % of the PHA
to be recovered with a purity of nearly 93 % [75]. Enzymes
in general may be too expensive for use in a large-scale
extraction process. Some enzymes may digest the PHA
polymer [74]. Also, cell wall digesting enzymes tend to the
microorganism specific [58]; therefore, a case-based eval-
uation is necessary.
Combinations of enzymatic and mechanical cell dis-
ruption treatments have also been used for recovering the
intracellular PHAs [76]. Bacteria contain a significant
proportion of their biomass as DNA, a jelly-like polymer,
and disruption of the cells releases this DNA in the cell
homogenate. Therefore, the homogenate can be quite
viscous and difficult to process. Thus, enzymes such as
benzonase (a commercial nuclease) may need to be added,
for example at a concentration of 10 lL/L cell broth at pH
10, to reduce viscosity by digesting DNA and ease pro-
cessing through certain mechanical cell disruption devices
[76]. In some cases, the PHA pellet recovered from the
digested cells has been further treated with ozone or per-
oxide to remove contaminants [76].
Supercritical fluids have attracted attention for PHA
recovery [64, 77–79] (Table 2). Of particular interest is
supercritical CO2 as it is inexpensive, readily available,
does not leave behind a toxic residue, has a low reactivity,
is nonflammable and has a moderate critical temperature
(31 C) and pressure (7.29 MPa). Supercritical fluids have
been used to extract nearly 90 % of the PHA in the biomass
at purities ranging from 86 to 99 % [64, 79] (Table 2). A
variety of other relatively less used methods of recovering
PHA exist [64].
PHA Production in Genetically Modified Plants
Cost of the carbon source is a substantial contributor to the
cost of producing PHAs by microbial processes [80].
Furthermore, recovering the microbial biomass from the
fermentation broth and further processing to extract the
PHA are expensive. A potentially cheaper production
option is to use atmospheric carbon dioxide and sunlight to
produce PHAs in genetically modified plants [9, 81, 82].
Plants are easily harvested and a large amount of water
does not need to be removed from plant biomass for
extracting PHAs. Plant platforms for producing PHA have
been extensively reviewed [80, 83, 84]. Some recent
studies on PHA biosynthesis in plants are summarized in
Table 3.
Synthesis of PHB in genetically modified tobacco plant
(Nicotiana tabacum) has been reported [85]. The plant had
been transformed with a plasmid construct containing
genes from Acinetobacter sp. and Bacillus megaterium to
code the enzymes required for PHA synthesis. The modi-
fied tobacco produced between 17 and 19 % (w/w) PHB in
leaf tissue and nearly 9 % in the total plant biomass.
Matsumoto et al. [86] used the codon optimization
method to improve expression of PHA in tobacco inserted
with the PHA synthesis genes of R. eutropha. The codon-
optimization of phaB gene resulted in a two-fold increase
in PHB content of the plant tissue compared to the case for
the non-optimized gene (Table 3) [86]. In contrast, the
codon-optimization of phaC gene had no significant effect
on PHB accumulation [86]. This led to the conclusion that
phaB gene product had a rate determining influence on
PHB production in tobacco leaves [86].
Ariffin et al. [81] reported the transfection of immature
palm oil seedlings with Agrobacterium tumefaciens carrying
pRMIN and pLMIN plasmids harboring the various PHA
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synthesis genes. Nearly 90 % of the transfected calli were
successfully transformed (Table 3). A PHB yield of 3.7 % of
leaf dry weight and 1.2 % of stalk dry weight has been
reported for production in genetically engineered switch-
grass Panicum virgatum L harboring genes of Ralstonia
eutropha and a hybrid gene construct from Pseudomonas
oleovorans/Zoogloea ramigera [87] (Table 3).
A high level of PHB expression in plants causes chlo-
rosis, a condition characterized by a reduced chlorophyll
production, consequently reduced production of carbohy-
drate and reduced plant growth [80]. This problem may be
alleviated by delaying the synthesis of PHB until the
photosynthetic tissues of the plant are well developed. This
may be achieved, for example, by using a chemically
induced gene-switch ([88]. The gene switching approach
has been demonstrated in Arabidopsis thaliana [88]. With
this approach, a PHB level of around 14 % (w/w) was
obtained in younger leaves and 7 % in older ones [89]
(Table 3).
Gene switching is not the only strategy for reducing or
overcoming chlorosis. An alternative approach is to pro-
duce PHA within the plant peroxisomes [11]. Peroxisomal
production of PHA has been reported in A. thaliana and
Saccarum sp. (sugarcane) using R. eutropha genes [11].
PHB yields of 1.6 % (w/w) and 1.8 % (w/w) based on dry
biomass were obtained in sugarcane leaves and A. thaliana
seedlings, respectively (Table 3). Although, peroxisomes
were the targeted production sites, in sugarcane PHB
accumulated throughout most of the leaf cell including in
the peroxisomes and the vacuoles.
Table 3 PHA biosynthesis in plants
Plant PHA genes Product Yield References
Nicotiana tabacum Acinetobacter sp. thiolase
(phaA), synthase
(phaC)
17.3–18.8 % DW in leaf
tissues
[9]
Nicotiana tabacum Bacillus megaterium
reductase (phaB)
8.8 % DW in total plant
biomass
[85]
Elaeis guineensis bktB, phaB, phaC and
tdcB
About 91.2 % PHB GUS
positive test
transformation
[81]
Panicum virgatum L phaA, phaB of R.
eutropha hybrid phaC
P. oleovorans/Zoogloea
ramigera
3.72 % DW in leaves and
1.23 % DW from stalk
and sprouts
[87]
Arabidopsis thaliana phaA, phaB, phaC 14.3 % (w/w) PHB in
younger leaves; 7 % (w/
w) PHB in older ones
[88]
Nicotiana tabacum R. eutropa phaA, phaB,
phaC
2 mg g-1 DW [86]
A. thaliana, Saccarum sp. R. eutropa phaA, phaB,
phaC
1.6–1.8 % in the leaves [11]
DW dry weight
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Enzymatic Synthesis of PHA In Vitro
Enzyme catalyzed synthesis of PHAs in vitro without
involving any microorganisms is an alternative production
method [21]. Enzymatic syntheses are generally highly
stereoselective, chemoselectvie, regioselective and enan-
tioselective. This ensures a well-defined structure of the
synthesized polymer. Furthermore, enzyme catalyzed
reactions typically occur under ambient reaction conditions
and the separation of the polymer from the reaction mixture
is straightforward.
PHA polymers can be produced in vitro from a wide
range of substrates including cyclic lactones and carbon-
ates (Table 4). PHAs such as poly-3-hydroxypropionate,
poly-4-hydroxybutyrate and poly-6-hydroxyhexanoate
have been produced this way. Enzymes used in PHA
synthesis include cutinases [20], oxidoreductases [90–92]
and hydrolases, especially the serine hydrolases such as
lipase (EC 3.1.1.3) [20, 93]. Lipases function as hydrolases
in aqueous media to hydrolyze ester bonds [94]; however,
in microaqeuous media, lipases can catalyze the formation
of ester bonds (Fig. 2). Immobilized lipase B of Candida
antarctica has proved to be especially effective in pro-
duction of PHAs via ring opening polymerization of cyclic
lactones [91, 95, 96].
Cutinase of the soft-rot fungus Humicola insolens has
been used to catalyze polycondensations and ring-opening
polymerizations of lactones [97]. The optimal activity
temperature for this enzyme was 70 C. The enzyme,
immobilized on beads of an ion exchange resin, catalyzed
the ring-opening polymerization of both e-caprolactone
(PCL) and x-pentadecalactone (PDL) in toluene to poly
(e-caprolactone) and poly(x-pentadecalactone), respec-
tively [97]. Polymerization did not occur if the monomers
were changed to (R,S)-b-butyrolactone and L-lactide. In
ring-opening polymerization of e-caprolactone at 70 C, a
monomer conversion of nearly 99 % was achieved
(Table 4). The number averaged molecular weight and the
polydispersity index of the product depended on whether
the polymerization occurred in toluene or in the bulk
substrate as the solvent [97].
Using x-pentadecalactone monomer in toluene, a
polymer with a high molecular weight of 44,600 Da could
be produced [97]. Lactones with 7- and 16-carbon rings
were found to be good monomers for ring-opening poly-
merization with the immobilized cutinase of H. insolens
[97]. The enzyme also catalyzed polycondensation of diols
and diacids with good activity depending on the chain
length of the substrate [97].
Feder and Gross [98] explored the chain length selec-
tivity of H. insolens cutinase immobilized on Amberzyme
oxirane resin, in polycondensation of x-hydroxyalkanoic
acids having 6, 10, 12 and 16 carbons. The catalytic
activity increased as the chain length increased from C12 to
C16. No polymerization occurred with C6 and C10 sub-
strates. The C16 substrate could be polymerized to a
product with a number averaged molecular weight of
40,400 Da. Using the C16 substrate and immobilized
C. antarctica lipase B (Novozym 435) as the catalyst, the
polymer produced had a number averaged molecular
weight of only 25,500 Da [98]. The lipase catalyzed the
polymerization of the C12 substrate as effectively as it did
that of the C16 substrate, but had no polymerization
activity with the C6 substrate [98].
Advances in enzyme catalysis have made possible the
production of functionalized PHAs without the need for
protection/deprotection of the functional group during the
polymerization reaction. Takwa et al. [99] reported the
synthesis of x-functionalized polypentadecalctone con-
taining dithiol, thiol acrylate, diacrylate or dimethacrylate
end groups. A single-step solvent-free lipase catalyzed
polymerization process was used (Table 4). Two approa-
ches were explored for the synthesis. In the first approach,
a difuntionalized polymer with dithiol or thiolacrylate
end groups was obtained by mixing the lipase, the lac-
tone and an equimolar mixture of the functional initiator
(6-mercapto-1-hexanol) and terminator (11-mercapto-1-
undecanoic acid or vinyl acrylate). This way, about 96 %
of the polymer was functionalized with dithiol or thiol-
methacrylate end groups. In the second approach, a func-
tional diester (ethylene glycol diacrylate or ethylene glycol
dimethacrylate) was mixed with lactone and non-
dehydrated lipase, allowing the enzymatic water content to
serve as initiator. After 2 h of reaction, the pressure was
reduced to evaporate the accumulated water so that the
reaction could be driven further towards polymerization.
This way, more than 96 % of the polymer product could be
functionalized with diacrylate or dimethacrylate end
groups.
Lipase-catalyzed synthesis of functionalized poly-
x-pentadecalactone-co-butylene-co-carbonate has been
reported [19]. A two-stage synthesis was used (Table 4). In
the first stage, oligomerization was carried out under a low
vacuum (600 mmHg, 18 h, 80 C). This was followed by
the second stage in which polymerization occurred under a
high vacuum (2.4 mmHg, 48 h, 80 C). The copolymer
yield from the monomers was nearly 92 % and the product
had a high molecular weight of nearly 33,000 Da. The
composition of the copolymer could be influence by
varying the ratio of the monomers in the feed [19].
Lipase catalyzed synthesis of a copolymer made of
3-hydroxybutyric acid (3HA) and D-glucono-d-lactone
monomers, has been reported [100] (Table 4). Of the
several lipases tested for this reaction, the Novozym 435
lipase B from Candida antarctica proved to be the best.
The reaction was carried out at 80 C and did not require a
J Polym Environ (2013) 21:580–605 589
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prior derivatization of the monomers. The composition of
the product was strongly influenced by the nature of the
reaction medium: using a blended tert-butanol/dimethyl-
sulfoxide solvent or a medium of the ionic liquid
[Bmim]PF6, around 99 % of the 3HA monomer was con-
verted to product. However, the same reaction carried out
in the bulk substrate (i.e., without any solvent) resulted in
an almost 1.5 fold reduced conversion of the 3HA mono-
mer [100]. The product had a low molecular weight
(B470 Da) and this was attributed to a poor specificity of
the lipase towards 3-hydroxybutyric acid [100].
Controlling the concentration of the initiator in the reac-
tion medium in an enzyme catalyzed polymerization can
provide some control over the molecular weight of the
polymer formed [101]. For example, in the absence of water
(an initiator), the polymer formed tends to have a high
molecular weight, but the molecular weight is reduced as the
concentration of water in the solvent increases. The use of
specific initiators may allow an improved tailoring of the
polymerization with a better defined outcome in molecular
weight and improved fidelity in the terminating end.
Lipases and cutinases are not the only enzymes capable
of polymerizing substrates in vitro. Purified PHA synthase
has been shown to polymerize substrates in vitro [102].
Using class II PHA synthase (PhaC1Pp) from Pseudomonas
putida and class III PHA synthase (PhaECAv) from Allo-
chromatium vinosum, polyhydroxyalkanoates could be
synthesized on a hydrophobic support of highly oriented
pyrolytic graphite (HOPG) [102]. A poly-3-hydroxyoct-
anoate film of a few nanometers thickness was formed on
the HOPG support when PhaC1Pp and 3-hydroxyocta-
noyl-CoA were used. Using the synthase PhaECAv and
3-hydroxybutyryl-CoA, a homogenous poly-3-hydroxybu-
tyrate was formed on the support. This technology provides
a method of forming an ultra-thin PHA film on a hydro-
phobic support and may have other industrial applications
in surface-coatings.
Although enzyme-mediated in vitro polymerization has
important advantages, problems remain. Hazardous organic
solvents are generally required for achieving high activity
with enzymes such as lipases [18, 103]. Also, as polymeri-
zation progresses, the concentration of the dissolved polymer
increases and so does the viscosity of medium. This imposes
diffusion limitations and leads to a polymer with a charac-
teristically low molecular weight [15]. In vitro polymeriza-
tion with enzymes may be improved by some of the following
approaches: (1) microwave irradiation of the reaction mixture
[23, 104, 105]; (2) ultrasonic irradiation [96]; (3) replacement
of conventional organic solvents with supercritical fluids
[106–108] and ionic liquids [104, 109, 110]; (4) use of
co-solvent blends [18]; and (5) the use of continuous flow
microreactors [111]. In addition, enzyme catalysts them-
selves may be improved, for example, through molecularT
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engineering [112, 113], modification of immobilization
methods [114] and co-lyophilization with non-buffer salts.
Functionalized linear hyperbranched polymers have been
produced in supercritical fluids from lactones using lipase-
catalyzed synthesis [115]. Supercritical CO2 (scCO2), the
bulk substrates (i.e., lactones) and 1,1,1,2-tetrafluoroethane
(R-134a) were compared as media for this reaction. Poly-
merization occurred in both solvents, but was faster in
supercritical carbon dioxide. The maximum yield in scCO2
was 89.4 % at 120 h compared to 71.2 % in R-134a and
70.4 % in the bulk substrate. Beyond 120 h of reaction, the
yield began to decline in both solvents, but particularly
strongly in scCO2 [115]. This was attributed to polymer
degradation presumably through hydrolysis.
Enzyme-catalyzed polymerization in a continuous flow
microreactor has been reported [111]. The reactor was
configured to provide a high catalyst surface area compared
to the reactor volume, to improve contact of the substrate
with the immobilized enzyme and mass transfer was
enhanced through flow. The reaction medium was toluene
and the catalyst was Novozym 435 lipase. The reaction
occurred at 70 C. A monomer conversion of [90 % was
achieved in less than 5 min in the microreactor whereas a
batch process took 30 min to attain a monomer conversion
of about 70 % [111].
Molecular modeling techniques have been used to design a
mutant lipase of Candida antarctica with a 90-fold increased
activity relative to the wild-type enzyme during ring-opening
polymerization of D,D-lactide [113]. Simulations of molecular
dynamics were used to identify steric hindrances preventing
effective catalysis at the active site of the native enzyme. Site-
specific mutagenesis was then used to delete three amino acids
at the entrance of the enzyme’s active site. This modification
caused the aforementioned increase in enzyme activity rela-
tive to the wild-type enzyme and improved monomer con-
version. Similar approaches have been used to improve the
performance of Rhizomucor miehei lipase [116]
A thermophilic lipase from Fervidobacterium nodosum
has been reported to catalyze the ring opening polymeriza-
tion of e-caprolactone [38]. This enzyme had optimal activity
at 90 C compared to an optimum temperature of 60 C for
most other lipases. The thermophilic enzyme achieved a near
100 % conversion of the monomer and yielded a product
with a number averaged molecular weight of 2,340 Da. The
F. nodosum lipase (FNL) had a higher affinity towards
e-caprolactone monomer compared to the commonly used
Candida antarctica lipase B (CALB). However, in ring-
opening polymerization of e-caprolactone, the specificity
and selectivity of FNL were far below those of CALB [38].
A naturally occurring alkaline lipase isolated from Aci-
netobacter sp. has been reported to be stable in a variety of
solvents (ethanol, methanol, isopropyl alcohol, dimethyl-
formamide, dimethylsulfoxide, n-hexane, acetone), retain-
ing 80 % of its initial activity after 90 min at pH 10 and
50 C [112].
The selectivity of Novozym 435 in ring-opening poly-
merization of lactones has been found to depend on the
conformation of the substrate: in cisoid lactones, the
Fig. 2 Substrate–enzyme interaction at the active site during enzyme-catalyzed ring opening polymerization
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enzyme shows S-selectivity whereas in transoid lactones it
has a pronounced R-selectivity. Iterative tandem catalysis
has been used to polymerize 6-methyl-e-caprolactone
[117]. In iterative tandem catalysis, two different catalysts
work together to accomplish polymer propagation. For
example, combining Novozym 435 with a racemiza-
tion catalyst results in turning the unreactive terminal
alcohols with an S-configuration into reactive ones with
an R-configuration that can be propagated. Using this
approach, a racemic monomer could be quantitatively
converted into a homochiral polymer [117]. In vitro pro-
duction of PHAs has been further reviewed [21].
Chemo-Biosynthesis
Chemical, morphological and physical properties of poly-
mers can be usefully modified by functionalization with
different structural and chemical motifs. Synthesis of novel
functionalized polymers has been shown to be possible by
using a combination of chemical and enzymatic processes
[91, 118].
Synthesis of symmetric quintuplet CBABC-type penta-
block copolymers has been achieved with a combination of
lipase catalysis and atom transfer radical polymerization
(ATRP) [118]. The lipase Novozym 435 and e-caprol-
actone were used in a first step to produce a tri-block
copolymer of di-hydroxyl terminated polycaprolactone
block polyethylene oxide (PCL-b-PEO-b-PCL) using the
terminal hydroxyl of di-hydroxyl-capped polyethylene
oxide (PEO) as initiator (Fig. 3). Further chemical esteri-
fication of this tri-block copolymer with a-bromopropionyl
bromide in the presence of dichloromethane gave bromine
ended tri-block microinitiator that accepted ATRP of
styrene in the presence of copper (I) chloride and 2,
20-bipyridine, forming quintuplate pentablock copolymer
(PSt-b-PCL-b-PEO-b-PCL-b-PSt). The number averaged
molecular weight of this product was around 38,900 Da.
The polymer was capable of assuming different self
assembled aggregate morphologies in aqueous media.
Similar synthetic processes have been reported for
H-shaped block copolymers (Fig. 4) [119] and a Y-shaped
ABA2-type tri-block copolymer (Fig. 5) [120]. Chemo-
enzymatic synthesis of biodegradable PHA copolymers
with an excellent-shape memory has been reported [121].
Most of the copolymerization processes require two
consecutive steps. After the formation of the first block, an
intermediate transformation step is used to convert the end-
groups of the block into active micro-initiators for the next
block. An alternative one-pot cascade synthesis has been
reported for making block copolymers using a bifunctional
initiator to allow consecutive polymerization without the
need for intermediate transformation steps [122]. However,
the one-pot cascade approach does present major
challenges in production of copolymers with a high
molecular weight [120, 122].
Tajima et al. [123] reported a chemo-enzymatic syn-
thesis of poly-lactate-co-3-hydroxybutyrate in a water–
organic solvent two-phase reaction system (Fig. 6).
Chemically synthesized thiophenyl (R)-lactate [(R)-LATP]
and thiophenyl (R)-3-hydroxylbutyrate [(R)-3HBTP] were
used as substrate precursors to first produce hydroxyal-
kanoylCoA (HACoA) by the ester exchange reaction
between the thiophenyl alkanoate and CoA. Then an
engineered lactate-polymerizing PHA synthase was used
to polymerize the hydroxyalkanoyl-CoA (HACoA) to
PHA. This resulted in a copolymer with a number aver-
aged molecular weight of 11,000 Da and a polydispersity
index of 1.4. The ratio of the monomers in the copolymer
could be controlled by varying the molar ratio of (R)-
LATP and (R)-3HBTP fed to the process. Other similar
schemes involving a two-phase reaction system have been
reported [124].
Functionalized Biopolymers
Biodegradable polymers are continuously finding applica-
tions in numerous fields especially biomedical. However,
most of the synthesized biopolymers lack biological stim-
ulus found in either intra or extra cellular matrix, thus
specialized biopolymers are needed to be applied for this
purpose. Recent advances in biopolymer engineering
resulted in significant efforts towards the synthesis of
biopolymers with specific functional groups capable of
coupling bioactive ligands (Table 5). For example, stimuli
responsive biopolymers having an ability to mimic the
cellular response process were reported [125–127]. It is not
surprising that these biopolymers have attracted much
attention recently due to their ability to respond to specific
changes in basic environmental stimuli such as temperature
[128], pH [129–131], photo [132] and eletro [133] stimuli
while others were reported to respond to multiple stimuli
[134]. Recently, a thermo-sensitive triblock of PLA-
b-PNIPAAm-b-PLA having low critical solution tempera-
ture (LSCT) of 31.15–32.62 C has been reported [128]. It
has been reported that the thermal stimuli of these poly-
mers to have arisen as a result of the hydrophobic inter-
actions among PNIPAAm molecular chains, the
intermolecular hydrogen bonding between the PNIPAAm
chains, water molecules, and the intramolecular hydrogen
bonding between the –CONH2 groups [125]. Poly-
3-hydroxybutyrate macro initiator was used in ATRP to
initiate the synthesis of a novel thermo sensitive amphi-
philic triblock hydrophobic PHB flanks by hydrophilic
PNIPAAm (Table 5) [135]. Zhu et al. [136] reported the
synthesis of polycaprolactone based temperature sensitive
592 J Polym Environ (2013) 21:580–605
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polymer (PNIPAM-b-(HEMA-PCL)) using PNIPAAm as
the macroinitiator in RAFT polymerization process. Dif-
ferences in cellular pH have been utilized in designing
novel drug delivery devices (Table 5). For instance, Bawa
et al. [130] reported the general blood and tissue pH to be
about 7.4 while in carcinogenic cells the pH was found to
be about 1.0. Yin et al. [137] recently observed the phys-
ico-chemical characteristics of pH sensitive PHF-b-PEG
micelles (Table 5). The researchers reported that the pKa
value of the copolymer can generally be controlled by
changing the ratio of the amino acid residue to that of the
lactide and ethylene glycol. Taking these biopolymers as
drug delivery devices for example, differences in stomach
acidic pH to that of intestinal basic pH could determine
their target site for delivering the drug. Thus, serve as pH
dependent specific delivery devices. Despite their poor
biodegradability, poor polymer-cellular interaction and low
solubility in most organic solvents; electro conductive
polymers were reported to be used as scaffold in nerve
regeneration culture and other biomedical fields [138]. Wei
et al. [139] reported the synthesis of specialty polymer with
enhanced PC-12 cellular attachment and differentiation
using a film of PANi funtionalized with bioactive laminin-
derived adhesion peptide. Plant bioactive coumarin is
reported to be used as photoinduced cross linker in the
synthesis of photosensitive polymers [140]. Coumarin
encapped PCL-co-TMC were use as photocurable
precursors in biomedical devices fabrication and drug
encapsulation devices [125, 141]. Polyethyleneglycole
functionalized gadolinium ion (Gd3?) has been reported to
be used as in vivo paramagnetic probe for magnetic reso-
nance imaging [142].
Sugars such as galactose and mannose were reported to be
specific ligands to the ASGPR receptor, which is overex-
pressed in hepatocellular carcinoma [143]. Jiang et al. [144]
observed the solution behavior of PCL functionalized
hydroxyethyl cellulose (HEC). Previously, Lu et al. [145]
reported the synthesis of poly(10-O-vinyladipoyl-sucrose) in
chemo-enzymatic process resulting in polymer with molec-
ular weight as high as 53 kDa having improved solvation
properties that can be explored as promising biomaterial. In
general, polymer functionalization has resulted in recent
increasing demand of biodegrabable polymers in diverse
industrial applications. Functionalization of polymer has
opened a new avenue for the production of novel polymers
with specific application that were not possible earlier.
Applications of Polyhydroxyalkanoates
Biomedical Applications
PHAs have attracted much attention as materials for bio-
degradable implants in biomedical and tissue engineering
applications. Specifically, PHB has been reported to be
biocompatible with various kinds of cells [146] (Table 6).
Use of PHAs as drug delivery systems (Table 6) for
prolonged release of therapeutics into systemic circulation
is receiving attention [147]. Polyhydroxyesters such as
block copolymer of PEG-b-PCL in the form of micelles
and nanoparticles have been used for parenteral delivery of
taxanes [148] (Table 6). A matrix of nanoparticles of poly-
3-hydroxybutyrate-co-3-hydroxyhexanoate (PHBHHx) has
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been used to deliver antineoplastic agents to cancer cells
[149] (Table 6). PHB nanoparticles functionalized with a
tumor-specific ligand have been examined for specifically
targeting certain breast cancer cells [150]. The non-
steroidal anti-inflammatory drug ibuprofen has been con-
jugated to nontoxic oligo(3-hydroxybutyrate), in attempts
to improve drug delivery but this novel formulation
remains to be thoroughly assessed [151].
Poly-3-hydroxybutyrate microsphere have been tested in
vitro for releasing the antibiotics gentamycin and tetracy-
cline [152]. Multifunctional PHB/45S5Bioglass composite
system has been discussed as drug delivery agents and for
use in certain bone tissue engineering applications [152].
Polycaprolactone (PCL) tends to be highly permeable
and this is an attractive feature in some drug delivery
applications. Use of PCL in certain drug delivery appli-
cations has been approved by the US Food and Drug
Administration [146]. PCL degrades slowly (2–4 years) in
vivo and is therefore useful for developing drug release
implants for long-term use [153].
Silver nanoparticles have attracted much attention
because of their antibacterial properties [154–156], but
slurries of such particles tend to be unstable. Use of
polyhydroxyalkanoates in prolonging stability of such
slurries has been reported [157].
Poly-3-hydroxybutyrate-co-3-hydroxyhexanoate scaf-
folds have been evaluated for use in eyelid reconstruction
in experimental animals [158] (Table 6). Although the
scaffold performed satisfactorily, it produced some
inflammation that took about 2 weeks to clear. Poly-
3-hydroxybutyrate-co-3-hydroxyhexanoate was found to
induce cartilage development from mouse mesenchymal
stem cells and preserve the chondrocytic phenotype of the
cells [159] (Table 6).
Fig. 4 Chemo-enzymatic synthesis of H-shaped block copolymer. Adapted from [119]
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Fig. 5 Chemo-enzymatic synthesis of Y-shaped block copolymer. Adapted from [120]
Fig. 6 Chemo-enzymatic
synthesis of polylactate-
co-3-hydroxybutyrate in a
two-phase reaction system.
Adapted from [123]
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The use of a terpolyester of 3-hydroxybutyrate-
b-3-hydroxyvalerate-b-3-hydroxyhexanoate (PHBVHHx)
as scaffold for promoting differentiation of human bone
marrow mesenchymal stem cell into nerve cells (Table 6)
has been reported [160]. PHBVHHx scaffolds with a pore
size of 30–60 lm were found to be best.
PCL reinforced with phosphate glass fibers has been
used to make fixation pins for intramedullary fractures,
craniofacial repairs and general bone repair [146]. PCL
can be modified in various ways to improve mechan-
ical strength and alter properties such as degradability,
compatibility, hydrophilicity and crystallinity. For exam-
ple, poly-e-caprolactone functionalized polyethylene
glycol copolymer has been reported to have a strong
amphiphilicity, a controlled biodegradability and excellent
biocompatability.
PCL blended with poly-glycerol sebacate has been used
as a fibrous scaffold for aortic valve regeneration [161].
Use of both PCL and PHA has been reported as substrates
for cardiovascular tissue engineering [162] (Table 6). The
diverse biomedical applications of PCL have been further
reviewed by others [163, 164]. Among the various other
biomedical applications, PHA is being used in tablet for-
mulations [165, 166], surgical sutures [39], wound dress-
ings [167, 168], surgical implants to join tubular body parts
[169, 170], controlled release contraceptive devices [171–
173], lubricating powders, blood vessels, tissue scaffolds,
and bone fracture fixation plates [39, 174–177]. Of these
Table 5 Functionalized biopolymers
Functionalized character Polymer Application References
Temperature responsive Drug delivery device [128]
Drug delivery device [135]
pH responsive Drug delivery device [137]
Specific binding Drug delivery device [144]
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applications, surgical sutures constitute perhaps the largest
use category with a 2010 market value exceeding US$1.3
billion annually [178].
Industrial Applications
In addition to their biomedical applications, PHAs can
potentially replace petrochemicals-based plastics in diverse
other applications (Table 6).
A recently suggested application is the use of PHAs as
precursors of biofuels. Like bioethanol from sugars, PHAs
can be made into renewable biofuels. Hydrolysis of PHAs
followed by methyl esterification provides 3-hydroxyalk-
anoates methyl esters with an energy content that is com-
parable to that of bioethanol [53, 179, 180]. Whether
hydroxyalkanoate esters would be as cheap as bioethanol in
fuel blends is debatable. This is because in making a PHA-
based fuel, a carbon source first needs to be polymerized,
the polymer then needs to be hydrolyzed and a subsequent
methylation step is required. In contrast, glucose and other
sugars can be directly fermented to bioethanol.
Polyhydroxyalkanoate latexes have been used in the
paper industry for surface coating of paper and as sizing
agents [181] (Table 6). PHB has had limited applications in
packaging because of its high glass transition temperature
which results in brittleness under typical use conditions.
PHB’s utility in packaging has been improved by copoly-
merizing with various levels (5–20 %) of valerate to pro-
duce PHBV polymers with glass transition temperatures of
4 C at 5 % and 1 C at 20 % valerate content [182]
(Table 6). Novel polymeric materials for food packaging
consisting of PCL blends have been developed [183]. They
have been reported to have an excellent durability and a
remarkable tensile strength [183] (Table 6). Uses of PHAs
in the food industry have been discussed elsewhere
[184, 185].
PHAs appear to be potentially useful in controlling
bacterial pathogens in certain aquaculture applications
[186–188]. For example, administration in the feed of
1,000 mg L-1 of PHB particles of an average diameter
of 30 lm, or addition of inactivated cells (107 cells mL-1)
of PHB-containing Brachymonas bacteria (equivalent to
*10 mg L-1 PHB) to the culture water of brine shrimp
(Artemia nauplii) larvae, conferred a complete protection
from a virulent strain of the intestinal pathogen Vibrio
campbellii [187]. Other similar reports have claimed an
inhibitory effect of PHB on certain gut microflora of the
giant freshwater prawn (Macrobrachium rosenbergii) lar-
vae [188]. Administration of PHB (5 g L-1) in the feed
significantly increased the survival of the prawn larvae and
improved their development. The total bacterial counts and
Vibrio spp. counts were significantly reduced in PHB-fed
larvae compared to the control larvae.
Polyhydroxyalkanoates have been used as controlled
release agents for herbicides in agricultural. Controlled
release potentially reduces the impact of the herbicides on
nontarget species and reduces the need for repeated
applications [189]. Micro- and nanoparticles of PHB and
PHBV were used in a controlled release formulation of the
herbicide ametryn [189] (Table 6). PHB has been suc-
cessfully tested for removing lipid-soluble organic pollu-
tants from water by adsorption [190] (Table 6).
Concluding Remarks
PHAs are versatile biopolymers with diverse applications.
PHAs are biodegradable and they may be produced in a
sustainable way using renewable feedstocks. PHAs can be
produced in vitro using enzymes without involving micro-
bial cells. Alternatively, they may be produced by microbial
fermentation processes and using recombinant plants. Pro-
duction of PHAs using microorganisms and enzymes
remains relatively expensive compared to plastics derived
from petroleum. Production in plants is likely to establish
itself as the least expensive option for certain PHAs, but does
not currently offer the molecular versatility of the products
that can be made using microbial fermentations and
enzymes. In view of their relatively high cost, PHAs are
likely to be used first in high-value niche applications, par-
ticularly in biomedicine, but their broader industrial use will
increase as the cost of production declines.
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a  b  s  t  r  a  c  t
This  review  is  concerned  with  lipase  catalyzed  synthesis  of sugar  fatty  acid esters  in water  immiscible
organic  solvents.  Sugar  esters  are  widely  used  nonionic  and  nontoxic  biosurfactants.  Certain  sugar  esters
inhibit microbial  growth  and  have  other  activities.  Lipase  mediated  synthesis  has  important  advantages
over  conventional  chemical  synthesis  of  sugar  esters.  Lipase  catalyzed  synthesis  is  typically  carried  out
in organic  solvents  having  a low  water  activity  to drive  the reaction  towards  synthesis  instead  of towards
ester  hydrolysis.  The  impact  of  the  various  reaction  conditions  on  enzymatic  synthesis  of  sugar  esterseywords:
ugar esters
steriﬁcation
urfactants
ipase
in nonaqueous  media  is discussed.  Considered  in particular  are  the  solvent  effects;  the  effects  of  water
activity;  the  inﬂuence  of  the nature  and  concentration  of the reactants  (sugars  and  fatty  acids);  the
inﬂuence  of  temperature;  and  the  effects  associated  with  the speciﬁc  nature  of  the  lipase  catalyst  used.
© 2011  Elsevier  Ltd.  All  rights  reserved.
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. Introduction
The review is focused on the use of lipases for the synthesis
f sugar esters. Sugar fatty acid esters (SFAEs) are produced by an
steriﬁcation reaction between a sugar (Cn(H2O)n) and a fatty acid
RCO2H) as shown below:
n(H2O)n + RCO2H
Lipase←→Cn(H2O)n−1(OCOR) + H2O
SFAEs are tasteless and odorless nonionic surfactants. They
are insecticidal and miticidal [7]. Various other functional and bio-
logical properties have been associated with them [1,8].
Sugar fatty acid esters can be produced by nonenzymatic chem-
ical routes [5,9,10]. The chemical routes require more energy than
the enzymatic route and have a low selectivity [6].  In addition,
the combination of high temperature and alkaline catalyst used
in chemical processes, causes discoloration of the product and the
formation of toxic byproducts [6].  Some of the byproducts arere biodegradable, nontoxic and nonirritant. These properties and
heir antimicrobial activity have made them attractive for use in
oods, pharmaceuticals and cosmetics [1–6]. Certain sugar esters
∗ Corresponding author. Tel.: +60 6 03 7967 4003; fax: +60 6 03 7967 4178.
E-mail addresses: sufﬁan annuar@um.edu.my, sufﬁan annuar@yahoo.com
M.S.M. Annuar).
359-5113/$ – see front matter © 2011 Elsevier Ltd. All rights reserved.
oi:10.1016/j.procbio.2011.07.021allergenic and possibly carcinogenic [10]. As a consequence, lipase
catalyzed synthesis is the preferred option for producing sugar fatty
acid esters.
Extensive literature exists on lipase mediated synthesis of sugar
fatty acid esters [1,2,11–14],  but important aspects of this reaction
remain to be clariﬁed. For example, why  certain combinations of
solvents favor synthesis, the effect of the fatty acid chain length on
the reaction and the maximum water activity within the reaction
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ixture at which the equilibrium shifts from synthesis to hydrol-
sis. This review discusses these aspects of enzymatic synthesis
f SFAE. A brief overview is provided of the relevant lipases. The
ffects of temperature, solvents and water activity are discussed.
he effects of the structures of the reactants involved on the rate
nd other attributes of the reaction are considered. Guidelines are
rovided for the lipase-mediated synthesis of SFAE.
. Lipases
Lipases (triacyl glycerol hydrolases, EC 3.1.1.3) are widely used
n organic syntheses in the production of specialty chemicals and
olymeric materials (Table 1) [1,2,10,12–19].  Lipases typically cat-
lyze the hydrolysis of lipids in aqueous media, but this equilibrium
eaction shifts towards synthesis, or esteriﬁcation, in nonaqueous
olvents in the presence of a sparing amount of water. A certain
mount of water is essential for hydration of the enzyme even
hough water is not required for the synthesis of SFAE.
The catalytic activity and stability of lipases depend on their
hree dimensional conformation. The hydration state of the enzyme
nﬂuences its activity and stability. The active site of the enzyme
nvolves a movable lid-region [20,21].  The enzyme is active only
t the interface between a hydrophobic solvent and an aqueous
edium as this interaction is associated with the opening of the lid
22–24].  Different lipases differ in structure, including the struc-
ure of the lid region [21]. Differences in the structure of lid region
ffect lipase activity, regioselectivity and stereoselectivity (Fig. 1)
21,30]. Rational design of lipases has been shown to enhance
heir enantioselectivity [25], and the use of such engineered lipases
n synthesis may  have advantages. Speciﬁcally engineered lipases
ave been shown to have greatly enhanced speciﬁcity towards
ranched chain fatty acids [26], for example. Simple chemical mod-
ﬁcation of lipases can sometimes improve their activity, speciﬁcity
nd selectivity [27–29].  For instance, the use of a detergent-
odiﬁed lipase powder afforded much greater yields of several
FAE compared to the use of the untreated powder of the same
ipase [27].
In synthesis of SFAE, lipases are almost always used in an immo-
ilized form, typically attached to porous beads of a plastic material.
ncreasing concentration of lipase in the reaction mixture is known
o enhance the rate of the initial reaction, but too high a concentra-
ion of the immobilized enzyme makes mixing of the reaction slurry
ifﬁcult. This reduces the reaction rate by adversely affecting mass
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transfer [30]. Therefore using excessive enzyme is expensive and
counterproductive.
Most of the lipases used in ester synthesis in nonaqueous media
appear to be of microbial origin [20,31,32].  Lipases from Can-
dida antarctica,  Candida rugosa,  Candida cylindracea, Rhizomucor
miehei, Bacillus subtilis,  and Bacillus licheniformis are commonly
used. Porcine pancreatic lipase is also frequently used. Lipases
and their action have been previously reviewed [20,33–36]. Pro-
duction of microbial lipases has been discussed [20,31,32,37] and
characteristics of speciﬁc microbial lipases have received some
attention [23,24,32–34,38–40].  Methods for detecting and charac-
terizing lipases have been discussed by others [20,41].
3. The reactants
Sugars and fatty acids are the substrates involved in the synthe-
sis of sugar esters. How efﬁciently a given lipase catalyzes a given
esteriﬁcation process depends on the characteristics of the sub-
strates. Lipases from different sources exhibit different catalytic
efﬁciency towards different substrates. Some lipases have a high
selectivity for long and medium chain fatty acids, but others are
selective towards short and branched chain fatty acids [11,38].
Ionic and steric effects of the substrates (substitution, unsatura-
tion, branching, carbon chain length) inﬂuence the selectivity and
activity [11,12].
The effect of the chain length of the fatty acid (the acyl donor)
on lipase activity is difﬁcult to generalize. The commonly used
lipase Novozyme 435 (C. antarctica lipase B [42] immobilized on a
macroporous acrylic polymer resin) has a higher speciﬁcity towards
the unbranched long chain fatty acids [26,43,44].  Kumar et al.
[45] reported an increase in activity with increasing carbon chain
length of the acyl donor for lipases from Staphylococcus warneri and
Staphylococcus xylosus. In contrast, for Thermomyces lanuginosus
lipase (Lipolase 100T), increasing chain length of the acyl donor led
to reduced rates of esteriﬁcation. The nature of the support material
used in immobilizing a lipase can also affect its selectivity [29,46].
The molar ratio of the two  reacting substrates signiﬁcantly
inﬂuences the esteriﬁcation reaction (Table 2). This is because the
solubility of a substrate in the reaction medium is affected by the
concentration of the other substrate as dissolution of a substrate
affects the polarity of the reaction medium. Yan et al. [17] reported
that in reaction of glucose with a saturated long chain fatty acid
(stearic acid) an excess of the fatty acid in the reaction mixture sig-
niﬁcantly increased the yield of the sugar ester. The optimal molar
ratio of the fatty acid to glucose appeared to be ∼3 [17]. In contrast,
the yield was reduced by decreasing the chain length of the fatty
acid in a reaction involving glucose [6].  C. antarctica lipase B immo-
bilized on polymer beads was  used in these studies at 50–78 ◦C
[6,17].
In esteriﬁcation of fructose, increasing excess of short chain
fatty acids (e.g. capric acid) favored the esteriﬁcation reaction in
2-methyl-2-butanol (tert-amyl alcohol) [44]. For the same sugar,
an increasing excess of long chain fatty acids (e.g. stearic acid)
decreased the conversion rate [44]. This effect was attributed to
the saturation of the catalytic site of the C. antarctica lipase B by a
large quantity of the long chain fatty acid which blocked the access
of fructose to the active site. An alternate explanation for this phe-
nomena has invoked the differences in viscosities of solutions of
fatty acids of different chain lengths at a ﬁxed molar concentration
[47].
In equimolar mixtures of fructose and fatty acids, increasing
chain length of the fatty acid enhances the conversion, but the
conversion rate decreases with an increasing molar ratio of the
fatty acid to sugar [43,44].  In esteriﬁcation of glucose with hexade-
canoic acid (palmitic acid), an increasing glucose concentration at a
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Table 1
Some sugar esters produced by lipase catalyzed enzymatic synthesis.
Lipase type Acyl donor Acyl acceptor Product Time (h) Yield (%) Refs.
Candida antarctica SP-435 Ethyl butanoate Maltose 24 93 [82]
Candida antarctica SP-435 Tetradecanoic acid d-Glucose monohydrate 24 34 mg  mL−1 [85]
Mucor  miehei Lipozyme TM 20 Octadecanoic acid d-Glucose 46 9.32 [52]
Porcine  pancreatic lipase IIII Vinyl acetate d-Glucose 72 62 [59]
Candida antarctica N 435 Icosa-5,8,11,14-tetraenoic acid Isopropylidene-d-xylofuranose 20 83 [138]
2082 A.M. Gumel et al. / Process Biochemistry 46 (2011) 2079–2090
Table 2
Effects of reactants type, mole ratio and enzyme type on yield of sugar esters.
Acyl donor Acyl acceptor Acyl donor:acceptor
ratio
Enzyme Yield (%) Refs.
(9Z)-Octadec-9-enoic acid Fructose 5:1 Novozym 435 17 g L−1 [2]
(9Z)-Octadec-9-enoic acid Fructose 1:1 Novozym 435 6 g L−1
Hexadecanoic acid Fructose 1:1 Novozym 435 53 [30]
Hexadecanoic acid Fructose 1:1 Lipozyme IM 30
Hexadecanoic acid Fructose 1:1 Lipase B SP 382 44
Dodecanoic acid Fructose 1:1 Lipase B SP 435 55
Octadecanoic acid Glucose 1:1 C. antarctica lipase 28.8 [40]
Octadecanoic acid Fructose 1:1 Lipase SP 435 80 [44]
Octadecanoic acid Fructose 1:5 Lipase SP 435 26
Octanoic acid Fructose 1:1 Lipase SP 435 46
ﬁ
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xed concentration of the fatty acid initially promoted the reaction
48]. The conversion rate attained a maximum at a substrate molar
atio of 1:1. Further increase in glucose concentration reduced the
onversion rate. This reduction was associated with either the sub-
trate (glucose) inhibition of the enzyme or the removal of water
y adsorption on glucose to levels that affected the enzyme activity
48]. In contrast, in acylation of glucose with capric acid, Yan et al.
17] reported a considerable increase of the conversion from 18%
o 64% as the sugar to fatty acid molar ratio increased from 1:1 to
:1.
In acylation of isoquercitrin with fatty acids of various carbon
hain lengths dissolved in 2-methyl-2-butanol, Salem et al. [49]
eported that the conversion yield and the initial rate decreased
rom 66% to 38% and from 17.7 to 10.1 mmol  h−1, respectively, as
he carbon chain length of the fatty acid increased from C4 to C18.
ovozyme 435 lipase was used in this study.
Changes in concentration of the product of the esteriﬁcation
eaction may  also affect the solubility of the reactants. For exam-
le, Cauglia and Canepa [10] observed that the initial low solubility
f glucose (1.6 g L−1 at 60 ◦C) in 2-methyl-2-butanol was  increased
igniﬁcantly with an increasing concentration of the product (i.e.
lucose myristate) during the reaction. The increased solubilization
f glucose led to an increased rate of product formation [10].
In general, the conversion rate of lipase catalyzed transester-
ﬁcations involving fatty acids with 10 or fewer carbons can be
mproved by supplying an excess of the fatty acid (Table 2). In con-
rast, for a reaction involving longer fatty acids, e.g. 16 or more
arbons in the hydrocarbon chain, a lower molar ratio of fatty acid
o sugar is preferable, as a high concentration of a nonpolar fatty
cid decreases the solubility of the sugar in the reaction medium.
Sugars tend to be poorly soluble in nonpolar organic reaction
edia. Reduced polarity derivatives of sugars (e.g. alkyl and acetal
erivatives) have been used as substrates to enhance solubility
50,51]. Some of the studies used preprepared sugar derivatives, but
uitable derivatives may  be made in situ during the esteriﬁcation
eaction by adding sugar solubilizing reagents (e.g. organo-boronic
cids) to the reaction mixture [52,53]. Highly polar nonaqueous
rganic solvents can be used for the esteriﬁcation reaction to
mprove the solubility of the reactants. This is discussed in the next
ection of this review.
Other approaches for improving the reaction include the use of
ctivated acyl donors [54–56] and the use of sugar substrate in the
orm of a solid phase [6,17,43,57–60].  Suspended particles of the
ugar continuously replenish the dissolved pool of the substrate as
t is consumed by the reaction. Substrates such as glucose have the
otential to inhibit certain lipases, but not others [61].
Accumulation of the product in the reaction solvent suppresses
ts rate of formation. Therefore, a continuous removal of the productPlatase M R. miehei 30 [48]
Platase M R. miehei 15
ester is desired. Various simultaneous reaction–extraction schemes
have been developed for this purpose [62].
4. The solvents
A  nonaqueous solvent is essential for lipase catalyzed synthesis
of sugar fatty esters. A suitable solvent must be able to dissolve suf-
ﬁcient amounts of both the substrates, i.e. the sugar and the fatty
acid. The solubilities of sugars and fatty acids in organic solvents are
generally markedly different and this complicates the esteriﬁcation
reaction as a high concentration of both the reactants within a sin-
gle phase is difﬁcult to achieve. In addition, the solvent must not
adversely affect the stability of the enzyme and its activity. Solvent
selection is known to affect the enantioselectivity and speciﬁcity of
lipase catalyzed reactions [63–66].
In water immiscible organic solvents, the solvent induced drying
of the hydration layer of the enzyme [49,67] reduces its catalytic
power, activity and stability. Synthetic activity declines progres-
sively with time partly as a consequence of the solvent effect.
Removal of the hydration water is said to increase the enzyme rigid-
ity [67]. Lipases that can better withstand prolonged exposure to
organic solvents are needed. Immobilization of lipases appears to
improve their resistance to organic solvents. Ideally, the product
solubility in the solvent should be low so that it is continuously
removed by precipitation and the reaction equilibrium is driven
towards the product [68].
In an organic solvent, the three dimensional conformation of the
enzyme is altered relative to that an aqueous solution. This affects
the catalytic activity, stereoselectivity, regioselectivity as well as
stability. The reported differences in the activity of an enzyme in
different organic solvents have been attributed to the differences
in the extent of enzyme hydration. In general, organic solvents sig-
niﬁcantly inﬂuence the various reaction parameters such as the
reaction rate, the maximum reaction velocity (i.e. vmax), the catalyst
turnover rate (i.e. Kcat), the substrate afﬁnity for the catalyst (i.e. KM)
and the speciﬁcity constant (Kcat/KM), by affecting the hydration
status of the enzyme [12].
The inﬂuence of organic solvents in enzymatic ester synthe-
ses has been studied extensively and interpreted in various ways
[15,69]. Some studies suggest that a solvent’s dielectric constant
affects the polar and ionic interactions within the three dimen-
sional structure of the enzyme, thus altering the rigidity of the
enzyme thereby affecting activity [70,71]. The Hildebrand param-
eter ı is a widely used measure of the solvent polarity, although
it is a poor measure [12]. In lipase mediated synthesis, a low
polarity (ı ≈ 8 cal1/2 cm−3/2) of the solvent is generally accepted to
enhance the reaction rate. Other studies suggest that by modifying
the polarity at the enzyme active site, a solvent may  contribute to
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tabilization of the charged transition states during the reaction
72]. Variations in the total free energy associated with the dif-
erences in solvation energies of the different solvents have been
laimed to be the possible reasons for the solvent effect in non-
queous media [73].
Because of differences in polarities, solvents differ in their par-
ition coefﬁcient (P) values (Table 3). Differences in solvent log P
ave been used to explain their effect on the catalytic activity
nd speciﬁcity of enzymes [15,74]. Highest enzyme activities and
tabilities are generally observed in solvents with high log P val-
es [16,75],  but others have argued that log P is not necessarily
ell correlated with enzyme activity in a given solvent [76,77].
arameters such as the solvent dielectric constant [70,71],  polarity
nd electron acceptance index [78], as well as the aforementioned
ildebrand solubility parameter [79] have all been used to explain
he effect of different solvents on the rate of an enzymatic reac-
ion. Compared to the other parameters mentioned, the solvent log
 appears to generally better correlate the observed lipase activity
74].
A strongly hydrophobic solvent is not always a good choice for
ipase mediated syntheses because the hydrophilic sugars such as
lucose tend to be poorly soluble in them [1,80,81] and this can
dversely affect the product yield of the reaction [82]. The polarity
nd ionization capacity of a nonaqueous reaction medium may  be
avorably modiﬁed by blending two or more solvents [75,81,83].
Early work on the enzymatic synthesis of sugar fatty acid
sters identiﬁed relatively polar water-immiscible organic solvents
s suitable. Hazardous solvents such as pyridine, dimethyl for-
amide (DMF) and dimethylpyrolidone (DMP) were commonly
sed [80–84].  Environmental and health risks of these solvents
52,86–89] have driven the search for other suitable reaction sol-
ents. For example, Yan et al. [60] achieved reasonably good
onversion yields in production of glucose caprylate in ethyl methyl
etone (66%) and acetone (90%). Similarly, Adnani et al. [90]
ttained good conversions (88–96%) of several fatty acids to xyl-
tol fatty acid esters using hexane as the solvent and Novozyme
35 immobilized lipase. Jia et al. [83] used a mixture of hexane and
cetone for lipase-catalyzed synthesis of dilauroyl maltose.
Degn and Zimmermann [81] reported the synthesis of myris-
ate ester of different carbohydrates using immobilized lipase of C.
ntarctica. The production rate of myristyl glucose was improved
rom 222 to 1212 mmol  g−1 h−1 by changing the solvent from pure
ert-butanol to a mixture of tert-butanol and pyridine (55:45, v/v).
he yield of myristyl glucose was highest when an excess of unsolu-
ilized glucose was present in the reactor [81]. No synthetic activity
as detected if glucose was replaced with maltotriose, cellobiose,
ucrose and lactose probably because of the poor solubility of these
ugars in the tert-butanol/pyridine (55:45, v/v) solvent system [81].
se of sugar derivatives with improved solubility relative to the
ative sugar offers another means of improving the rate of the
nzyme catalyzed synthesis [1].  In some cases, a suspension of
ndissolved sugars in a solvent has been used to provide a con-
inuous supply of the sugar as it is consumed by the reaction in the
olvent [81,91,92].
Ionic liquids are being increasingly used as solvents in lipase
ediated synthesis of fatty acid sugar esters [1,14,93–99] (Table 3).
onic liquids are generally nonvolatile. They are composed of ions
nstead of the neutral molecules of solvents such as acetone. Ionic
iquids dissolve sugars and other complex carbohydrates well
100]. For example, the solubility of sugars such as glucose, sucrose
nd lactose in an ionic liquid may  exceed 100 g L−1 [95,96]. Whereas
olar organic solvents such as methanol inactivate lipases, ionic liq-
ids with similar polarities do not [97]. It has been reported that
dditives such as aqueous sodium carbonate can be used to further
odify the suitability of ionic liquids for lipase catalyzed reactions
97]. This way, reactions that would not normally occur withoutistry 46 (2011) 2079–2090 2083
the additive can be made to occur at rates comparable to those in
nonpolar organic solvents [97].
Ionic liquids also affect the enzyme activity. Lee et al. [96]
studied the stability and activity of C. antarctica lipase B435 in
different ionic liquids and their mixtures. The enzyme activity
was reported to be stable in 1-[2-(2-methoxyethoxy)-ethyl]-
2,3-dimethylimidazolium tetraﬂuoronitrate [Bmim][Tf2N], but
the activity decreased rapidly in 1-[2-(2-methoxyethoxy)-ethyl]-
2,3-dimethylimidazolium tetraﬂuorooxide [Bmim][TfO] [96]. The
stability of the enzyme could be increased by adding [Bmim][Tf2N]
to ionic liquid mixtures [96]. For example, the stability of lipase in
a 1:1 (v/v) mixture of [Bmim][Tf2N] and [Bmim][TfO] was  similar
to its stability in pure [Bmim][Tf2N].
Using a supersaturated solution of glucose in [Bmim][TfO], Lee
et al. [96] could attain an 86% conversion of the fatty acid to ester,
but the conversion dropped to 61% when the enzyme was reused
a second time. Carrying out the reaction in a 1:1 (v/v) mixture of
[Bmim][Tf2N] and [Bmim][TfO] reduced the initial conversion to
69%, but the activity of the enzyme remained high in subsequent
cycles of use. The results suggest that compared to conventional
nonaqueous solvents, ionic liquids are substantially superior for
use in lipase-mediated syntheses [96]. Supercritical ﬂuids have also
been used as reaction solvents [45,94,101,102]. Lipase catalysis in
ionic liquids and supercritical ﬂuids has been reviewed by Fan and
Qian [94].
5. Effects of temperature
Temperature of the reaction affects the stability of the enzyme,
the solubilities of the reactants and that of the product, the rate
of the reaction and the position of the equilibrium. Most of the
commonly used lipases are reasonably thermostable. For example,
the C. antarctica immobilized lipase B (Novozyme 435) can be used
at temperatures of between 60 ◦C and 80 ◦C without a signiﬁcant
loss of catalytic activity [17,103].
With Novozyme 435 as the catalyst, a low solubility and conver-
sion of the substrate have been reported at temperatures of <30 ◦C.
With the same catalyst, a temperature of >70 ◦C greatly reduced
the enzyme activity and therefore the conversion of the substrate
[15,52,53,71,104].  Therefore, a suitable temperature range for syn-
thesis using Novozyme 435 appears to be between 30 ◦C and 70 ◦C
although in speciﬁc cases a temperature of up to 80 ◦C may be used
[103].
For enzymatic synthesis of glucose ester, Yu et al. [40] reported
an increase in the enzymatic activity as the reaction temperature
was raised from 35 to 45 ◦C. In this temperature range, the acti-
vation energy (Ea) for the formation of the acyl-enzyme complex
was estimated to be 52.9 kJ mol−1 [40]. In comparison with this, the
activation energy for the formation of the glucose monoester was
only 19.4 kJ mol−1. In addition to affecting the reaction rate directly,
the use of an elevated reaction temperature likely improves the
relevant mass transfer rates.
Solubility of glucose in ethyl-methyl ketone is enhanced as the
temperature is raised from 25 to 60 ◦C [17]. In the same temperature
range, the solubility of the ester (glucose caprylate), also increases
substantially from 2.98 to 69.3 mg  mL−1 [17]. The increased solu-
bility makes the product removal by crystallization/precipitation
difﬁcult and this in turn shifts the reaction equilibrium towards
hydrolysis. A consideration of how solubilities of the reactants and
the product depend on temperature is required for deciding a suit-
able reaction temperature. Temperature dependence of dissolution
kinetics of glucose and fructose in 2-methyl-2-butanol has been
described [105].
In one study of enzyme mediated esteriﬁcation, a 78% conver-
sion of fructose to its palmitate ester was achieved in 72 h at 60 ◦C
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Table 3
Reaction solvent effects on yield of sugar esters in lipase catalyzed syntheses.
Solvent Log P Enzyme Yield (%) Time (h) Product Refs.
DMSO −1.30** CAL B 435 0 72 [83]
tertPentanol 1.30** CAL B 435 19 72
n-Hexane 3.50** CAL B 435 0 72
tert-Pentanol: DMSO (19:1, v/v) 1.20** CAL B 435 <80 72
tert-Pentanol: DMSO (4:1, v/v) 0.80** CAL B 435 39 72
n-Hexane: acetonitrile (4:1, v/v) <3.00** CAL B 435 <4 72
n-Hexane: 70% acetonitrile 1.00** CAL B 435 11 72
Acetonitrile −0.36** CAL B 435 59 30 [139]
Acetone  −0.26** CAL B 435 38 30
tert-Butanol 0.35* CAL B 435 47 30
2  Methyl 2 butanol 0.89* CAL B 435 24 24
[Bmim][TfO] – Novozym 435 86 11 [96]
[Bmim][Tf2N] – Novozym 435 <20 11
[Bmim][TfO]: [Bmim][Tf2N] (1:1, v/v) – Novozym 435 69 11
[Bmim][TfO]: [Bmim][Tf2N] (3:1, v/v) – Novozym 435 82 11
[Bmim][PF6]: tert-butanol (4:1, v/v) – CAL B L2 C2 9 72 [95]
[Bmim][PF6]: tert-butanol (3:2, v/v) – CAL B L2 C2 45 72
Supercritical CO2 – Lipolase 100T 37 12 [45]
Supercritical CO2 – HPL 11 12
Supercritical CO2 – Novozym 435 47 12
Abbreviations: 1-butyl-3-methylimidazolium triﬂouromethane sulfonate [Bmim][TfO]; 1-butyl-3-methylimidazolium bis (triﬂouromethylsulfonyl)imide [Bmim][Tf2N]; 1-butyl-3-methyl imidazolium hexaﬂuorophosphate
[BMIM][PF6]; hog pancrease lipase (HPL); Candida antarctica lipase B (CALB).
* Log P calculated online at Virtual Computational Chemistry Laboratory http://www.vcclab.org/alogps/start.html.
** Log P values reported by Jia et al. [83].
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30]. Increasing the temperature to 70 ◦C, reduced the conversion
ramatically to only 1.3% after 72 h because of thermal deacti-
ation of the enzyme and the increased solubility of the sugar
ster (Table 4). At temperatures of above 90 ◦C, the deactivation
nthalpy of the enzyme (107.8 × 103 kJ mol−1) exceeded the acti-
ation energy (67.5 × 103 kJ mol−1) [30].
In lipase catalyzed synthesis of glucose esters of short chain
atty acids such as caprylic acid, best conversion was attained by
eeping the reaction temperature between 35 and 45 ◦C. In this
ange of temperature the solubility of the product was  low and it
ould be removed from the reaction mixture by precipitation. If
he reaction involves long chain fatty acids, the temperature can
e raised to 60 ◦C [17]. Thus the optimal temperature of the reac-
ion depends on the carbon chain length of the fatty acid molecules
eing reacted [44]. Clearly, the temperature for the optimal sta-
ility of the enzyme is not necessarily optimal for the reaction
Table 4). An empirical case-by-case evaluation is necessary within
he 30–80 ◦C range to establish the optimal operating tempera-
ure for a given combination of the solvent, the enzyme, and the
eactants.
. Effects of water activity
In lipase catalyzed production of sugar esters, the activity of
ater in the nonaqueous reaction medium is an important consid-
ration. Ester formation itself does not require water, but a minimal
mount of water is necessary for hydration of the enzyme, its sta-
ility and catalytic activity [10,106]. Water is also a product of
he esteriﬁcation reaction. An accumulation of water produced by
he reaction forces the reaction equilibrium towards hydrolysis,
nstead of towards ester synthesis. The amount of water also inﬂu-
nces the activity and the selectivity of the enzyme. The amount of
ater must remain at extremely low levels for ester synthesis to
ccur (Table 5). This necessitates the use of nonaqueous reaction
olvents.
The effect of water is sometimes discussed in terms of its con-
entration, but it is the thermodynamic water activity that actually
nﬂuences the reaction equilibrium [15,47,107–111]. In a reaction
ixture with multiple phases in equilibrium, the water activity in
ll the phases is identical, but not the water concentration. The
ctivity of water (aw) in a solvent is given by the following equation:
w = fwwxw
f 0w
= [H2O]af = wxw (1)
here fw and f 0w are the fugacity of water in solvent and in pure
tate, af is the activity factor, w is the activity coefﬁcient and xw is
he mole fraction of water in the solvent respectively [111].
As the synthetic reaction produces water, any strategy to
avor synthesis over hydrolysis requires a continuous removal
f the water from the reaction [10,112,113]. As nucleophile for
he hydrolysis reaction, water is also a competitive inhibitor of
he lipase-catalyzed synthesis of sugar esters in organic media
39,44,47,70,79,107,108,114–119].
Various strategies have been used to limit the amount of water
n the reaction medium [6,15,17,22,60,113,120–123]. Water may
e removed continuously by bleeding a portion of the solvent from
he reaction system, regenerating it by distillation and recycling it
6,17,60,122].  Pervaporation [120,121] and microwave irradiation
22,123] have also been used for water removal. Another way of
ontrolling the water activity is to equilibrate the reaction medium
ith a saturated salt solution of known water activity [81]. This
ould be done either prior to the reaction to adjust the initial
ater activity, or during the reaction by continuously contacting
he reaction medium with the saturated salt solution via a silicon
embrane [124]. Ta
b
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Table 5
Effects of water activity (aw) or water content on initial rate and product yield.
aw H2O control technique Time (h) Enzyme Initial rate Yield (%) Product Refs.
5 L g−1 Preequilibration Mg(NO3)2 12 Novozym 435 2 mmol h−1 g−1 38 [10]
Preequilibration Mg(NO3)2 1 18
Mol.  sieve 4 A˚ 7 3.9 mmol h−1 g−1 38 mg mL−1
Equilibration CaCl2 7 2 mmol h−1 g−1 18
Equilibration CaSO4 7 >5
0.79 Untreated N.G. C. rugosa lipase 840 units 1 fold [22]
N.G. pH-tuned 1995 units 2.4 fold
pH-tuned + TPP 3247 units 3.8 fold
pH-tune + TPP + MW 10  s 4514 units 5.4 fold
0.07 Saturated salts equilibration 35 Novozym 435 18 g L−1 h−1 N.G. [47]
0.58 5  g L−1 h−1
0.07 5.8 g L−1 h−1
0.78 1 g L−1 h−1
N.G. Azeotrophic distillation N.G. CAL-B EP100 N.G. ∼76 [60]
Without  distillation 50
0.1% Pervaporation N.G. C.  rugosa lipase N.G. 6.3 [120]
0.5% 36.6
0.6%  25.4
TPP: three phase partitioning, MW:  microwave irradiation, N.G.: data not given.
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Fig. 2. Comparison of (A) chemical an
Two-phase solvent systems (e.g. reverse micelles) have been
ffectively used for water removal [15,112,125]. Water may  be
emoved also by using molecular sieves [10,27,48,90,126],  but this
ethod requires replacement of the sieves before they become
aturated with water. Molecular sieves of 4 A˚ pore size have been
eported to have a superior water removal capability compared to
dsorbing agents such as zeolite and molecular sieves of a 3 A˚ pore
ize [10,48].  The efﬁcacy of the molecular sieves depends on the
eaction solvent used and the sieves have been suggested to have a
etrimental effect on the enzyme catalyst [124,127].  In a reaction
ixture at equilibrium, a dramatic increase in the rate of synthesis
as observed on addition of a water adsorbent material [10].
In synthesis of sugar esters, the conversion yield and the initial
eaction rate have been reduced by an increase of water activity
o >0.6 [107]. In one study, the maximum yield of the product was
eported at an initial water activity of 0.23 [60]. The initial rate of the
ynthetic reaction was not affected by changes in the water concen-
ration in reaction medium from 5 to 10 L g−1 [10]. A reduction in
he initial rate of reaction occurred for water concentration values
f <2 L g−1. These observations reinforce the need for the water
ctivity to be maintained within a certain range during the entire
eaction in order to maximize the product yield [47,107,128,129].
ontrol of water activity in lipase catalyzed esteriﬁcations has been
eviewed [112,113].
. Chemical versus enzymatic synthesis
Sugar fatty acid esters can be made also via the nonenzymatic
hemical synthesis and, therefore, a comparison of the chemical
nd enzymatic routes is pertinent.
Industrial synthesis of sugar esters of glucose, fructose and
ucrose is performed by trans-esteriﬁcation of the methyl esters
f the corresponding fatty acid in presence of a basic or metallic6-O-sucrose mono hexadec ano ate (>90 %)
enzymatic syntheses of sugar esters.
catalyst. This reaction normally requires a temperature of >100 ◦C
and a reduced pressure [130]. For example, Liu et al. [131] reported
the synthesis of a sucrose ester, achieving a ﬁnal yield of nearly
38% within 30 min  of reaction at temperatures of 170–185 ◦C and
reduced pressures of 133–400 Pa, using lithium oleate as cata-
lyst. When sodium oleate and potassium palmitate were used as
catalysts, the sucrose ester yield was lower at around 21% and
10%, respectively [131]. Sucrose ester could not be produced using
lithium palmitate as a catalyst [131]. Martin [132] patented the use
of a method to produce sugar esters at a reaction temperature of
around 115 ◦C.
The use of high temperature in chemical synthesis implies a
high energy cost for the overall production process. In addition,
the chemical process requires difﬁcult and multistep separations.
The esters synthesized by such high-temperature processes are
contaminated with undesirable byproducts and commonly con-
tain a heterogeneous mixture of products of different degrees of
esteriﬁcation and different positions of acylation (Fig. 2) [130,131].
For example, in chemical processing there is difﬁculty in achieving
regioselective acylation of sucrose due to a similar reactivity of the
three primary and the eight secondary hydroxyl groups [130]. In
addition there is the problem of intramolecular migration of the
acyl group during processing [130]. Intramolecular migration can
of course be prevented by protection and deprotection but this
complicates the synthesis [130,141].  In comparison to chemical
catalysis, enzymatic sugar ester synthesis is a one-step process that
does not typically involve protection/deprotection of the hydroxyls
groups [141].
Enzymatic synthesis offers a low-energy (e.g. reaction tem-
peratures of 40–60 ◦C) and environmentally benign alterna-
tive to chemical synthesis and has been widely reported
[1,5,6,10,17,30,133–137,59,138,139]. Enzymatic route offers a high
degree of chemo-, regio-, enantio- and diastereoselectivity. The
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roduct is typically a monoester (Fig. 2), although traces of diesters
ay  occur. A relatively simple product mixture simpliﬁes further
ownstream puriﬁcation. The enzymatic route can achieve high
ields. For example, Ferrer et al. [3] reported a conversion yield
f about 98% for 6-O-lauryolsucrose at 40 ◦C using immobilized T.
anuginosus lipase. The reaction required 12 h.
Hazardous solvents such as pyridine and dimethyl formamide
DMF) are the norm in chemical catalysis [132,140] and have been
sed also in enzymatic catalysis. Increasingly, this is changing espe-
ially in relation to enzymatic processes. Some of the catalysts
sed in chemical synthesis are potentially hazardous. For example,
ertain diatomaceous earth catalysts [130], if improperly handled,
ave the potential to cause pneumoconiosis.
. Concluding remarks
Overcoming the challenges posed by lipase catalyzed esteri-
cation can improve access to many useful products including
iosurfactants, drug-carriers, ﬂavor esters, cosmetics and fragrance
sters [12]. The need persists for suitable nonaqueous and safe
olvents for use in this reaction. Ionic liquids and supercriti-
al ﬂuids provide new opportunities. Lipases themselves may
e improved by protein engineering [25,75,143–147]. Rational
esign of lipases remains largely unexplored, but has the potential
or enhancing the enzyme thermostability, improving its solvent
olerance, increasing its speciﬁcity and heightening its activity.
erformance of existing lipases can be enhanced by operational
ethods such as ultrasonication [98,148–150] and microwave irra-
iation [22,123,149]. In situ control of water activity continues to
emand novel solutions.
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ABSTRACT: Ecological concerns over the accumulation of polymeric waste material and the demand for functionalized polymers in
specialty applications have promoted extensive research on different controlled degradation processes and their use. The production
of functionalized or modified polymers by conventional synthetic routes is expensive and time consuming. However, advances in deg-
radation technology have become an enabling factor in the production of modified polymers and their functionalization. Mild irradi-
ation, ozonization, and enzymatic routes are among the processes that have been explored for polymer modification. Biopolymers,
such as chitosan, hyaluronic acids, and polyhydroxyalkanoates, are known to be suitable for a diverse number of applications, ranging
from biomedical to organic-electronics. At the same time, their high molecular weight, crystallinity, and shelf degradability limit their
utility. Controlled degradation processes can be used to prepare these types of polymers with reasonably low molecular weights and
to generate radical species that help to stabilize these polymers or to initiate further beneficial reactions. In this article, we review the
application of controlled degradation processes for polymer modification and functionalization. VC 2013 Wiley Periodicals, Inc. J. Appl.
Polym. Sci. 129: 3079–3088, 2013
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INTRODUCTION
Polymers are being increasingly used for more and more diverse
purposes; they are particularly important in food, cosmetics, and
biomedical applications.1–3 The rise in the utilization of polymers
has health and (often negative) ecological implications, especially
from biomedical and environmental perspectives. The demand
for the control of the precise delivery targets for therapeutic drugs
and the capability of polymeric drug carriers to release their drugs
on an independent timescale is growing; polymeric waste disposal
can cause severe environmental pollution when they are poorly
degradable materials. Both of these warrant an intense research
exploration into controlled degradation processes for polymer
functionalization and modification. The recent momentum in the
use of biodegradable polymers over nondegradable ones is among
the measures taken toward environmental friendliness and an
increase in the sophistication of biomedical applications. How-
ever, at present, most of these biodegradable polymers lack many
of the attributes of their nondegradable counterparts. These issues
are further compounded by the fact that the production of tailor-
made or functionalized biodegradable polymers may be costly
because of difficult synthetic steps that are often required for their
production. Although several approaches to the
development of simpler and more cost-effective means to
improve the quality of these biodegradable polymers, including
dual biosynthesis4 and blending,5 have been reported, additional
options need to be explored. In view of this, researchers have
turned to the use of the opposite route of degradation processes
to either improve the degradability of these important polymers
or to customize the process for the production of specialty poly-
mers for niche applications. Among recently reported methods
have been the use of high-energy radiation,6 ozonization,7 ultra-
sonic irradiation,8 microwave irradiation,9 oxidation,10,11 biode-
gradation,12 and photodegradation.13
In this article, we review current research approaches in the
application of controlled degradation processes as alternative
and viable routes toward enhanced polymer degradation, modi-
fication, and functionalization. In most cases, the mechanisms
and biochemistry of the degradation process are also presented.
USE OF BIODEGRADATION AND ORGANOMODIFIERS
Biodegradation is known to be an effective method of com-
pletely removing degradable polymers and their constituents
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from the environment.14 Several approaches have been devel-
oped that either employ the use of enzymes12,15,16 or microbial
consortia17–19 to affect polymer degradation and modification.
The metabolic degradation mechanism of polymers has been
reported to use several enzymes, such as dehydrogenases, hydro-
lases, and oxidases, whereas the process is mostly based on either
hydroxyl group oxidation to yield ketones or the hydrolysis of the
carbonyl structure followed by the final mineralization of the
components. The hydroxyl group oxidation is reported to be
based on one of two steps, either the oxidation of one adjacent
hydroxyl group to yield monoketone structure or the oxidation of
two adjacent hydroxyl groups to form b-diketones structures.20
Extensive research on a plethora of microbial enzymes that are
normally involved in polymer degradation has been reported
recently.16–18 For example, controlling the rate of silk-based
polymeric material degradation is vital to its potential use in
biomedical applications, such as drug delivery and tissue engi-
neering scaffolding. Recently, Pritchard et al.21 reported the use
of protease type XIV and ethylenediamine tetraacetic acid
(EDTA) as biocontrolling switches to control the in vitro degra-
dation of silk-based drug-carrier devices. The researchers
observed the effects of the protease concentration on accelerat-
ing degradation and the use of EDTA on reducing the rates of
degradation and controlling drug release from silk-based bioma-
terials. They reported an increased rate of proteolysis with
increasing protease concentration; this resulted in an increased
dye release from silk carriers. On the other hand, the release of
EDTA from the silk carriers inhibited proteolysis, which in turn
controlled the proteolytic rate and, hence, the drug release.
The important step in polymer degradation, especially that of
polyhydroxyalkanoate, is the degradation of the polymeric
lamellar crystal.12,22 It has been reported that in most cases, the
extracellular enzymes, such as polymerases and hydrolases
secreted by the microbial consortia, are responsible for polymer
biodegradation. Kulkarni et al.23 reported the selective enzy-
matic degradation of a block copolymer [polycaprolactone-
b-poly(p-dioxanone)] with Pseudomonas lipase (Table I). The
researchers reported that after they subjected the material to
200 h of enzymatic degradation, the poly(p-dioxanone) copoly-
mer part was completely stable and not tampered with, whereas
the degradation affected the polycaprolactone (PCL) part. They
demonstrated that degradation properties of multifunctional
polymers could be manipulated and controlled with selective
enzymatic degradation; this results in unique polymers with
specific properties for specialized applications. They further
reported that the degree of enzymatic degradation relies heavily
on the apparent enzyme penetration depth and the initial
molecular weight of the block copolymer; a suggestion substan-
tiated further by Numata et al.12 and Tanuma et al.24 In addi-
tion, the chemical structure,12,25 molecular branches,12 and
degree of acetylation26 are among the parameters suggested to
exert influence on the enzymatic degradation of polymeric
Table I. Application of Controlled Degradation Processes for Polymer Degradation and/or Modification
Degradation
method
Degradation
agent Polymer Application Reference
Selective enzymatic
degradation
Pseudomonas
lipase
Multifunctional
polymers
23
Radiation induced
partial degradation
c
Mw ¼ 10  103
to 2  103 kDa.
Plant growth
promoters
50
Radiation induced graft
polymerization
c Pulsatile protein
release
54
Polymerization
Ozonization Ozone
Mw ¼ 1535–87 kDa.
Antioxidant and wound
healing activities
7
Ozonization Ozone Improved electroconductivity 61 and 62
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materials. Recently, the controlled enzymatic degradation of
PCL was reported with a polymer-embedded Candida antarctica
lipase B solution (1.6%) in both continuous fluid exchange flow
and controlled humidity chamber processes.27 With 20 mM potas-
sium phosphate buffer at pH 7.1 and a flow rate of 0.2 mL/min,
researchers were able to achieve a polymer weight loss of about
85% in 3 days, an increase that was more greater in the process
without the flow, where a bulk weight loss of 70% within 9 days
of incubation was observed. The researchers suggested that the
increase in the degradation rate under the flow conditions could
be attributed to the more efficient removal of the degradation
products that could act as competitive inhibitors. However, they
observed a slower decrease in the polymer weight loss (70% in 7
days) as the flow rate was further increased to 0.5 mL/min; they
attributed this to the negative influence of the increased flow rate
on the enzyme stability.27 When studying the rate of enzymatic
degradation at controlled relative humidities (RHs) of 20, 75, and
95% with the same polymer-embedded 1.6% C. antarctica lipase
B, researchers observed an insignificant polymer weight loss in the
20% RH condition.27 However, at 75 and 95% RH, the polymer
film was observed to exhibit weight losses of 25 and 58% after 28
days of incubation, respectively. The application of this controlled
enzymatic degradation of polymeric materials under controlled
humidity conditions could be an advantage in applications where
the unique degradation properties of enzyme-embedded biore-
sorbable films are exploited for the release of active materials such
as fragrances, flavors, and therapeutic agents.
The biodegradation of waterborne polyurethane was reported to
be enhanced by the incorporation of vinyl trimethoxysilane
modified starch.28 When the chemically hybridized polymer was
incubated with 10% modified starch in an a-amylase solution
for 10 days, a maximum weight loss of 15% and a decrease in
the tensile strength of 60% were observed. This result was
reported to be much bigger than that of the polymer containing
the unmodified starch (5% weight loss and 17% tensile
strength decrease). Extracellular poly(hydroxybutyrate depoly-
merase) purified from Ralstonia pickettii T1 was used to degrade
a film of poly[(R)-3-hydroxybutyrate-co-4-hydroxybutyrate] that
was prepared by uniaxial cold-drawing from an amorphous
polymer at a temperature just below the glass transition.29 In
this type of polymer, the researchers observed the degradation
rate to range from 0.14 to 0.67 mg cm2 h1, depending on the
polymer mechanical structure. The degree of enzymatic degra-
dation was observed to increase with increasing draw ratio and
4-hydroxybutyric acid (4HB) content; this was mostly attributed
to the decrease in the polymer crystallinity. They further
reported that the enzyme preferably attacked the b form over
the a form; this was attributed to the lower steric hindrance
against the ester bonds in the planner zigzag conformation of
the b form as compared to the a-form helical conformation.29
The controlled enzymatic degradation of poly(3-hydroxybuty-
rate-co-4-hydroxybutyrate) was studied with commercial li-
pases,16 wherein the researchers employed the use of nonregio-
specific Amano lipase AK and 1,3-regiospecific Novozym
lipopan BG to control the degradation of Poly(3-hydroxybuty-
rate-co-4-hydroxybutyrate) (P3HB-co-4HB) from 400 kDa to
low-molecular-weight polymers of 1–5 kDa within 72 h to
make it suitable as a drug-release device. In another study, the
use of a nonspecific protease (pronase) to catalyze the con-
trolled degradation of CaCO3-templated capsules that were pre-
pared via layer-by-layer deposition techniques was reported.30
The researchers showed that by either increasing the number of
biodegradable layers in the capsules or inserting a synthetic pol-
yelectrolyte of poly(allylamine hydrochloride) (PAH) and poly(-
sodium-4-styrene sulfonate) (PSS) to form multicompartment
polyelectrolyte multilayer capsules (Figure 1), the pronase-
induced degradation of the capsules could be slowed down on
the order of hours, and this resulted in the controlled detach-
ment of subcompartments of multicompartment capsules, with
the potential for intracellular delivery or in vivo applications.
Furthermore, the degradation rate was observed to increase
with increasing pronase concentration.30
In addition to extracellular and in vitro enzymatic degrada-
tion, whole-cell microbial polymer degradation has been
reported.20,31 Poly(vinyl alcohol) (PVA) is considered to be an
excellent compatible polymer blend with other polyhydroxyalka-
noates because of its water solubility, biodegradability, and
diverse applications. Jecu et al.32 observed the degradation of
poly(vinyl alcohol) by fungal strains belonging to genera of As-
pergillus, Monillia, Penicillium, Aureobasidium, and Trichoderma.
The researchers observed that of all the species tested, Aspergil-
lus niger came out to be the best at degrading the PVA compos-
ite, with the degree of degradation largely depending on the
media and polymer compositions. A higher degradation
(60%) of a copolymer of sucrose polyesters was also reported
with A. niger.33 The increasing demand for soft wood, especially
in current infrastructural developments, has been a point of ec-
ological concern. It has been suggested that a polymer compos-
ite of fast-growing herbs, such as kenaf, grass, palm oil leaves,
and bamboo, could serve as an alternative to wood.34 A bio-
composite polymer of polylactide and Hibiscus cannabinus
(kenaf) was said to have a similar properties to that of particle-
board and, as such, has been considered as a softwood alterna-
tive.35 Recently, mycelia of Pleurotus ostreatus immobilized on
calcium alginate beads was used by Hidayat and Tachibana35 to
degrade a composite polymer of polylactide and kenaf fiber;
they achieved a 48% degradation after 6 months as compared
an 84% fiber degradation in a noncomposite. They reported
that the degradation of the PLA/kenaf composite by P. ostreatus
mycelia occurred via oxidation and caused the rupture of
hydroxyl groups and the formation of carboxylic acids groups.
In contrast to eukaryotic fungal species, several bacterial genera,
such as Bacillus, Comamonas, Pseudomonas, Staphylococcus, and
Streptococcus, are among those that have been used in polymer
biodegradation.31 Schneider et al.36 observed the effects of the
oleic acid concentration on poly(3-hydroxybutyrate) (P3HB)
biodegradation produced by Cupriavidus necator. They observed
that the polymer crystallinity decreased with increasing oleic
acid concentration in the feed; this increased the degradability
of the produced polymer.
The presence of impurities, organomodifiers, and plasticizers
have been reported to affect the biodegradability of polymers.
Researchers reported the use of organomodifiers such as clay to
manipulate the polymer degradability and stability. Clay
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nanoparticles were reported to modulate the biodegradability of
gluten-based agromaterials37 and result in a degree of degrada-
tion as high as 92%. Heteroaromatic ring derivatives were used
to control the degree of degradation in polypropylene.38 The
researchers reported that the degradation rate was highly influ-
enced by the electron density of the C¼C bond in the heteroar-
omatic derivatives. Low-electron-density heteroaromatic deriva-
tives such as 2-(furan-2-ylmethylene) malononitrile were found
to restrict the b scission of polypropylene macroradicals by con-
verting them to stable-resonance macroradicals. In comparison,
changing the aromatic rings with high-electron-density deriva-
tives such as 2-cyano-3-(pyrrole-2-yl)-2-propionic acid ethyl
ester resulted in a high degradation rate.38
HIGH-ENERGY RADIATION
High-energy radiation has been proven to be a useful tool in
polymer degradation and/or the manipulation of the physico-
chemical structure of many industrially important polymers.39,40
For instance, high-energy radiation has been applied to cause
chain scission and branching in polypropylene.41 High-melt-
strength polypropylene grains were synthesized by Oliani et al.42
using c radiation. The same radiation was also shown to
degrade poly(lactide-co-glycolide) (PLGA).40 It has also been
used to enhance the electric conductivity of polymer electro-
lytes43 and polyaniline–[poly(vinylidene chloride)-co-(vinyl ace-
tate)] blends.44 An electron beam was employed to degrade
PLGA by chain scission;45 it has also been reported to have
been used to achieve controlled surface degradation in biore-
sorbable polymers.39,46 Carbon ion beams were reported to
modify the physicochemical structures of both poly(allyl digly-
col) carbonate and poly(ethylene terephthalate) polymer films.47
An informative review of the effects of irradiation on controlled
drug-delivery and release systems was compiled by Razˇem and
Katusˇin-Razˇem.48
Galovic et al.49 studied the effect of c radiation on polyethylenes
of different densities with temperature-modulated differential
scanning calorimetry. The researchers observed increases in the
crystallinity and stability of the polymer at radiation doses up
to 200 kGy; beyond this value, decreases in these parameters
were observed. They suggested that the low radiation favored
polymer macromolecular breakage over crosslinking, which in
turn led to an increased perfection of the crystals because of the
alleviation of tension at the sites of the lamellae surfaces where
the molecules entered the lattice. On the other hand, the high
radiation doses favored the increase in the macromolecular sur-
face free energy that induced crosslinking at the lateral grain
boundaries and resulted in a lower crystallinity because of lat-
tice distortion and expansion.49 El-Sawy et al.50 employed c
radiation to degrade chitosan with a molecular weight of about
10  103 kDa into water-soluble chitosan with an average mo-
lecular weight of less than 2  103 kDa and that was suitable
for use as a growth promoter in agricultural fields (Table I).
Using initiators such as ammonium persulfate and hydrogen
peroxide, the researchers showed that the degree of degradation
depended not only on the radiation dose but also on the con-
centration of the initiator. Technically, by modulating the radia-
tion dose and initiator concentration, one can achieve a specific
oligomeric chitosan polymer. The production of high-perform-
ance carbon fibers mostly depends on the precursors, among
which polyacrylonitrile (PAN) is the most important. Unfortu-
nately, the use of PAN as a precursor involves peroxidation to
achieve the oligomerization of the nitrile groups to form a lad-
der chain structure, which improves the thermal stability of the
fibers. The conventional method is time consuming, requires
Figure 1. Controlled enzymatic degradation of the multilayer capsule in drug-delivery devices. [Color figure can be viewed in the online issue, which is
available at www.interscience.wiley.com.]
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the use of chemicals, and is a highly exothermic process.6
Gamma radiation has recently been reported to induce the for-
mation of free radicals and crosslinking in PAN fibers and
improve both the thermal stability and cyclization (oligomeriza-
tion) efficiency of the fibers.6,51
Polymer ion-beam irradiation liberates hydrogen and other vol-
atile gasses that are suggested to influence the formation of free
radicals and unsaturation; this in turn improves the polymer
dielectric constant and conductivity. Singh et al.52 employed
this phenomenon to improve the electrical conductivity of cop-
per-doped poly(methyl methacrylate) for applications in orga-
noelectronic components. High-energy radiation was used to
induce graft polymerization (Table I) because of its simplicity,
and it requires no catalyst or additives over the conventional
methods and, hence, results in an almost pure product.53
Recently, the mild condition of c radiation was used to crosslink
poly(N-2-hydroxyethyl)-DL-aspartamide with maleic anhydride
to produce a functionalized hydrogel that was used as a drug-
delivery device by the encapsulation and pulsatile release of
proteins.54
Lotfy55 studied the controlled degradation of low-molecular-
weight dextrin in the presence of c irradiation (5–100 kGy).
Using both electron spin resonance and X-ray diffraction spec-
tra, the researchers reported the dextrin to undergo oxidative
degradation at the crystalline regions of the amylopectin chains.
Furthermore, they revealed that the polymer weight loss of the
irradiated sample occurred at lower temperatures compared to
that of the unirradiated samples; this resulted in oligomeric
dextrin components with melting temperatures that decreased
with increasing irradiation dose.55
Flocculation is an efficient and cost-effective process for water
treatment; polymers are popularly used as flocculating agents
because of their ability to destabilize colloidal suspensions.56
Ironically, the biodegradability of natural polymers reduces their
shelf life in this process, whereas synthetic polymers are costly
and nonbiodegradable. In view of this, c radiation was used as a
cost-effective route to produce a novel flocculant by the grafting
of 2-methacryloyloxyethyl trimethyl ammonium chloride onto
chitosan; this resulted in a copolymer with high cationic prop-
erties that was able to treat water over a wide range of pHs.56
Gamma-radiation graft polymerization was also applied in the
preparation of a thermosensitive and pH-sensitive copolymer of
polypropylene that was prepared by the grafting of N-isopropyl
acrylamide and acrylic acid onto polypropylene films.53 The
researchers observed that the degree of grafting increased with
increasing radiation dose to 20 kGy; above this value, the
increase was insignificant, which they reported to be due to an
increased free-radical concentration, which resulted in a high
probability of radical recombination.53 Previously, the c-induced
controlled release of clonazepam by the radiolysis of poly(D,L-
lactide-co-glycolide)-loaded microspheres was investigated with
matrix electron paramagnetic resonance spectroscopy in a vac-
uum temperature range of 77–298 K.57 The researchers observed
that increasing the radiation resulted in an increase in the gen-
eration of the drug-free radicals and reported the stabilization
of the polymer matrix in the mixed system with respect to the
radiation damage.57
The tensile strength and stability of starch-based thermoplastic
was enhanced by crosslinking with aromatic cinnamyl alcohol
using electron-beam irradiation.58 The macromolecular chain
scission due to the electron-beam irradiation was observed to
be counterbalanced by the induced interchain covalent linkage
bridged by the cinnamyl alcohol, which led to a grafted polymer
with superior properties.
OZONIZATION
Ozonization is among the most important aspects in polymer
degradation as a result of atmospheric exposure. Under strained
conditions, a nonresistance elastomer can be attacked by ozone
concentrations as little as 1 ppb.59 Polymer degradation by
ozonolysis has been reported to occur mostly by the cleavage of
bonds between sp2 or sp carbon atoms in olefinic polymers.59,60
However, the sp3 carbon–hydrogen bonds of polymers contain-
ing labile hydrogen atoms are also attacked but at much slower
rates.59 The ozonolysis mechanism is said to involve steps such
as the cycloaddition of ozone to the olefinic double bond to
form unstable molozonide (Figure 2), which is decomposed
into carbonyl compounds and carbonyl oxide moieties via a
cycloreversion process. Lastly, a stereoselective cycloaddition
occurs as a result of the carbonyl oxide, which flips over with
the nucleophilic oxyanion attacking the carbon atom of the car-
bonyl group, resulting in the formation of a peroxidic ozonoly-
sis product.59
Although reactive and degradative to polymers, ozone still finds
applications in polymer modification. Hyaluronic acids, espe-
cially those of low molecular weight, have electron-scavenging
antioxidant activities and promote excisional wound healing.7
Recently, ozone treatment was used to prepare low-molecular-
weight hyaluronic acid.7 Using ozonization (Table I), the
researchers reported a reduction in the native hyaluronic acid
molecular weight as large as 94.3% (from 1535 to 87 kDa
within 120 min at 40C), and they further observed that the
heterogeneous reaction between the gaseous-phase ozone and
the hyaluronic acid solution affected the polydispersity of the
polymer. Experimental parameters, such as the reaction temper-
ature, ozone concentration, media pH, ionic strength, and agita-
tion speed are among the factors that have been reported to
influence the ozonization process.7
Ozonization has further been reported to be used in the pro-
duction of organoconductive polymers. It has been reported to
influence the electrical conductivity of poly(3-pentylthiophene)
films because of the formation of charge-transfer complexes.61
However, the conductivity was observed to drop significantly
with time as a result of the oxidative degradation of the poly-
mer. In contrast to this observation, Nowaczyk et al.62 reported
the use of ozonization to induce both permanent and tempo-
rary increases in the electrical specific conductivity of a gold-
sandwiched poly(3-pentylthiophene) polymer. The researchers
observed that a permanent increase in the conductivity could be
induced by the ozonization effect on the polymer morphology,
which resulted in the formation of polymer grains aggregates,
due to grain boundary resistance on polymer expansion.
Whereas a temporary increase in the conductivity was observed
to be a result of induced p-doping by ozonization, which took
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place because the high electronegativity of the ozone readily
captured electrons from the delocalized p orbitals in the poly-
mer backbone to form charge-transfer complexes, which oper-
ated as excess charge carriers.62
Polyethylene has been widely used in a number of industrial
applications. Unfortunately, the polymer is characterized by
poor dye adhesion to its surface, especially high-density poly-
ethylene. Currently employed chemical surface modification
methods, such as thermal oxidation and the use of strong elec-
trical fields, are costly and time consuming. The surface func-
tionalization of ultra-high-molecular-weight polyethylene with
oxygen-bearing moieties was successfully achieved via ozoniza-
tion process with 10% ozone in oxygen under mild condi-
tions.63 In this process, the researchers reported that the ozoni-
zation mostly affected the amorphous phase of the polymer
while preserving the crystalline phase. A similar report of poly-
mer surface modification by ozonization was reported for styr-
enic triblock copolymers of elastomeric poly(ethylene–butylene)
capped by polystyrene.64 The researchers observed that pro-
longed exposure to ozone-induced crystallization and conferred
a higher oxidative thermal stability to the polymer; this resulted
in a qualitative polymer with a wide range of applications from
organoelectronics to biopatterning.64
PHOTODEGRADATION
The diverse applications of polymers in almost all aspects of
human endeavors, ranging from spacecraft down to agricultural
irrigation materials, has exposed applied polymers to adverse
environmental conditions that warrant research concerning
polymer degradation and stability. Although some of these poly-
mers are biodegradable, environmental plastic wastes are usually
thermally decomposed. The thermal degradation process is
known to be costly and releases carcinogenic volatile gasses, and
as such, the process is normally discouraged. The basis of poly-
mer photolysis arises because of the presence of repeating car-
bonyl groups in polyesters, which results in photochemical
cleavage by a Norrish-type reaction to degrade the polymer.65–67
The ability of light photons, such as UV and IR irradiation, to
degrade polymers has previously been reported.65,68,69
Previously, Tsuji et al.69 studied the photodegradation of poly-
lactide and polycaprolactone (PCL) for 200 h. They reported
that UV radiation penetrated the polymer sample without a
reduction in the intensity, regardless of the crystallinity or
chemical structure, and degraded the polymer through a bulk
erosion mechanism. However, they reported that the chemical
structure adjacent to the carbonyl oxygen played a role in the
photodegradability of the polymer. The effect of UV radiation
on PHB was reported.70 It was observed that in PHB, UV irra-
diation degraded the polymer by predominant chain scission
into oligomers that could easily be functionalized (Figure 3)
with lesser crosslinking reactions. The researchers further
reported that when the UV irradiation was operated at tempera-
tures higher than that of polymer’s glass transition, the crystal-
linity increased as a result of the degraded molecules’ mobility
in the amorphous region, which tended to rearrange themselves
by crystallization.70 Klinger and Landfester71 observed the effect
of UV-induced degradation on dual-stimuli poly(2-hydroxyethyl
methacrylate-co-methacrylic acid) microgels. They reported the
degradation rate to depend on parameters such as the media
pH, intensity and wavelength of the applied irradiation, molecu-
lar structure of the crosslinking molecules, and overall molecu-
lar weight of the copolymer.
The control of protein adsorption onto a polymer surface is
known to be a difficult challenge in biotechnological applica-
tions because of the strong adsorption that is irreversible and
makes protein patterning almost impossible.72 It has been
reported that polymer brushes of oligo(ethylene glycol) methac-
rylate showed an exceptional resistance to protein adsorption.
Ahmad et al.72 used UV radiation at 244 nm to modify
Figure 2. Mechanism of polymer ozonization. [Color figure can be viewed
in the online issue, which is available at www.interscience.wiley. com.]
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poly[oligo(ethylene glycol)] methacrylate under mild conditions
to break the oligo(ethylene glycol) chain to aldehyde that cova-
lently bound protein and enhanced the patterning process.
Low-molecular-weight chitosan has been reported to increase
the postharvest quality of citrus and exhibit antimycotic, anti-
bacterial, and anticarcinogenic activities.73–75 The deacetylation
of chitin gives a chitosan of high molecular weight that has a
low solubility in aqueous media, and this limits its industrial
applications in many fields.76 Recently, Yue et al.76 reported the
use of UV irradiation to induce accelerated degradation of chi-
tosan during ozonolization to produce low-molecular-weight
chitosan, which could be used in agrobase, biomedical, cosmet-
ics, and food applications.
Silk fiber was reported to have a tensile strength of up to 4.5
GPa and an elasticity of about 35%; this makes it the toughest
fiber known to man.77 Silk fibroins are known to be surpris-
ingly soluble in salt-containing aqueous, aqueous–organic, and
organic solvents; unfortunately, the process is said to be time
consuming. UV radiation was used to generate the silk fibroin
in water within a shorter time to yield fibroin that was biocom-
patible and, at the same time, possessed remarkable physico-
mechanical properties for use in diverse applications, such as
surgical sutures, three-dimensional porous sponges, and
microcapsules.77
THERMOMECHANICAL AND OXIDATIVE DEGRADATION
Polymeric physical and chemical structures are known to influ-
ence the thermomechanical properties of polymers. It has been
reviewed earlier that mechanical action induces chemical
changes in polymers.78 Moreover, the fermentation of substrates,
especially ammonium cations in polyhydroxyalkanoates, have
been reported to greatly influence the thermomechanical degra-
dation of polymers.79,80 Hydroxyalkanoic acids (HAs) are
reported to have a wide range of industrial applications, such as
metal corrosion inhibitors81 and antibacterial agents.82 These
HAs are said to be chiral building blocks of several therapeutic
drugs such as b-lactam, captopril, elaiophylin, and hydroxyacyl
hydrazine in visconsin; and fungicides such as vermuculin and
norpyrenophorin.83 Conventionally, HAs are produced by the
acid/base hydrolysis or methanolysis of high-molecular-weight
polyhydroxyalkanoates, a process that mostly results in traces of
impurities within the final products. Thermal degradation is
seen as an alternative process because of the generation of
pure HA. Sin et al.84 reported the use of moderately high
temperatures (160–190C) to produce oligomeric HAs from
medium-chain-length polyhydroxyalkanoates. They proposed
the degradation mechanism to occur via hydrolytic chain
cleavage initiated at the ACOOACHAalkyl group.85 The
researchers observed a loss of crystallinity when the PHA was
heated at 180–190C; ascribing the effects to the degradation
of the polymer crystalline phase, which caused an increase in
the mobility of the degraded polymeric units as the tempera-
ture approached the decomposition point.84 In contrast to this
observation, Sadi et al.70 reported that an increased mobility
of degraded polymeric molecules caused increased crystallinity
because the molecules tended to rearrange themselves by
crystallization.
Thermal degradation with microwave irradiation (Table II) to
induce the controlled production of oligoesters (number-average
molecular weight  1000 g/mol) in polyhydroxyalkanoates was
recently reported.9 The researchers observed the process to be
100 times faster than the conventional thermal degradation pro-
cess and to occur within a very short time (<15 min). They
attributed the faster rate of degradation to be due to the gener-
ated highly efficient internal heating as a result of the direct
coupling of microwave energy with the polar molecules; this led
to the carboxyl–ester linkage.9 The researchers suggested that
for effective control of the degradation rate, microwave power
should be modulated with the application of simultaneous
cooling.
The mechanical ultrasonic degradation of commercially impor-
tant polymers, such as polystyrene, polybutadiene, polystyrene–
butadiene, PAN–butadiene, and polystyrene–acrylonitrile was
reported.86 Pinheiro et al.87 proposed that chain scission was a
starting point in the thermomechanical degradation of longer
chains of high-density polyethylene, where their higher proba-
bility of entanglements resulted in macroradicals that could be
functionalized. However, they noticed that the chain scission
mechanism was less prominent in the shorter chains as a result
Figure 3. Schematic diagram of UV-induced progressive chain scission in PHB. [Color figure can be viewed in the online issue, which is available at
www.interscience.wiley.com.]
J_ID: Z8Q Customer A_ID: APP39006 Cadmus Art: APP39006 Ed. Ref. No.: APP-2012-10-3414.R1 Date: 21-May-13 Stage: Page: 3085
ID: srinivasanv I Black Lining: [ON] I Time: 16:31 I Path: N:/3b2/APP#/Vol12906/130048/APPFile/JW-APP#130048_web
REVIEW
WWW.MATERIALSVIEWS.COM WILEYONLINELIBRARY.COM/APP J. APPL. POLYM. SCI. 2013, DOI: 10.1002/APP.39006 3085
of their mobility but was rather useful for grafting the macro-
radicals and, thus, increased the molecular weight.87
Recently, Klukovich et al.88 studied the mechanical effects of
pulsed ultrasound on perfluorocyclobutane polymers (Table II);
this led to mechanically induced chain scission and molecular
weight degradation via a stepwise mechanism with a 1,4-diradi-
cal intermediate. It yielded a polymer for localized functionali-
zation and crosslinking.88 The high crystallinity and extensive
hydrogen bonding within the cellulosic polymer backbone con-
ferred to it the advantage of being a natural fiber composite.
However, because of the presence of an amorphous region in
these naturally occurring celluloses, their tensile strength was
highly limited. Hence, for the efficient application of these
materials, a modification in the polymeric properties, especially
the crystallinity, is needed. Goodwin et al.89 reported the used
of ultrasound irradiation to produce customized-molecular-
weight pharmaceutical cellulosic ethers. The rate of degradation
was observed to depend on the type of polymeric material and
the irradiation time.89 Recently, prolonged ultrasound fragmen-
tation was reported to alter the crystallinity and molecular
weight of cellulosic materials.90 Using plant and bacterial cellu-
losic samples having a weight-average molecular weights of
about 100 and 200 kDa, respectively, the researchers observed a
continuous increase in the crystallinity index and a reduction in
the molecular weight of the materials within 60 min of ultra-
sound irradiation to about 46 and 47 kDa, respectively. Pectin,
which is a complex heteropolysaccharide commonly found in
plant cell walls and middle lamella, has a wide application in
the food and pharmaceutical industries as gelling, thickening,
texturizing, stabilizing, and emulsifying agent.91 However, the
strong resistance of pectin to degradation by other physicome-
chanical processes, such as ultrasound irradiation and some me-
chanical degradation methods, limits its optimal utilization.
Chen et al.91 reported the use of dynamic high-pressure micro-
fluidization (DHPM) to induce controlled degradation in high-
methoxyl pectin. The researchers observed a reduction of about
50% in molecular weight through the application of a DHPM
of 80 MPa at pH 3.7, whereas an increase in the DHPM to 200
MPa at the same pH resulted in a molecular weight reduction
of about 74%. However, a change in the pH to more acidic
conditions appeared to highly influence the degradation. For
instance, the application of 160 MPa of DHPM at pH 1.0
resulted in about an 89% degradation of the methoxyl pectin.91
This reduction in the pectin’s average molecular weight with the
treatments was attributed to the breakdown of the covalent
bonds inside the polymer chain.
The chemooxidative degradation of cellulose microfibrils with
2,2,6,6-tetramethylpiperidinyl-1-oxy (TEMPO) radical deriva-
tives and its analogous compounds were employed by Iwamoto
et al.11 to produce surface-oxidized cellulosic nanofibrils via
hydromechanical treatment. When the oxidative effect of the
TEMPO and its derivatives on wood cellulose surface oxidation
were compared, researchers observed that both TEMPO and
those analogous compounds of 4-acetamide and 4-methoxy
derivatives showed an efficient catalytic surface oxidation of
nanofibrils (>56%) compared to those of 4-hydroxyl and 4-oxo
derivatives (<2%). The researchers reported that the observed
differences in the catalytic efficiency among the TEMPO and its
derivatives was probably due to their low redox potential, cata-
lyst stability to media system, and affinity to cellulose type.
CONCLUSIONS
The demand for specific degradability traits and functionalized/
modified polymers in niche applications, and the difficulty
Table II. Thermomechanical and Oxidative Degradation in Polymer Modification
Degradation method Polymer Application Reference
Pulse ultrasonication 1,4-Diradical intermediate for
polymer functionalization
88
Ultrasound
fragmentation
Improved crystallinity for
the biocomposite polymer
90
Microwave irradiation Oligoesters for functionalization 9
TEMPO chemooxidative
degradation
Macrofibril
Surface-oxidized cellulosic nanofibril 11
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encountered in their de novo preparations under conventional
syntheses has brought about the current interest in polymer
modification and functionalization via controlled degradation
processes. A successful degradation program depends on the
ability to exert a certain degree of control over major parame-
ters such as the rate and selectivity/specificity. This can be
achieved through the manipulation of the degradation environ-
ment, for example, the (bio)catalyst concentration, modulation
of irradiation intensity, humidity, and pH, for a particular pro-
cess. Preparation methods of polymers before degradation can
also be used as means to affect another level of control; this
may involve the tailoring of the composition of the polymer,
degree of crystallinity in different parts of the polymer, molecu-
lar weight, functional groups, and so on. It is possible to
achieve a specific degradation outcome through a combination
of these distinct techniques. There is also an opportunity to
combine tandem physicochemical and enzymatic degradation
steps, and this opens up wider possibilities for modified
products.
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a b s t r a c t
Ultrasonic irradiation greatly improved the Candida antarctica lipase B mediated ring opening polymer-
ization of e-caprolactone to poly-6-hydroxyhexanoate in the ionic liquid 1-ethyl-3-methylimidazolium
tetraﬂouroborate. Compared to the conventional nonsonicated reaction, sonication improved the mono-
mer conversion by 63% and afforded a polymer product of a narrower molecular weight distribution and
a higher degree of crystallinity. Under sonication, the polydispersity index of the product was 1.44 com-
pared to a value of 2.55 for the product of the conventional reaction. With sonication, nearly 75% of the
monomer was converted to product, but the conversion was only 16% for the reaction carried out con-
ventionally. Compared to conventional operation, sonication enhanced the rate of polymer propagation
by >2-fold and the turnover number of the lipase by >3-fold.
 2011 Elsevier B.V. All rights reserved.
1. Introduction
This work is concerned with enzyme-mediated sonication-en-
hanced production of the biodegradable polymer poly-6-hydroxy-
hexanoate, a polyhydroxyalkanoates (PHA). Polymers such as PHA
are important in many industrial and biomedical applications be-
cause of their biocompatibility, biodegradability and attractive
mechanical properties [1,2]. Temporary prostheses, controlled
drug delivery devices, resorbable implants and tissue engineering
scaffolds are some of the products made from biodegradable poly-
mers [3]. Poly-6-hydroxyhexanoate (poly-e-caprolactone) is a semi
crystalline polymer that can be inexpensively produced by ring-
opening polymerization (ROP) of the monomer e-caprolactone
[4,5].
Ring-opening polymerization of lactones and lactides can be
achieved with conventional chemical catalysis or by using biocata-
lysts [6]. Chemical catalysis relies on organometallic compounds
[7] that can contaminate the product and are potentially toxic in
biomedical applications. In contrast, the products of enzyme
mediated biocatalytic ring opening polymerization have little or
no potential for an adverse health impact. In addition, enzymatic
biocatalysis offers an excellent enantiomeric selectivity, speciﬁcity
and catalytic activity under mild reaction conditions. Enzyme
catalyzed ROP can make use of a wide range of substrates including
cyclic lactones. The lipase B enzyme of Candida antarctica has
proved to be a highly effective catalyst for ROP of cyclic lactones
[8–11].
Enzyme mediated synthesis of PHAs by ring opening polymeri-
zation is conventionally carried out in potentially hazardous
volatile organic solvents such as tetrahydrofuran [12,13]. An alter-
native is to use nonvolatile and highly thermostable ionic liquids as
solvents. PHAs and the corresponding monomers tend to be highly
soluble in ionic liquids [4]. Furthermore, enzymes such as lipases
have a longer lifespan in ionic liquids than in conventional organic
solvents [4,14].
Earlier studies of lipase mediated ROP were characterized by
poor stability of the enzyme, a slow rate of reaction, and a low
molecular weight of the polymer product. These problems con-
tinue to limit large-scale commercial use of lipase mediated ROP
[15]. Attempts have been made to improve the performance of
lipase mediated ROP through the use of microwave irradiation
[16,17], supercritical ﬂuids [18], and ionic solvents [12,19,20].
Use of ultrasound holds a substantial potential for enhancing the
performance of biocatalytic processes [21], but sonication has not
been evaluated for lipase mediated ROP. This paper reports on
ultrasound-assisted lipase-catalyzed ROP of e-caprolactone to
poly-6-hydroxyhexanoate and aims to study its kinetics relative
to the non-sonicated process. The product conversion yield and
its selected characteristics were also studied in comparison with
the non-sonicated treatment. The reaction is carried out in a
nonconventional ionic liquid.
1350-4177/$ - see front matter  2011 Elsevier B.V. All rights reserved.
doi:10.1016/j.ultsonch.2011.10.016
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2. Materials and methods
2.1. Materials
All chemicals used were of analytical grade, unless otherwise
stated. The ionic solvent 1-ethyl 3-methylimidazolium tetraﬂou-
roborate [Emim][BF4] (purity >99%) and e-caprolactone monomer
were obtained from Merck (www.merck.com). Standard poly-e-
caprolactone of different molecular weights, tetrahydrofuran,
chloroform and methanol were purchased from Sigma–Aldrich
(www.sigmaaldrich.com). C. antarctica lipase B 435 was purchased
from Novozymes (www.novozymes.com). The enzyme was sup-
plied immobilized on beads of a macroporous acrylic resin [22].
2.2. Methods
2.2.1. Enzymatic ring opening of e-caprolactone
Reactions were performed in triplicate. [Emim][BF4] (6.54 M)
and e-caprolactone (9.02 M) of known water activity were mixed
in 20 mL capped reaction vials. Lipase B (1.5% w/v, g/100 mL) was
added to initiate the reaction except in the primary control vials.
The initial water content and water activity of each reaction mix-
ture were measured using Metrohm Karl Fisher coulometric titra-
tor (831 KF-coulometer; www.mt.com) and Rotronic HygroPalm
water activity meter (HP23-AW; www.rotronic.co.uk),
respectively.
A batch of the reaction vials was subjected to ultrasound irradi-
ation by immersing in a sonicated water bath (Transsonic Tp690/H,
Elma, Germany) operated at a frequency of 35 kHz and a maximum
ultrasound rated power of 320 W. The vials were irradiated for
20 min. Then, they were taken out of the sonication bath and the
reaction was allowed to progress until speciﬁed time in automatic
shaking incubator (Daihan LabTech, Korea) at 200 rpm, 55 C. A
second batch of vials (without sonication) was incubated in the
automatic shaking incubator for 20 min at 200 rpm and 55 C,
and then the reaction was allowed to progress until speciﬁed time
under the same experimental conditions. These nonsonicated vials
served as secondary controls.
At speciﬁc intervals, vials were removed and 20 mL of chloro-
form was added to the viscous reaction mixture in each vial to stop
the reaction. The mixture was then immediately suction ﬁltered
through a 0.40 lm PTFE ﬁlter membrane to remove the lipase
beads. The ﬁnal water content and the water activity in each reac-
tion vial were measured prior to quenching, as speciﬁed above.
2.2.2. Product recovery
The product (poly-6-hydroxyhexanoate) was recovered by con-
centrating the ﬁltrate from the previous section to about 4 mL at
40 C in a rotary evaporator (LABOROTA C-311; www.heidolph-
instruments.com) under reduced pressure. Cold methanol (metha-
nol to reaction mixture ratio of 2:1 by vol) was then added to pre-
cipitate the product and the solids were ﬁltered. The crude white
precipitate of the poly-6-hydroxyhexanoate was re-dissolved in
10 mL of chloroform, concentrated to 4 mL as above, precipitated
again with methanol and recovered. This process was repeated a
further three times to purify the product. The recovered product
was dried overnight under vacuum and subsequently subjected
to 1H NMR and FTIR analyzes. The same extraction and puriﬁcation
steps were used to monitor the increase in weight of the polymer
during the reaction.
2.2.3. Qualitative analysis of the product
2.2.3.1. FTIR spectroscopy. Spectra were recorded using a Perkin El-
mer FTIR RX 1 spectrometer (Perkin-Elmer Inc., Wellesley, MA,
USA). About 0.01 mg of the synthesized poly-6-hydroxyhexanoate
sample was ground with 0.02 mg of dried potassium bromide (KBr)
pellets as carrier and cast on a FTIR carrier-nut as a thin transpar-
ent ﬁlm. Poly-e-caprolactone standard (CAS 24980-41-4, Sigma–
Aldrich) was subjected to the same treatment. The spectra were re-
corded at room temperature between 4000 and 400 cm1 with
4 cm1 resolution running 10 scans.
2.2.3.2. 1H NMR analyzes. The proton NMR spectra were recorded
on a JEOL JNM-GSX 270 FT-NMR (JOEL Ltd., Tokyo, Japan) machine
at 250 MHz. Deuterated chloroform (CDCl3) was used as the sol-
vent and tetramethylsilane (TMS) was the internal reference stan-
dard. The sample was prepared by dissolving 5 mg of it in 2 mL of
deuterated chloroform. About 1.5 mL of this solution was with-
drawn using a borosilicate glass syringe and ﬁltered into an NMR
tube via a 0.02 lm disposable ﬁlter cartridge.
2.2.3.3. Gel permeation chromatography (GPC). GPC analyzes were
carried out on a Waters 600-GPC (Waters Corp., Milford, MA,
USA) instrument equipped with a Waters refractive index detector
(model 2414). The instrument was equipped with following gel
columns (7.8 mm internal diameter  300 mm) connected in ser-
ies: HR1, HR2, HR5E and HR5E Waters Styrogel HR-THF. The GPC
measurements were used to characterize the weight averaged
molecular weight (Mw), the number averaged molecular weight
(Mn) and the polymer distribution index (polydispersity index,
PDI) of both the synthesized polymer samples and the secondary
control polymer samples. Monodisperse polystyrene standards of
different molecular weights (3.72  102, 2.63  103, 9.10  103,
3.79  104, 3.55  105, 7.06  105, 3.84  106 and 6.77  106 Da)
were used to generate the calibration curve. The polymer samples
were dissolved in tetrahydrofuran (THF) at a concentration of
2.0 mg mL1, ﬁltered through a 0.22 lm ﬁlter and injected
(100 lL) at 40 C. THF at a ﬂow rate of 1.0 mL min1 was the mo-
bile phase. The polydispersity index (PDI) was calculated as
follows:
PDI ¼ Mw
Mn
ð1Þ
2.2.3.4. Differential scanning calorimetry (DSC). DSC analyzes of the
synthesized poly-6-hydroxyhexanoate were performed using a
Perkin-Elmer differential scanning calorimeter (DSC 6; Perkin-El-
mer Inc., Wellesley, MA, USA). Scans were made under a nitrogen
ﬂow rate of 50 mL min1. The temperature range of the scans
was between 65 C and 125 C. Heating/cooling rate was
20 C min1. The melting temperature (Tm) was taken at the peak
of the DSC thermogram endotherm.
2.2.3.5. Thermogravimetric analysis (TGA). TGA analysis was per-
formed on a Perkin-Elmer TGA 4000 instrument (Perkin-Elmer
Inc., Wellesley, MA, USA). The samples were heated from 50 C to
900 C at a heating rate of 10 C min1 under a nitrogen ﬂow rate
of 20 mL min1.
3. Results and discussion
The catalytic action of lipases has been previously reviewed [23].
The active site of the enzyme consists of a catalytic triad of the
amino acid residues of serine105, histidine224 and aspartate187
(Fig. 1). These catalytic residues are involved in the ring opening
polymerization of e-caprolactone in the ionic solvent [Emim][BF4],
as postulated in Fig. 1. The utilization of e-caprolactone for the poly-
merization reaction obeys Michaelis–Menten kinetics as shown
later in this paper. The kinetics of the overall polymerization
process suggests that the rate-determining step is the formation
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of the acyl–enzyme intermediate complex [24–26] (Fig. 1). The
reaction to produce x-hydroxycarboxylic acid, probably the short-
est polymer propagating species is initiated by a nucleophilic attack
of the water present in the reaction medium on the acyl carbon of
the acyl–enzyme intermediate. The acyl-enzyme intermediate
undergoes further nucleophilic attack by the terminal hydroxyl of
the propagating polymer (or watermolecule) to result in elongation
of the polymer chain by one unit (or chain termination). This pro-
cess continues.
The basic polymerization process is the same irrespective of
whether ultrasound is involved, but sonication affects both the cat-
alytic characteristics of the enzyme and how it interacts with the
monomer and the growing polymer. Thus the characteristics of
the polymer produced differ depending on whether sonication is
used. The characteristics of the polymer produced under various
conditions and the impact of sonication on the kinetics of polymer-
ization are discussed in the following sections.
3.1. Product characterization
3.1.1. FTIR analysis
Fig. 2 compares of the FTIR spectra of theproduct producedunder
sonication, the product produced without sonication and the
authentic polymer standard. In the spectra (Fig. 2a and b), the
absorption bands at 3438.19 cm1 indicate the presence of hydroxyl
groups conﬁrming the formation of a linear polymer chain [27]. The
absorption bands at 2945.12 cm1 and 2866.16 cm1 were attrib-
uted to the expected asymmetric and symmetric CH2 stretching
vibrations, respectively. In all spectra (Fig. 2), the absorption band
at 1724.15 cm1 was attributed to carbonyl (C=O) stretching vibra-
tions. The band at 1369.27 cm1 was assigned to CH3 groups. The
absorption band at 1240.77 cm1 was due to asymmetric COC
stretching vibrations. The bands at 1196 and 1195 cm1 were asso-
ciated with the OC–O stretching vibrations. The bands from 1169 to
1174 cm1 were assigned to symmetric COC stretching vibrations.
The series of absorption bands from 1108 cm1 to 453 cm1 were
attributed to C–O and C–C stretching vibrations in the amorphous
phase. These spectral observations were consistent with data previ-
ously reported by Elzein et al. [28] for the same polymer.
The absence of an absorption band at 870 cm1 revealed this
polymer to be not syndiotactic and the absorption bands at 840,
842 and 1047 cm1 conﬁrmed the synthesized polymer to be iso-
tactic [29]. Both synthesized polymer samples (Fig. 2a and b)
showed evidence of a crystalline character in view of the absorp-
tion bands in the region of 1296–1294 cm1. The spectra of the
synthesized products agreed well with the spectrum of the stan-
dard poly-e-caprolactone of a similar number averaged molecular
weight (Mn  10,000 Da) and with the data reported in the litera-
ture [27,30,31].
3.1.2. Proton NMR analysis
A comparison of the 1H NMR spectra of the synthesized prod-
ucts (Fig. 3a and b) with the spectrum of the poly-6-hydroxyhex-
anoate standard (Fig. 3c), and the other literature data [6,30]
conﬁrmed the product samples to be poly-6-hydroxyhexanoate.
In the spectra in Fig. 3, the triplet chemical shifts a
(d = 2.39 ppm) were due to the methylene protons located at the
a-positions of the ester carbonyl carbons. The broad quartet chem-
ical shifts ‘b, d’ at 1.66 ppm (Fig. 3a–c) were attributed to the meth-
ylene protons located at positions b and d of the ester group,
respectively. The broad quartet chemical shifts c at 1.37 ppm were
assigned to protons of methylene at the c-position of the carbonyl
ester. The triplets e at 4.17 ppm were ascribed to the methylene
protons of position e of the ester group. The narrow triplet chemi-
cal shifts f (3.66 ppm) were due to the carbinol protons. The further
triplets at 4.20 ppm originated from the methylene protons in the
dimer [30,32].
3.2. Thermal analysis
Differential scanning calorimetry (DSC) and thermogravimetric
analysis (TGA) were used to further characterize the synthesized
polymers. The DSC thermograms of the polymer samples are
shown in Fig. 4.
The polymer produced via ultrasound assisted synthesis had a
melting temperature (Tm) of 58.46 C (Fig. 4) which was in good
agreement with the literature [33]. The melting temperature of
the polymer produced using the nonsonicated synthesis was
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signiﬁcantly lower at 49.84 C (Fig. 4). This lower than expected
melting temperature could be explained by a low molecular
weight (Mw) of the product formed in the absence of sonication
as clearly seen in Table 1. In sonicated synthesis, polymerization
reaction proceeded faster (Table 1) and for longer because the
microstreaming associated with sonication improved mass trans-
fer of the monomer to the active site of the enzyme in a reaction
mixture that became increasingly viscous with time and therefore
increasingly mass transfer limited [34].
The higher molecular weight of the polymer formed under son-
ication was conﬁrmed directly by gel permeation chromatography
as well as by a higher DSC endothermic enthalpy of fusion (DHf) of
86.38 J g1 compared to a much lower DHf value of 39.29 J g1 for
the product formed via nonsonicated synthesis. Endothermic en-
thalpy of melting is known to decrease with a decrease in molecu-
lar weight of a polymer [35].
Using the measured endothermic melting enthalpy (DHf) and
the melting temperature (Tm), the entropy of fusion (DSf) could
be calculated as follows:
DSf ¼ DHfTm ð2Þ
The DSf values were 1.48 J g1 C1 for the polymer produced
under sonication and 0.79 J g1 C1 for the material produced
without sonication. Therefore, the polymer produced by sonicated
synthesis had a higher degree of crystallinity compared to the
polymer produced without using ultrasound.
The degree of crystallinity (Xc) of the polymer samples could be
calculated directly from the DSC thermogram data using the fol-
lowing equation:
Xc ¼ DHfDHf
ð3Þ
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Fig. 2. FTIR spectra of poly-6-hydroxyhexanoate synthesized at 55 C: (a) 8 h of reaction after 10 min of sonication; (b) 24 h of reaction without sonication; (c) standard
poly-6-hydroxyhexanoate (Mn  10,000 Da).
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where DHf is the endothermic melting enthalpy of the 100% crystal-
line poly-6-hydroxyhexanoate (142 J g1) as reported in the litera-
ture [28]. Using the above equation, the polymer made via
sonicated synthesis was found to have an Xc value of 0.61 (or crys-
tallinity of 61%). In contrast, the polymer formed without the use of
ultrasound had a much lower crystallinity of 28%. The higher crys-
tallinity achieved under sonication is explained by the microstrea-
ming motions that occur under sonication [21] helping to align
the polymer molecules to pack them more tightly together. Ultra-
sound has been previously reported to affect interactions between
polymer molecules [34,36].
Based on thermogravimetric measurements (data not shown),
the polymer samples displayed appreciable durability to thermal
degradation. Most (>99%) of the polymer produced under sonica-
tion had an initial thermal degradation temperature (Ti) of about
380 C and a maximum thermal degradation temperature (Td) of
about 509 C. The highest rate of change on the weight loss curve
occurs at 420 C. In comparison with this, only 89% of the polymer
produced under nonsonicated conditions had a Ti of about 330 C
and a Td of about 464 C. The highest rate of change on the weight
loss curve was observed at 380 C. These differences in resistance
to thermal degradation are explained primarily by the differences
in the average molecular weights and the degrees of crystallinity
of the different polymer samples.
3.3. Reaction kinetics
The e-caprolactone monomer conversion to poly-6-hydroxy-
hexanoate was calculated using the weight of vacuum dried prod-
uct formed and the initial weight of the monomer charged into the
reaction ﬂasks. The volumetric productivity (/, g L1 h1) of the
reaction system was calculated using the following equation:
Fig. 3. 1H NMR spectra of poly-6-hydroxyhexanoate synthesized at 55 C: (a) 8 h of reaction after 10 min of sonication; (b) 24 h of reaction without sonication; (c) standard
poly-6-hydroxyhexanoate (Mn  10,000 Da). The numbers at baselines of the peaks represent the integrated areas of the peaks.
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/ ¼ ½P
Dt
ð4Þ
where [P] is the ﬁnal concentration of the polymer and Dt is time
required for the synthesis.
The reaction conversion was calculated as the percentage of the
initial monomer converted to the product. The molar rate of poly-
mer production was calculated as the initial rate of increase in the
weight of the polymer in the reaction mixture at a speciﬁed con-
centration of the enzyme.
The measured initial rate of monomer consumption (vp) in the
polymerization reaction at various initial concentrations of the
monomer ﬁtted the Michaelis–Menten kinetics; thus,
vp ¼ vmax½MKM þ ½M ð5Þ
where [M] is the concentration of the monomer, vmax is the constant
maximum possible reaction rate at a given concentration of the en-
zyme, and KM is Michaelis constant. The KM and vmax values were
determined by nonlinear regression of the data using the Polymath
6.0 software (www.polymath-software.com).
The catalytic constant (kcat) could be calculated from the vmax
value using the following equation:
kcat ¼ vmax½E0
ð6Þ
where [E]0 is the concentration of the enzyme. The enzyme concen-
tration was calculated from the known concentration of the immo-
bilized enzyme placed in the reaction vial, the known molecular
weight of the lipase B of 33,000 g mol1 and the knowledge that
the immobilized enzyme preparation contained 2% (g/100 g) of ac-
tive protein as reported in literature [33,37,38].
The polymer concentration is related to the monomer conver-
sion and the number averaged molecular weight of the polymer
ðMnÞ, as follows:
½Pn ¼ ð½M0  ½MtÞMW
Mn
ð7Þ
where [M]0 is the initial concentration of the monomer, [M]t is the
monomer concentration at time t and MW is the molecular weight
of the monomer (MW = 114.14 g mol1). The degree of polymeriza-
tion (Xn) was calculated by using the following equation:
Xn ¼ MnMW ð8Þ
where Mn is the number average molecular weight and MW is the
molecular weight of the monomer.
The kinetic parameters for the reaction (vmax, KM, kcat, /) are
summarized in Table 1 for both the sonicated and nonsonicated
treatments. In the monomer concentration range of 4.51–
13.53 M, the catalytic constant value (kcat, Table 1) for the enzyme
was higher under sonicated conditions than for the nonsonicated
reaction. The enzyme’s speciﬁcity constant (kcat/KM) for both the
sonicated and nonsonicated treatments vary within a very narrow
range. Under sonicated conditions, therefore, the enzyme was a
better catalyst. Sonication likely improved the mass transfer of
the monomer to the active site of the enzyme by inducing cavita-
tion-associated microturbulence [21]. In addition, sonication may
have contributed to enhancing the pulsating motions that occur
within an enzyme molecule, to improve its binding–unbinding
interactions with the substrate and the reactant [21]. Liu et al.
[34] reported similar observations in relation to the effects of ultra-
sound on lipase-catalyzed hydrolysis of soy oil in a solvent-free
system.
3.4. Volumetric productivity and monomer conversion
Time proﬁles of the volumetric productivity (/) of the polymer
and the monomer conversion to the product during the reaction
are shown in Fig. 5. In the sonicated reaction, both the initial rate
of increase in productivity and the ﬁnal value are signiﬁcantly
greater than in the nonsonicated polymerization (Fig. 5). In both
cases, after the maximum productivity has been attained, the pro-
ductivity declines with time. In other words, the rate of polymeri-
zation gradually slows. This is attributed to two factors. First, as the
polymer concentration in the solvent and the average molecular
weight of the polymer increase, the viscosity of the reaction mix-
ture increases and the mass transfer of the monomer to the en-
zyme progressively slows down. Secondly, the increasing size of
the polymer molecules with time slows the diffusive transport of
the polymer molecule irrespective of the viscosity of the solvent
and this contributed to slowing the reaction.
The percentage conversion of the monomer increased hyperbol-
ically with reaction time until further reaction became effectively
impossible because of mass transfer limitations (Fig. 5). The max-
imum value of the monomer conversion was at most 20% (Fig. 5)
in the nonsonicated reaction and was attained after 42 h of reac-
tion. In contrast, under the sonicated conditions, the maximum va-
lue of the monomer conversion was nearly 2.7-fold higher at 73.2%
and was attained by around 45 h (Fig. 5).
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Fig. 4. Evolution of endothermic heat ﬂow as a function of temperature.
Table 1
Kinetic parameters for the synthesis of poly-6-hydroxyhexanoate.
Synthesis vp
(105 mol L1 s1)
vmax
(104 mol L1 s1)
KM
(M)
kcat
(102 s1)
kcat/KM
L (mol s)1
/
(g L1 h1)
Xn Mn
(Da)
Mw
(Da)
Maximum
conversion (%)
Sonicated 5.7 10.1 17.2 11.1 64.8 0.20 53.4 6037 11,469 73.5
Nonsonicated 5.3 0.9 14.4 10.1 72.2 0.08 11.4 1294 4369 15.7
The bar above the various symbols indicates an averaged value. The maximum standard deviation was ±5% of the average values shown.
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The poor conversion in the absence of sonication has been ob-
served in prior work and has been attributed at least partly to a
progressive loss of activity of the enzymewith time [39,40]. A com-
parable activity loss should occur also in the sonicated conditions
as many enzymes are susceptible to damage by ultrasound [21].
In processes where ultrasound has damaged enzymes, sonication
has nevertheless often increased the rate of the enzyme catalyzed
reaction and the conversion of the substrate. This happens because
the activity enhancing effect of sonication on the enzyme can com-
monly outweigh the damaging effect during the course of a
reaction.
Another explanation for a reducing substrate conversion with
time under nonsonicated conditions has been the accumulation
of water produced by the reaction. As the water content of the
reaction mixture increases, the reaction equilibrium tends to move
towards polymer hydrolysis rather than synthesis and this reduces
the net production of the polymer [41,42]. Perhaps the most
important factor in slowing down the conversion, or the rate of
reaction, is the progressively reduced mass transfer of the sub-
strate to the enzyme as a consequence of the increase in viscosity
because of the formation of the polymer. Sonication of course is
well known to greatly enhance mixing and mass transfer in reac-
tion systems [21,43] and therefore contributes to increasing the
reaction rate and conversion relative to the nonsonicated condi-
tions (Fig. 5).
3.5. Inﬂuence of sonication on the molecular weight of the polymer
Both the number average molecular weight (Mn) of the polymer
and the weight average molecular weight (Mw) increased as the
reaction progressed (Fig. 6). The ﬁnal Mn and Mw values were both
higher in the sonicated reaction compared to the reaction carried
out conventionally (Fig. 6). Therefore, sonication clearly contrib-
uted to an increased average length of the polymer molecules. This
was attributed to sonication improving the supply of the monomer
to the growing polymer molecule at the active site of the enzyme, a di-
rect consequence of improved mass transfer through microstreaming.
Sonication affected the Mn and Mw values and therefore the
polydispersity index (PDI) of the polymer. The PDI of the ﬁnal prod-
uct produced under sonication was substantially lower than for the
product produced under conventional conditions (Table 2). A low
value of PDI implies a polymer with a narrow distribution of molec-
ular weights and better deﬁned properties. Thus, in nonsonicated
synthesis, the polymer size distribution was less well controlled.
During the early part of the reaction, the PDI values for the poly-
mer produced under both sonicated and nonsonicated conditions
were relatively low and similar (Table 2). This was attributed to
a high solvation power of the ionic solvent for the polymer being
formed [44]. In a reaction medium with a high solvation power,
the polymer being produced remains dissolved and the polymer
molecules remain relatively well dispersed so that mass transfer
of the monomer to the growing polymer remains good. As the
polymerization reaction progresses, the polymer concentration
and the average molecular weight become such that mass transfer
becomes poorer unless an external agent such as ultrasound is
used to counter this effect.
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Table 2
Gel permeation chromatography molecular weight of poly-6-hydroxyhexanoate as a
function of reaction time.
Time (h) Nonsonicated synthesis Sonicated synthesis
Mn (Da) Mw (Da) PDI Mn (Da) Mw (Da) PDI
5 766 1075 1.40 1066 1235 1.16
12 874 1260 1.44 4294 5091 1.19
24 921 1558 1.69 4983 6003 1.20
30 1202 2804 2.33 6024 7573 1.26
39 1294 3015 2.33 7575 10,268 1.36
42 1294 3456 2.67 8061 11,177 1.40
48 1492 4477 3.00 8489 11,942 1.41
58 2345 7245 3.09 9001 13,245 1.47
65 2596 8795 3.39 9867 14,567 1.48
78 2707 9321 3.44 9887 18,243 1.85
86 3003 9785 3.26 9998 20,626 2.06
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Ultrasound also has the potential for increasing the effective
nucleophile concentration in a reaction medium by splitting water
to create hydrogen and hydroxyl radicals [45] and this can result in
an enhanced rate of chain propagation and monomer conversion.
This can also result in an increased rate of polymer hydrolysis
and chain cleavage to reduce the average molecular weight [46,47].
3.6. Effects of enzyme loading
In separate studies, the ring opening polymerization reaction to
produce poly-6-hydroxyhexanoate was carried out at the immobi-
lized lipase concentrations ranging from 8 to 20 g L1. The effects
of enzyme concentration on the rate of polymerization (vp) and
the monomer conversion are shown in Fig. 7 for the sonicated
and nonsonicated reaction systems.
In view of Eq. (6), an increased loading of the enzyme is ex-
pected to increase the value of the constant vmax and, therefore,
the rate of the polymerization is expected to increase for a given
initial concentration of the monomer, as in Eq. (5). The results in
Fig. 7a for the sonicated synthesis therefore concur with expecta-
tions. For the nonsonicated synthesis, increasing the enzyme con-
centration had a relatively minor impact on the conversion
(Fig. 7b) and barely any effect on the rate of polymerization once
the enzyme concentration was P12 g L1. Similar results were re-
ported [34] in a study of the effects of ultrasound on lipase-cata-
lyzed hydrolysis of soy oil in a solvent-free system. This behavior
is readily explained. As the enzyme is added in the form of parti-
cles, a high concentration of the enzyme produces relatively vis-
cous slurry, which is difﬁcult to mix. Poor mixing reduces mass
transfer and the rate of reaction fails to increase with increasing
concentration of the enzyme. As a consequence of the turbulence
enhancing effect of ultrasound, the sonicated reaction system re-
mains well mixed up to a high concentration of the enzyme and
the reaction rate therefore continues to increase as more enzyme
is added. In a sonicated system, the rate of hydrolysis of soy oil
was found [34] to increase linearly with increasing concentration
of the lipase particles up to an enzyme loading of 20 g L1.
Concomitantly, the results also indicated that for a particular
enzyme concentration used, the turnover number (mol prod-
uct (mol enzyme)1) is consistently higher for the sonicated
treatments as compared to the non-sonicated ones (Fig. 7b).
4. Conclusions
In lipase-mediated synthesis of poly-6-hydroxyhexanoate via
ring opening polymerization of e-caprolactone in an ionic solvent,
ultrasonic irradiation of the reaction system greatly enhanced the
rate of polymerization and the extent of the monomer conversion
to the product. Sonication improved the quality of the polymer
produced, by enhancing its molecular weight, increasing its crys-
tallinity and reducing its polydispersity relative to the polymer
formed under nonsonicated control conditions. The observed ef-
fects of ultrasound could be explained by an improved mass trans-
fer in the reaction system and an enhanced turnover number of the
enzyme subjected to sonication-induced microstreaming.
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a b s t r a c t
Four different lipases were compared for ultrasound-mediated synthesis of the biodegradable copolymer
poly-4-hydroxybutyrate-co-6-hydroxyhexanoate. The copolymerization was carried out in chloroform.
Of the enzymes tested, Novozym 435 exhibited the highest copolymerization rate, in fact the reaction
rate was observed to increase with about 26-fold from 30 to 50 C (7.9  103 M s1), sonic power inten-
sity of 2.6  103 Wm2 and dissipated energy of 130.4 J ml1. Copolymerization rates with the Candida
antarctica lipase A, Candida rugosa lipase, and Lecitase Ultra™ were lower at 2.4  104, 1.3  104 and
3.5  104 M s1, respectively. The catalytic efﬁciency depended on the enzyme. The efﬁciency ranged
from 4.15  103 s1 M1 for Novozym 435–1.48  103 s1 M1 for C. rugosa lipase. Depending on the
enzyme and sonication intensity, the monomer conversion ranged from 8.2% to 48.5%. The sonication
power, time and temperature were found to affect the rate of copolymerization. Increasing sonication
power intensity from 1.9  103 to 4.5  103 Wm2 resulted in an increased in acoustic pressure (Pa) from
3.7  108 to 5.7  108 N m2 almost 2.4–3.7 times greater than the acoustic pressure (1.5  108 N m2)
that is required to cause cavitation in water. A corresponding acoustic particle acceleration (a) of
9.6  103–1.5  104 m s2 was calculated i.e. approximately 984–1500 times greater than under the
action of gravity.
 2012 Elsevier B.V. All rights reserved.
1. Introduction
Polyhydroxyalkanotes are polyesters that can be produced from
various monomers by the action of lipases [1,2]. In aqueous media,
lipases catalyze the hydrolysis of ester bonds, but in a milieu with
sparing quantities of water they catalyze ester synthesis to pro-
duce polyesters and other products [1]. A wide range of PHA homo-
polymers, copolymers and functionalized copolymers can be
produced using enzyme catalysis [2]. Compared to nonenzymatic
forms of catalysis, lipases offer an excellent enantiomeric selectiv-
ity, speciﬁcity and catalytic activity under mild reaction conditions
[2,3], but lipase-catalyzed production of copolymers is often slow
and troubled by low yields. The copolymer formed often has a rel-
atively low molecular weight. Some of these problems are associ-
ated with a poor mass transfer of the monomer to the growing
copolymer chain at the active site of the enzyme. The mass transfer
becomes poorer as the reaction proceeds, the copolymer chain
lengthen and the viscosity of the reaction medium increases. At-
tempts have been made to improve lipase-mediated copolymeriza-
tion through various methods [4–6]. In this respect, the use of
ultrasonic irradiation of the reaction mixture has proven to be par-
ticularly promising [1,7–12]. It has been mentioned that the chem-
ical effects of ultrasound process are derived primarily from
acoustic cavitation [13,14]. In this process the cavitation bubble
collapse results in the release of an enormous amount of energy
and temperature into the dissipating liquids. The induction of
these short-lived high temperatures and pressures, combined with
extraordinarily rapid cooling are said to highly inﬂuence the deri-
vation of chemical reactions [13].
Ultrasound has been used to improve many biocatalytic pro-
cesses [4,6,9,15]. Sonication generates extreme and rapid cyclic
pressure changes in a ﬂuid [9,11,12]. During the rarefaction phase
of sonication microbubbles of gas and vapor are produced by cav-
itation [15–17]. In the compression phase, these bubbles implode
to generate a violent shock wave that propagates through the ﬂuid
[18,19]. Intense turbulence is produced. This improves the mass
transfer, dispersion of phases and promotes deagglomeration of
the reactants [20]. Motion at the level of enzyme and monomeric
molecules may be induced by sonication to inﬂuence the interac-
tions of the reactants at the active site [1]. All these factors affect
the rate of the reaction. Activity and stability of enzymes is also af-
fected by sonication [21], especially at high transmission of acous-
tic power (high cavitational threshold), which result in the
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deleterious effect on the reactant and the products due to the
excessive increase in cavitational bubbles violent collapse [15].
This work is concerned with ultrasound-mediated lipase-
catalyzed copolymerization of the biodegradable copolymer poly-
4-hydroxybutyrate-co-6-hydroxyhexanoate from a mixture of
c-butyrolactone and e-caprolactone. Four different lipases are
compared for use in this reaction, including three soluble lipases
and one immobilized lipases. The use of the lipase preparation Lec-
itase Ultra™ for the copolymerization of polyhydroxyalkanoates is
reported for the ﬁrst time.
2. Materials and methods
2.1. Materials
All materials used were of analytical grade, unless otherwise
stated. The organic solvents (chloroform, tetrahydrofuran, metha-
nol) and the monomers (c-butyrolactone, e-caprolactone) were
purchased from Merck (Merck, USA). The lipases (Candida antarc-
tica lipase B, Novozym 435; C. antarctica lipase A; Candida rugosa
lipase; Lecitase Ultra™, phospholipase A1 from Thermomyces
lanuginosus) were purchased from Sigma Aldrich (Sigma Aldrich,
USA). Of the enzymes used, the Novozym 435 was an immobi-
lized preparation and the others were used as dissolved enzymes.
2.2. Methods
2.2.1. Enzyme activity
The activities of the lipases were measured as reported by Teng
and Xu [22] in both ultrasonic bath (Elmasonic P30H; Elma, Ger-
many) and conventional automatic shaking incubator (Daihan Lab-
Tech Korea). Thus the enzymes (immobilized Novozym 435 and
unbound Lecitase Ultra™, C. antarctica lipase A and C. rugosa lipase)
each at 20 U mL1 of reaction mixture was added to a vial
containing 10 mL of a 10 mM 4-nitrophenyl palmitate solution in
n-hexane. To this mixture 60 lL of 1 M absolute ethanol was added.
The resulting slurry was sonicated at 37 kHz, 30 C, 1.2 W of sonica-
tion power and 0.38 W cm2 power intensity; or at 200 rpm, 30 C
in conventional automatic shaking process. In each system, the
reaction was allowed to proceed for a period of 80 min. Aliquots
(30 lL each) of the reaction mixture were withdrawn at intervals
and quenched by mixing with 1 mL of 0.1 M NaOH in a quartz cuv-
ette. The 4-nitrophenol liberated by the reaction was measured at
412 nm (UV–Vis spectrophotometer V-630; Jasco, Japan) against a
blank of distilled water. The enzyme activity was calculated as the
slope of a plot of 4-nitrophenol released versus time.
2.2.2. Ultrasonic assisted enzymatic ring opening copolymerization
(ROP)
Triplicate reaction vials of 20 mL volume were used in all exper-
iments. Each vial contained chloroform (10 mL), e-caprolactone
(5 mM) and c-butyrolactone (3 mM). To this mixture, 0.2 g of the
enzyme catalyst was added to initiate the reaction. All reaction
vials were sonicated in an ultrasound bath (Elmasonic P30H; Elma,
Germany) operated at 37 kHz, 40 C, and 0.8 W of the sonication
power and 0.19 W cm2 power intensity, unless stated otherwise.
Aliquot samples (20 lL) of the reaction mixture were withdrawn
at speciﬁc intervals, mixed with 5 lL of absolute ethanol, diluted
with 1.0 mL chloroform and immediately ﬁltered. The residual
monomers were then measured.
At the end of the reaction, the copolymer was extracted by
diluting the reaction mixture with 20 mL of chloroform, followed
by ﬁltration using glass fritted Buchner ﬁlter funnel. The ﬁltrate
was then concentrated to about 3 mL at 50 C under reduced pres-
sure. Subsequently, the copolymer was precipitated by adding to
the concentrate 10 mL of cold methanol (4 C). The solvent was
then decanted and the precipitated copolymer was washed with
ethoxyethane. A minimum of three washes was used to remove
Nomenclature
A volumetric area (cm2)
a particle acceleration (m s2)
[B] concentration of c-butyrolactone (M)
[B]0 initial value of [B] (M)
[B]t value of [B] at time t (M)
[C] concentration of e-caprolactone (M)
[C]0 initial value of [C] (M)
[C]t value of [C] at time t (M)
c speed of sound (m s1)
DSC differential scanning calorimeter
[E] concentration of enzyme (M)
[EB] concentration of the enzyme–butyrolactone complex EB
(M)
[EC] concentration of the enzyme–caprolactone complex EC
(M)
[ECB] concentration of the enzyme–monomer complex ECB
(M)
[ET] total concentration of the enzyme (M)
f frequency (Hz)
GPC gel permeation chromatography
DHf endothermic melting enthalpy (J g1)
DHof endothermic melting enthalpy of the 100% crystalline
polycaprolactone
I sonic power intensity (Wm2)
KBS equilibrium constant (M)
KCS equilibrium constant (M)
KCBM equilibrium constant (M)
KBCM equilibrium constant (M)
k ultrasonic polymer degradation rate constant (s1)
kcat turnover number (s1)
Mn number averaged molecular weight (Da)
Mw weight averaged molecular weight (Da)
PDI polydispersity index
PHA polyhydroxyalkanote
PA amplitude pressure (N m2)
Pa acoustic pressure (atm)
ROP ring opening copolymerization
DSf endothermic entropy of fusion (J g1 C)
TGA thermogravimetric analysis
Td average degradation temperature (C)
Tm melting temperature (C)
m rate of copolymerization (M s1)
mmax the maximum reaction rate (M s1)
V reaction volume (ml)
mp maximum particle velocity (M s1)
Xp apparent degree of crystallinity
Greek letters
g catalytic efﬁciency (s1 m1)
r variance
q bulk density (kg m3)
n particle displacement (m)
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traces of the unreacted monomers and oligomers from the
copolymer. The copolymer was puriﬁed by a further three-stage
precipitation. At each stage, the copolymer was dissolved in chlo-
roform (3 mL), added to cold methanol (10 mL, 4 C) and the white
precipitate is recovered. The ﬁnal extracted product was dried to a
constant weight at room temperature at 30 C under vacuum. A
portion of the dried sample was subsequently subjected to further
authentication analyses.
2.2.3. Quantiﬁcation of residual monomers
The residual monomers were quantiﬁed by GCMSMS. An Agi-
lent triple quadrupole 7000B instrument (Agilent, USA) equipped
with GCMSMS triple axis detector carrying Agilent HP-5 ms col-
umn (30 m long  0.25 mm internal diameter  0.25 lm ﬁlm
thickness), was used. A sample (1 lL) was automatically injected
into the GCMSMS at a split ratio of 1:50. The injection temperature
was 280 C. The column oven temperature proﬁle was as follows:
40 C for 1 min then increased to 120 C at 15 C min1; held at
120 C for 2 min then increased to 250 C at 10 C min1; then held
at 250 C for 10 min. Helium (0.41 bar) was used as the carrier gas
at a ﬂow rate of 48.3 mL min1. Mass spectra were acquired at
1250 scan speed using electron impact energy of 70 eV at 200 C
ion-source temperature and 280 C interface temperature. The data
obtained was used to quantify the residual monomers by compar-
ing with the relevant calibration plots prepared by analyzing stan-
dard solutions of the monomers in chloroform. Analysis of the
standard solution also provided the reference peak retention time,
the ion mass data and the relationship between concentration and
the area under the peak.
2.2.4. Product authentication
FTIR-ATR spectra were recorded at room temperature (25 C)
over a range of 4000–400 cm1 using a Perkin-Elmer FTIR RX 1
spectrometer (Perkin–Elmer Inc., Wellesley, MA, USA). A sample
(0.01 g) of the synthesized copolymer was dissolved in dichloro-
methane and smeared on the NaCl crystal window of the instru-
ment. The spectrum was recorded after the sample had been
dried under vacuum.
Proton NMR spectra were recorded on a JEOL JNM-GSX 270 FT-
NMR (JOEL Ltd., Tokyo, Japan) machine at 250 MHz. About 2 mg
sample was dissolved in Chloroform-D (2 mL) with tetramethylsil-
ane (TMS) as the internal reference standard. About 1.5 mL of the
dissolved mixture was ﬁltered into an NMR tube by using a glass
syringe equipped with a 0.22 lm PTFE disposable ﬁlter (11807-
25, Sartorius Stedim, Germany).
Copolymer average molecular weights were recorded on
Waters 600 (Waters Corp, Milford, MA, USA) equipped with a
Waters refractive index detector (model 2414) and the following
gel columns (7.8 mm internal diameter  300 mm each) in series:
HR1, HR2, HR5E and HR5E Waters Styrogel HR-THF. Monodisperse
polystyrene of different molecular weights (3.72  102, 2.63  103,
9.10  103, 3.79  104, 3.55  105, 7.06  105, 3.84  106 and
6.77  106 Da) were used as standards to produce the calibration
curve. The copolymer samples were dissolved in tetrahydrofuran
(THF) at a concentration of 2.0 mg mL1, ﬁltered through a
0.22 lm PTFE ﬁlter and then injected into the GPC (100 lL) at
40 C. THF at a ﬂow rate of 1.0 mL min1 was used as the mobile
phase.
Differential scanning colorimetric analyses of the synthesized
copolymer were carried out using a Perkin–Elmer differential scan-
ning calorimeter (DSC 6; Perkin-Elmer Inc., Wellesley, MA, USA).
Scans were made under a nitrogen gas ﬂow rate of 50 mL min1
and at temperatures ranging from 60 C to 150 C. The heating-
cooling rate was 20 C min1.
Thermal gravimetric analyses were performed on a Perkin–
Elmer TGA4000 instrument (Perkin-Elmer Inc., Wellesley, MA,
USA). The samples were heated from 50 to 900 C at a rate of
10 C min1 under a nitrogen gas ﬂow rate of 20 mL min1.
2.3. Calculations
The copolymerization reaction involving two monomeric sub-
strates was assumed to follow a random sequential bi bi mecha-
nism according to reported literature [23,24]. The reversible
binding of the monomers, either e-caprolactone (C) or c-butyrolac-
tone (B), to the enzyme (E) was assumed to be rapid. The overall
scheme of the reaction was hypothesized to be as in Fig. 1 where
decomposition of the complex ECB to the product P is the rate-lim-
iting step.
In view of the scheme in Fig. 1, the rate of the product formation
(v) depends on the concentration of the enzyme–monomer com-
plex ECB, as follows:
m ¼ kcat½ECB ð1Þ
where kcat is the turnover number. From Fig. 1, the total concentra-
tion [ET] of the enzyme in the reaction vessel is as follows:
½ET ¼ ½E þ ½EB þ ½EC þ ½ECB ð2Þ
Using Eq. (1), Eq. (2) and the deﬁnitions of the equilibrium con-
stants KCS , K
B
S , K
CB
M and K
BC
M , the rate equation :
v
vmax
¼ ½C½B
KCSK
CB
M þ KCBM ½C þ KBCM ½B þ ½C½B
ð3Þ
where the constant maximum reaction rate vmax is
mmax ¼ kcat½ET ð4Þ
In Eq. (3), KBs is related to the other equilibrium constants as
follows:
KBS ¼
KCBM K
C
S
KBCM
ð5Þ
Nonlinear regression (Polymath 6.0 software; www.polymath-
software.com) was used to calculate the values of the equilibrium
constants and vmax. The regression used the Levenberg–Marquardt
(LM) algorithm involving 64 iterations.
The catalytic efﬁciency g (s1 M1) for the complex ECB is given
by
g ¼ kcat
KBCM
ð6Þ
The endothermic melting enthalpy (DHf) and the melting
temperature Tm are related to endothermic entropy of fusion
(DSf) as follows:
DSf ¼ DHfTm ð7Þ
The apparent degree of crystallinity (Xp) of the copolymer was
calculated using the following equation:
Fig. 1. Reaction scheme for the enzyme catalyzed polymerization of e-caprolactone
(C) and c-butyrolactone (B) to the product P.
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Xp ¼ DHfDHof
ð8Þ
where DHof is the endothermic melting enthalpy of the 100% crystal-
line polycaprolactone (142 J g1) as given in the literature [25]. The
monomer conversion percentage was calculated as follows:
Conversion ð%Þ ¼ ð½C0 þ ½B0Þ  ð½Ct þ ½BtÞ½C0  ½B0
 
 100% ð9Þ
The polydispersity index (PDI) of the copolymer was calculated
as follows:
PDI ¼ Mw
Mn
ð10Þ
The colorimetric analysis of the ultrasonic power, P was deter-
mined according to Eq. (11) as given in literature [16]
P ¼ m cp  DT
Dt
ð11Þ
where P is power (W), m is the mass of the water (g), cp is the spe-
ciﬁc heat capacity of water (4.18 J g1 K1), T is the temperature (K)
and t is the sonication time (s).
The sonic power intensity, I (W cm2) was calculated according
to,
I ¼ P
A
ð12Þ
where A is the reaction volumetric area (cm2)
The sonication-dissipated energy, E (J ml1) is given by Eq. (13).
E ¼ P  t
V
ð13Þ
where V is the reaction volume (ml)
The sonication amplitude (PA) and acoustic (Pa) pressures were
calculated according to Eqs. (14) and (15) respectively, [26].
PA ¼ ð2  q  c  IÞ1=2 ð14Þ
Pa ¼ PA  sin2p  f  t ð15Þ
where q is the bulk density (kg m3), c is the speed of sound
(1500 m s1) and f is the sonication frequency.
The particle’s maximum velocity (vp) and displacement (n) are
given by Eqs. (16) and (17) respectively.
vp ¼ PAq  c ð16Þ
n ¼ vp
2p  f ð17Þ
Particle acceleration (a) is given by Eq. (18).
A ¼ 4  p2  f 2  n ð18Þ
The ultrasonic degradation rate k (s1) was calculated according
to,
K ¼
ð M0Mcð ÞM0 Þ
Dt
ð19Þ
where M is the initial average molecular weight and at time t.
3. Results and discussion
The lipase catalyzed ring-opening copolymerization of two cyc-
lic lactone monomers was interpreted in terms of the random
sequential Bi Bi kinetics shown in Fig. 1. This led to the rate Eq.
(3). Concentrations of the monomers and the enzyme inﬂuenced
the rate of copolymerization.
The basic enzyme catalyzed copolymerization process is the
same irrespective of whether sonication is used, but sonication af-
fects the rate of copolymerization. Sonication inﬂuences the copo-
lymerization kinetics in multiple ways: 1. by enhancing the rate of
mass transfer of the monomers to the active site of the enzyme
[1,21]; 2. by directly affecting the catalytic activity of the enzyme
and how it interacts with the monomers and the growing copoly-
mer [1,21]; and 3. by affecting the stability of the enzyme [9,21,27].
The characteristics of the product formed and the effects of the var-
ious factors on the kinetics of copolymerization are discussed in
the following sections.
3.1. Product characterization
The synthesized copolymer was characterized by 1H NMR, FTIR,
TGA, GPC and DSC. Fig. 2A shows the comparative 1H NMR spectra
of the copolymers synthesized in both ultrasonic and non-
ultrasonic processes. In general, the chemical shift ‘a’ at 2.35 ppm
is due to the methylene protons located at the a-position of the es-
ter carbonyl carbons (–C(@O)–C) in both caprolactone and butyro-
lactone copolymers, respectively. The broad quartet of chemical
shifts ‘b, d, f ’ at 1.67 ppm is due to the b–methylene protons lo-
cated at –OC(@O)–C, respectively. The broad quartet of shifts
‘c’ at 1.31 ppm is assigned to the b-methylene proton at the –C
in caprolactone copolymer. The peak ‘e’ at 4.05 ppm is associated
with the a–methylene protons at positions of –OC(@O)–C–. The
narrow peaks (x) at 3.66 ppm are due to the terminal carbinol pro-
tons (–O) adjacent to a-methylene protons. Both spectra (Fig. 2A)
were found to be in consistent with previously reported data for
the same copolymer [28]. As expected, the 1H NMR spectra were
independent of the type of lipase used. However, in comparison
to the non-sonicated sample, the signal strength was more pro-
nounced in the sample from ultrasonic processes than that in the
conventional shaking process, and this was attributed to the
increased concentration of the product in the sonicated sample.
The FTIR spectrum of the synthesized copolymer is shown in
Fig. 2B. The absorption bands at 3499 cm1 indicate the presence
of hydroxyl group conﬁrming the formation of a linear copolymer
chain [29]. The absorption bands at 2995 cm1 correspond to the
expected CH2 stretching vibrations. The absorption band at
1731 cm1 is linked to the carbonyl (C@O) stretching vibrations.
The absorption band at 1330 cm1 is due to the asymmetric
stretching vibration of COC. The band at 1258 cm1 is due to the
C–O stretching vibration in OC–O. The bands from 1125 to
1174 cm1 are due to symmetric COC stretching vibrations. The
series of absorption bands from 1108 to 453 cm1 correspond to
C–O and C–C stretching vibrations, respectively (Fig. 2B). The FTIR
spectrum (Fig. 2B) agreed well with the literature data [25,28].
Consistent with expectation, the FTIR spectra were independent
of the type of lipase used.
The GPC analysis showed that the copolymer molecular weight
(Mw andMn) depended on the speciﬁc type of the lipase biocatalyst
used (Table 1). The lipases that had a high value of the maximum
reaction rate (vmax, Table 2) produced a copolymer with a higher
molecular weight (Table 1), simply because the high reaction rate
with increasing sonication time allowed the copolymer chain to
grow longer in a given timeframe. No peaks of low molecular
weight were observed in the GPC chromatograms, thus indicating
an absence of e-caprolactone and c-butyrolactone monomers.
Any residual monomer had been washed away in the preparation
of the copolymer sample for the GPC analysis.
The DSC calorimetric analysis showed the copolymer samples
to have an average melting temperature (Tm) of 54.1 ± 0.7 C and
an average apparent degree of crystallinity (Xp) of 0.5 (Table 1),
irrespective of the catalyst used. The average value of the apparent
melting enthalpy (DHf) was 70.4 ± 5.3 J g1. For all products
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(Table 1), the average entropy of fusion was 1.3 ± 0.1 J g1 C1. The
thermal gravimetric analysis revealed the copolymer to have an
average degradation temperature (Td) of 205.1 ± 6.3 C (Table 1).
These observed properties of the copolymer were consistent with
the earlier reports [28,30].
Depending on the enzyme, the GCMSMS analysis of the residual
monomers showed the copolymer to contained about 92% capro-
lactone and 8% butyrolactone in Lecitase Ultra™ catalyzed synthe-
sis. Novozym 435 was observed to polymerize a copolymer of 85%
caprolactone and 15% butyrolactone components. C. rugosa lipase
A
Fig. 2. (A) 1H NMR spectrum of the copolymer produced in ultrasonic and conventional shaking process using Lecitase UltraTM. Reaction conditions: ultrasound-assisted
process (40 C, 37 kHz ultrasound at 1.1 W sonication power and 2.6  103 Wm2 power intensity); Shaking process (200 rpm, 40 C) and (B) FTIR spectrum of the copolymer
produced using Novozym 435 lipase in a sonicated process at the same conditions as in (A).
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synthesized a copolymer of 96% caprolactone and 4% butyrolactone
while C. antarctica lipase A synthesized a copolymer of only 2%
butyrolactone component. This variation in copolymer component
among the enzymes could be due to reported differences in enzy-
matic selectivity, reactivity, speciﬁcity and thermodynamic stabil-
ity especially in micro-aqueous media [2,9,31]. The observed low
butyrolactone content could be due to the reported thermody-
namic stability of the butyrolactone monomer which make it difﬁ-
cult to enzymatically be polymerized as a result of low ring strain
energy (36.6 ± 0.2 kJ mol1) as compared to caprolactone
(44.7 kJ mol1) making e-caprolactone to be more active in ROP
than the butyrolactone [28,32]. Similar observation has been re-
ported in literatures [28,30,32].
3.2. Effect of ultrasonic on the enzymes activity
The induction of cavitational bubbles collapse leads to the gen-
eration of very high local pressure (up to 1000 atm), temperatures
(up to 5000 K) and shear forces that increased the ﬂuid velocity
which facilitates mass transfer and enhanced mixing of substrate,
enzyme, and products [33]. Ultrasonic irradiation has previously
been reported to increase different enzymes activity. In this study,
we observed a general increase in enzymatic activity in ultrasonic
process (Fig. 3A) as compared to the conventional shaking process
(Fig. 3B). In fact, in comparison to the shaking process about 2.5-
fold increase in activity was observed in Novozym 435 under ultra-
sonic process with highest activity 7.9  103 M s1 been observed
at 60 min and continue to increase albeit at lower rate up to
80 min. The increase in activity of the free enzymes (unbound)
samples was observed to range between 1.8 and 1.5-fold with
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Table 1
Thermal properties of the copolymer made using various lipases.
Enzyme Tm (±0.2) C Td (±0.2) C Xp DHf (±0.1) J g1 DSf (±0.1) J g1 C1 Mn Da Mw Da PDI
Candida antarctica lipase A 53.7 198.7 0.5 67.9 1.3 6745 8799 1.3
Novozym 435 54.5 209.5 0.5 75.3 1.4 11,689 13,567 1.2
Lecitase UltraTM 54.8 211.3 0.5 74.2 1.4 10,909 12,502 1.1
C. rugosa lipase 53.2 200.8 0.5 64.1 1.2 2729 3456 1.3
Table 2
Kinetics parameters of the various enzymes during synthesis of the copolymer.
Enzyme vmax  103 M s1 KCBM  101 M KBCM 101 M KCS  101 M KBS  101 M kcat  10
4 s1 g  103 s1 M1 Conversion % (M/M) R2 r  105
Candida antarctica
lipase A
4.7 2.75 1.17 1.29 3.03 2.35 2.01 11.0 0.98 5.72
Novozym 435 9.8 2.81 1.18 1.31 3.12 4.90 4.15 48.5 0.98 5.77
Lecitase UltraTM 6.8 2.76 1.18 1.30 3.04 3.40 2.88 28.4 0.98 5.75
C. rugosa lipase 3.5 2.72 1.18 1.27 2.93 1.75 1.48 8.2 0.97 6.02
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activity varying from 4.7  10-3 M s1 in Lecitase Ultra™ to
2.9  103 M s1 in C. rugosa lipase, while C. antarctica lipase A
have an activity of 3.7  103 M s1. Similar observations were
previously reported where Lin and Liu [34] observed 83-fold in-
crease in lipase activity under ultrasonication during lipase-
catalyzed acylation of a naphthol derivative with vinyl acetate in
benzene-ether mixture. Barton et al. [35] reported 37% increase
in activity of invertase at 0.9 M sucrose hydrolysis, while 20%
and 43% increase in glucoamylase and a-amylase activities in
starch hydrolysis respectively. Vulfson et al. [36] reported an in-
creased in subtilisin activity when pretreated by ultrasound in
alcohol. They observed the increment to be inﬂuenced by the
chain-length of the alcohol with 6–8 times increase in octanol as
compared to shorter chains alcohol. They concluded that the in-
crease in enzymatic activity depend largely on the solvents type
and chemical structure.
In general, Novozym 435 activity was observed to be unaffected
by the ultrasonic condition up to 80 min, probably due to the
immobilization which has been reported to enhance the stability
of the enzymes. Unlike in Novozym 435, the highest activities in
the unbound enzymes were achieved at earlier time (30 min) prob-
ably due to the free and constant contact with the substrates
(Fig. 3A). Unfortunately, these unbound enzymes are highly ex-
posed and hence susceptible to the physical and chemical effects
of cavitational collapse as well as reaction media water activity.
Thus, they suffer the effect of ultrasonic irradiation more at a long-
er reaction time, which could probably led to the lowered activity
as compared to the immobilized Novozym 435. On the other hand,
Fig. 3B showed that due to the absence of a more efﬁcient mass
transfer via ultrasound irradiation, the enzymes activities were rel-
atively lower although gradual increase up to 80 min of reaction
time was observed.
3.3. Enzyme kinetics
The kinetic parameters of the copolymerization reaction with
the different catalysts are shown in Table 2. In this study, all reac-
tions were carried out at 40 C with a sonication power level of
1.6 W using 37 kHz ultrasound. The initial concentration of e-cap-
rolactone and c-butyrolactone was 5 and 3 mM, respectively. The
concentration of the enzyme catalyst was 20 U mL1.
The maximum reaction rate (vmax), the turnover number (kcat)
and the catalytic efﬁciency (g) depended on the enzyme used (Ta-
ble 2). Novozym 435 was found to the best in terms all these
parameters (Table 2). The C. rugosa lipase was the least effective
enzyme (Table 2). This may have been due to different amounts
of the active enzyme being present in the different preparations.
The steady-state Michaelis constants (KBCM ;K
CB
M ) and the equilib-
rium dissociation constants of both monomers (KCS ;K
B
S ) had compa-
rable values, irrespective of the enzyme used (Table 2). The steady-
state Michaelis constant for the formation of the ternary complex
ECB (Fig. 1) was higher for caprolactone (0.281P KCBM P 0.275 M)
when compared to butyrolactone (0.117P KBCM P 0.118 M). This
may have been due to a high thermodynamic stability of the
c-butyrolactone monomer compared to e-caprolactone as
reported in literature [28,32]. In contrast, the values of the
equilibrium dissociation constants were lower for the EC complex
(0.131 6 KCS P 0.127) compared to for the EB complex
(0.312 6 KBS P 0.293). The different reaction rates for the different
enzymes are therefore largely explained by the deferent values of
the turnover number (kcat, Table 2).
3.4. Conversion of monomers
The percentage conversion of the monomers increased as the
sonication reaction progressed, but the conversion rate depended
on the enzyme (Fig. 4A) and the sonication dissipating energy
(Fig. 4B). The maximum value of the conversion was 48.5% and it
was attained after 50 min of reaction using the immobilized Nov-
ozym 435. Using Lecitase Ultra™, the peak conversion was lower
at 28.4% but the peak was attained by 40 min (Fig. 4A). The cata-
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lytic performance of the dissolved lipases, the C. rugosa lipase and
C. antarctica lipase A, were comparable, but much lower than for
the immobilized Novozym 435. In Fig. 4B, the enzymatic polymer
production rate generally decreases with increasing sonication en-
ergy beyond 173 J ml1 except in Novozym 435 were the rate con-
tinue to increase with the increasing sonic energy value up to
191 J ml1, there after a progressive reduction in the rate was ob-
served. The relatively poor performance of the two dissolved li-
pases may have been due to the ultrasound cavitation
deactivation effect (high cavitation threshold) on them [37]. The
immobilized enzymes tend to be generally more stable compared
to soluble enzymes and may have better resisted the deactivating
effect of ultrasound.
For the immobilized Novozym 435 preparation, there was evi-
dence for enzyme leakage from the support matrix into the liquid
medium. Thus, the protein concentration in the reaction medium
increased as the reaction progressed (Fig. 5). The protein concen-
tration was measured as previously explained [38].
In general, the conversion declined after reaching the maximum
value (Fig. 4). This suggested a hydrolysis of the copolymer. Lipases
catalyze both copolymerization and hydrolysis. During copolymer-
ization water is produced and its concentration rises as the reac-
tion progresses. An increasing concentration of water in an
initially microaqueous environment, tends to drive the reaction to-
wards hydrolysis [7]. Furthermore, as the reaction progresses, the
rate of copolymerization slows because an increased viscosity of
the reaction medium progressively hinders the mass transfer
of the monomers to the active site of the enzyme. A reduced rate
of copolymerization combined with an increased rate of hydrolysis
of the copolymer, results in the hydrolysis becoming the dominant
reaction beyond a certain point in time.
3.5. Effect of sonication temperature on the reaction rate
The anticipated effect in the increase of temperature on the
copolymerization system would be the enhancement of rate along
with the reduction of medium viscosity as the polymerization pro-
gresses. The ultrasonication-assisted (34 kHz, 1.1 W of sonication
power) copolymerization was carried out at different constant
reaction temperatures (30–60 C). The rate of copolymerization de-
pended on temperature as shown in Fig. 6. The initial rate of the
reaction at various temperatures was measured and found to in-
crease with increasing temperature mostly to 40 C with the
exception of Novozym 435, which showed sustained increase in
rate up to 50 C. The reaction rate was observe to increase from
0.01  103 at 30 C to 0.35  103 M s1 at 40 C in Lecitase Ul-
tra™, increasing the reaction temperature further caused the ob-
served rate to decrease gradually to 0.30  103 M s1 at 60 C
(Fig. 6). In contrast, the reaction rate was observed to increase in
Novozym 435 approximately 26-fold from 30 to 50 C
(0.79  103 M s1). The reaction rate was observed to reach a
maximum value of 0.24  103 M s1 in C. antarctica lipase A at
40 C, but in C. rugosa lipase the rate was found generally to be
lower with maximum value of 0.13  103 M s1. A temperature
of 40 C was observed to be optimal for most of the enzymes stud-
ied except for Novozym 435 where the highest initial reaction rate
occurred at 50 C (Fig. 6), which was attributed to its high thermal
stability, diverse substrate selectivity coupled with advantageous
immobilization. In short, Novozym 435 was clearly the best cata-
lyst for the reaction being studied (Fig. 6). The general decrease
in reaction rates at higher temperatures (Fig. 6) apparently was
due to thermal deactivation effects [39], which appeared to be
more pronounced in the unbound enzymes (Fig. 6).
Despite the fact that there is short-lived dissipation of intense
heat and kinetic energy as a result of cavitation collapse which
may have deleterious effects on protein folding and enzyme deac-
tivation in ultrasonic process, the differences in enzymatic reaction
rates in this process should not be attributed solely to ultrasonic
effects. Several factors e.g. solvent polarity, reaction media water
activity, enzymatic speciﬁcity, substrate selectivity, solvent com-
patibility, thermal stability and physical preparation (i.e. immobi-
lized or free enzymes) were among the reported parameters to
have an inﬂuence on the enzymatic reactivity in micro-aqueous
catalysis [31,40].
3.6. Effect of the sonication power on the reaction rate
The sonication power is known to be an important factor affect-
ing the rate of reaction in an ultrasound-mediated process
[4,41,42]. In previously reported literatures of enzyme catalyzed
reactions, sonication has been generally performed at a ﬁxed ultra-
sound power and therefore the effect of sonication power on the
reaction rate is poorly understood. Nevertheless, despite the bene-
ﬁcial effect of sonication waves in assisting micromixing hence
improving mass transfer, there must be an optimum value of the
sonication power beyond which the deleterious effects on biocata-
lytic activity and production degradation would be observed. In
this study, the effect of sonication power (W) on the initial copoly-
merization rate was investigated at various sonication power
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intensities (I) from 1.9  103 to 4.5  103 Wm2 and constant
reaction temperature 35 C (Fig. 7).
The optimum sonication power level was 1.1 W
(2.6  103 Wm2) for the Novozym 435 (3.1  104 M s1) and
Lecitase Ultra™ 2.3  104 M s1 (Fig. 7). For C. antarctica lipase
A, the optimal power level was 1.4 W (3.3  103 Wm2)
(Fig. 7). At this power level, the C. antarctica lipase A afforded a
reaction rate (2.3  104 M s1) that was comparable to the reac-
tion rate attained with Lecitase Ultra™ at 1.1 W
(2.6  103 Wm2) sonication power level (Fig. 7).
In all the enzymes studied, the reaction rate increased as the
power intensity increased from 1.9  103 to 3.5  103 Wm2
(Fig. 7), with corresponding amplitude pressure of 9.2  104–
1.4  105 N m2. At these power intensities, the acoustic pressure
was calculated to range from 3.7  108 to 5.0  108 N m2, approx-
imately 2.4–3.3 times greater than the reported acoustic pressure
of 1.5  108 N m2 required to cause cavitation in water [26]. Fur-
thermore, this pressure level was used to calculate a particle max-
imum velocity (vp) that span from 4.1  102 m s1 at 0.8 W to
5.6  102 m s1 at 1.4 W with a varying amplitude particle dis-
placement (n) ranging from 1.8  107 to 2.4  107 m. This is
translated to an acoustic particle acceleration (a) of 9.6  103–
1.3  103 m s2, an acceleration that is 984 to 1335 times greater
than under the action of gravity, making the generation of radicals
highly likely. A further increase in sonication power beyond the
point of the peak reaction rate (Fig. 7) actually decreased the rate
of reaction for all enzymes. For instance, increasing the intensity
(I) to 4.5  103 N m2 resulted in an enormous acoustic pressure
of 5.7  108 N m2 with an acoustic particle acceleration of
1.5  104 m s2 i.e. more than 1500 times greater than under the
gravitational inﬂuence. This resulted in corresponding decrease
in reaction rate (v) for example in Novozym 435 from 2.9  104
M s1 at 3.5  103 Wm2 to 1.9  104 M s1 at 4.5  103 Wm2.
This observed reduction in enzyme reaction rate at high sonic
power intensities could likely be due to bubbles with larger radii,
which upon collapsing induces high shear forces and high temper-
ature. Therefore continuous increase in sonication power per unit
volume creates a large number of bigger cavitation bubbles result-
ing in high local temperatures and shear stresses, exhibiting en-
zyme activity deactivating effects by denaturing the enzyme or
tempering with its active site [9,21,43].
3.7. Effects of ultrasonic temperature, power and time on the
synthesized polymer molecular weight
It is believed that in ultrasonic process the polymer chain deg-
radation occurs mostly due to the subjected large forces in the ra-
pid liquid ﬂows near collapsing cavitation bubbles and in the shock
waves generated after bubble implosion. Both the kinetics and reg-
iospeciﬁcity of ultrasonic degradation were reported to be different
from those of thermal processes. Unlike thermal degradation that
occurs by random chain scission, in ultrasonic process, the
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degradation was hypothesized to have a preferential occurrence at
the middle of the chain [13,42]. Van der hoff and Gall [44]
explained the hypothesis using a quantitative model in their
study on the degradation of polystyrene in tetrahydrofuran. They
suggested that the degradation could be best modeled when one
assumed the probability of chain breakage to be distributed in a
Gaussian manner within 15% of the chain-center. Using Glyn’s
model Koda et al. [42] further tested this hypothesis in their
study on the ultrasonic degradation of water-soluble polymers.
They postulated the degradation to occur with a Gaussian
probability.
In our study, the effect of ultrasonic temperature, power and time
on the synthesized polymer degradation was studied using 0.5 g of
the synthesized polymer (Mw 13.6 kDa, PDI 1.4) in 10 ml chloroform
at 37 kHz and 1.2 Wwhen studying temperature effect at ranges of
25–60 and 40 C in studying the power effect at ranges of 0.8–1.9 W
over a period of 5 h. Aliquot sampleswerewithdrawn and subjected
to GPC analysis at speciﬁed time intervals. In the GPC chromato-
grams (Fig. 8), at the earlier reaction time (60–150 min) the rate of
ultrasonic polymer degradation (k) was observed to decrease pro-
gressively from 3.11  108 s1 at 25 C to 1.14  109 s1 at
60 C. This decrease in degradation with increasing sonication tem-
perature was found to contradict Yen and Yang [45] reports on
increase in degradation with increasing ultrasonic temperature in
polyacrylamide. It is however found to be in consistent with previ-
ously reported literatures [13,46–49]. The reason to this decrease
in degradation at higher temperature has previously been attributed
to the increased vapor pressure that causes vapor to enter into the
bubbles forming a kind of cushioning which reduces the effect of
violent collapse [13,46,48,49].
In all the temperatures studied, it is further observed that the
degradation rate increases with increasing sonication time up to a
speciﬁc limiting time (tlim) beyond which the degradation rate be-
comes lower. For example, in observing the sonication effect at
35 C, the degradation rate was observed to be 2.58  108 s1 at
60 min, the rate inreased to 3.12  108 s1 at 150 min. However,
as the sonication time reaches 300 min the degradation ratewas ob-
served to decrease as low as 7.12  109 s1. The accumulation of
degradation products, which increases the solution’s viscosity
thence reduces the shear gradients around the collapsing bubbles
were thought to be responsible for the decreased indegradation rate
[13,43,50].
On the other hand, studying the effect of sonication power as a
function of time on the ultrasonic degradation of the product
(Fig. 8, inset 40 C), in all the power levels tested, the degradation
was observed to proceeds more rapidly at earlier time and ap-
proaches a molecular weight limiting value (Mlim) at time tlim = 3 h
belowwhich the polymer seems tobe unaffected byultrasound irra-
diation effects. Observing thedegradation at 1.1 W, the polymerwas
found to degrade from Mw  13.62 kDa to 12.89 kDa at 3 h;
increasing the time to 5 h the Mw was observed to be 12.88 kDa.
In comparison, when the sonication power was increased from 1.1
to 1.9 W, increased degradation was observed with Mw decreasing
to 12.19 kDa at 3 h and 12.18 kDa at 5 h (Fig. 8, inset 40 C). This
observation was found to be in good agreement with previously re-
ported literature [47,48]. Pasupuleti and Madras [48] reported that
at the level above the cavitation threshold during ultrasonication,
themaximum radius of the bubble is proportional to the square root
of the sonication intensity. Hence increasing sonication power
intensity createsbubbleswith larger radii,whichuponcollapsing in-
duces high shear forces. Therefore continuous increase in sonication
power per unit volume increases the shear ﬁeld that in turns in-
creases the rate of degradation [43]. As expected in Fig. 8 (40 C in-
set), increasing the sonication power resulted in the increased
degradation of the product up to 3 h whereby beyond this time the
degradation assumed a plateau.
4. Conclusions
Ultrasound-assisted lipase-catalyzed ring-opening copolymeri-
zation was used to produce a biodegradable polyhydroxyalkanote
copolymer. Four commercial lipases were compared for this copo-
lymerization. The immobilized lipase Novozym 435 proved to be
best in every respect for this reaction. This enzyme afforded the
highest value of the maximum reaction rate, the turnover number,
the monomer conversion and the product molecular weight. Com-
pared to the other enzymes, Novozym 435 was most stable to tem-
perature and ultrasound irradiation. The optimal sonication power
level depends on the enzyme preparation.
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Abstract
The biosynthesis and characterization of medium chain length poly-3-hydroxyalkanoates (mcl-PHA) produced by
Pseudomonas putida Bet001 isolated from palm oil mill effluent was studied. The biosynthesis of mcl-PHA in this newly
isolated microorganism follows a growth-associated trend. Mcl-PHA accumulation ranging from 49.7 to 68.9% on cell dry
weight (CDW) basis were observed when fatty acids ranging from octanoic acid (C8:0) to oleic acid (C18:1) were used as sole
carbon and energy source. Molecular weight of the polymer was found to be ranging from 55.7 to 77.7 kDa. Depending on
the type of fatty acid used, the 1H NMR and GCMSMS analyses of the chiral polymer showed a composition of even and odd
carbon atom chain with monomer length of C4 to C14 with C8 and C10 as the principal monomers. No unsaturated
monomer was detected. Thermo-chemical analyses showed the accumulated PHA to be semi-crystalline polymer with good
thermal stability, having a thermal degradation temperature (Td) of 264.6 to 318.8 (60.2)
oC, melting temperature (Tm) of 43.
(60.2) oC, glass transition temperature (Tg) of21.0 (60.2)
oC and apparent melting enthalpy of fusion (DHf) of 100.9 (60.1) J
g21.
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Introduction
The current increase in the utilization of polyhydroxyalkanoates
(PHAs) in various industrial and biomedical applications is due to
their biodegradability, compatibility, resorbability and piezoelec-
tricity [1]. Their diverse chemical properties have made them a
subject of many research interests. In fact, the diversity of different
monomeric components in accumulated PHA that arises from
superb biological polymerization system resulted in potentially
diversified high-molecular weight polymeric materials. Growing
concern over environmental pollution has heightened the interest
in these biodegradable polymers over their chemically synthesized
counterparts.
The low level of medium-chain-length PHA (mcl-PHA) and
limited substrate utilization in different bacterial species, poses
limitation to industrial production of these polymers [2]. The
increasing demand of highly functionalized PHA for specialty
applications, warrant the bio-prospecting of bacterial species
capable of accumulating these biodegradable polymers. Several
bacterial species known to accumulate PHA have been isolated
from different ecological niches [3,4,5,6,7,8]. Among the exten-
sively studied bacterial species are those belonging to genus
Pseudomonas [9,10,11,12,13], that are known to accumulate
intracellular PHA under limited cell growth phase in the presence
of abundant carbon source and minimal nutrient condition [14].
When fatty acid is fed to these bacteria, it passes through beta-
oxidation biosynthetic pathway to produce the PHA intermediates
thereby losing two (2) carbon atoms per each cycle [15,16].
A number of published works use unsaturated fatty acids such as
oleic acid (C18:1) to produce mcl-PHA with unsaturated side-chain
monomers [17,18,19,20]. In this study, the growth and biosyn-
thesis of mcl-PHA by a strain of Pseudomonas putida isolated from
palm oil mill effluent are reported, along with characterization of
the mcl-PHA copolymer produced when the bacterium is fed with
oleic acid (C18:1). For comparison, selected fatty acids viz. octanoic
acid (C8:0), dodecanoic acid (C12:0) and hexadecanoic acid (C16:0)
were also tested as substrates.
Methods
Bacterial Isolation and Characterization
Pseudomonas putida Bet001 was isolated from palm oil mill effluent
using isolation agar medium containing (g L21): peptone 20;
K2SO4 10; MgCl2.6H2O 1.4; irgasan 0.025; glycerol 25.2 and
agar 13.6. Preliminary biochemical characterization was done
using apiH 20 NE (bioMerieuxH USA) biochemical typing kits as
stated in manufacturer’s guideline. Intracellular PHA accumula-
tion was screened using both Sudan Black B and Nile red staining
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techniques according to literatures [21,22]. Intracellular PHA
granules accumulation was also observed using transmission
electron microscopy (Philips CM12, United Kingdom). The
morphology of the bacterial colonies isolated and the Gram
staining characteristics were observed under MoticH microscope
BA200 equipped with Moticam 2300 camera (MoticH, Japan).
GF1 DNA extraction kit (Vivantis Sdn Bhd, Malaysia) was used to
extract the bacterial DNA for the 16S rRNA molecular
characterization according to manufacturer’s guidelines. Post
PCR analysis was done by blasting of both forward and reverse
sequences against sequences in GeneBank (NCBI) and RDPII
(Ribosomal Database Project II) databases to search for homology
sequences. The extracted DNA nucleotide sequence has been
deposited in European Nucleotide Archive (ENA) with accession
number HE573173.
Culture Conditions and Fermentation Process
Sterile growth medium (100 ml per each 250 ml conical flask)
containing (g L21): yeast extract 10.0 (BactoTM USA), nutrient
broth 15.0 (Merck, Germany) and ammonium sulfate 5.0 (Sigma
Aldrich, Germany) was used as inoculum cultivation medium for
the bacterium. 3% (v/v) of P. putida Bet001 stock inoculum was
introduced into this medium aseptically and incubated in shaking
incubator (Daihan LabTechH, Korea) at 30uC, 250 rpm for 24
hours. The biomass was harvested from 3 ml culture broth via
centrifugation at 4uC, 9000 6g for 10 min. The recovered
biomass was seeded aseptically into PHA production medium.
The medium contains sterile minerals of (g L21) sodium
ammonium hydrogen phosphate tetrahydrate [NaNH4H-
PO4.4H2O] 3.5, K2HPO4 5.7, KH2PO4 3.7, and 10 mM oleic
acid (unless otherwise stated) at a pH of 7.0 (60.1). Separate
sterile solutions of 0.1 M MgSO4.7H2O and trace elements (MT)
containing (g L21): CaCl2.2H2O 1.47, CoCl2.6H2O 2.38,
CuCl2.2H2O 0.17, FeSO4.7H2O 2.78, MnCl2.4H2O 1.98 and
ZnSO4.7H2O 0.29 dissolved in 1 M HCl were aseptically added
to the PHA production media prior to inoculation at 1.0% (v/v)
and 0.1% (v/v), respectively. 5 g L21 of harvested biomass from
inoculum growth media was seeded into this medium (100 ml
per 250 ml conical flask) aseptically and incubated as described
previously for a total period of 48 hours unless otherwise stated.
PHA extraction was done according to literature [10]. 5 g of
vacuum dried biomass was suspended in 30 ml chloroform and
refluxed at 60uC for 4 hours. The refluxed chloroform containing
the extracted PHA was filtered out of the residual biomass debris
using Buchner filter funnel equipped with sintered glass. The
filtrate was then concentrated under vacuum using rotary
evaporator at 40uC until about a fifth of the total volume. The
polymer was precipitated out of the concentrate by dispersing it
into a beaker containing excess cold methanol (at least 1:4
volume ratio). The mcl-PHA obtained underwent a minimum of
three-repeated purification process by sequential chloroform
dissolution and methanol re-precipitation.
Biomass Estimation
A known biomass dry weight concentrations were used to
prepare a standard calibration, using Jasco V-630 UV/VIS
spectrophotometer (Jasco, Japan) at the absorbance of 600 nm.
Aliquote samples were withdrawn aseptically at regular intervals
and centrifuged at 9000 6g for 10 min, then washed twice with
0.05 M phosphate buffer. After final centrifugation, the cells were
re-suspended in the same buffer prior to absorbance reading
against the phosphate buffer blank.
Residual Fatty Acid Quantification
The residual fatty acid estimation was done according to
Marseno et al. [23] modified protocol. Cell free supernatant (1 ml)
was mixed with n-heptane (3 ml) and centrifuge at 9000 6 g to
separate the residual fatty acid. 2 ml of the top layer of n-heptane
was withdrawn into a test tube, to this solution, 200 ml of 5% (w/v)
copper (II) acetate monohydrate solution (5 g copper (II) acetate
monohydrate dissolved in 90 ml distilled water; pyridine and
distilled water were respectively used to adjust the solution pH to 6
and bring the final volume to100 ml) was added and vortexed for
60 sec. This mixture was allowed to stand for 20 sec before it was
read at 705 nm against distilled water blank using Jasco V-
630 UV/VIS spectrophotometer (Jasco, Japan). A standard
calibration was performed using a stock of different fatty acid
concentrations (0.5 to 1 mM) that were made by dissolving the
specified mass of fatty acid in n-heptane and treated as mentioned
earlier.
Residual Ammonium Quantification
Residual ammonium was quantified using phenol hypochlorite
method as described by Solorzano [24]. Cell free supernatant
(2 ml) was diluted with distilled water to 5 ml. To this solution
0.2 ml of alcoholic phenol (10 g phenol in 90 ml absolute ethanol)
was added followed by the addition of 0.2 ml of sodium
nitroprusside solution (0.5 g sodium nitroprusside in 99.5 ml
distilled water). Oxidizing solution (0.5 ml) was added to the
mixture while agitating to ensure uniform indole-phenol colora-
tion. The oxidizing solution was composed of 4:1 mixture of
alkaline solution to oxidizing reagent. The alkaline solution was
composed of 100 g trisodium citrate, 5 g sodium hydroxide
dissolved in 500 ml of distilled water. The oxidizing reagent was
1.5 N sodium hypochlorite solution. The mixture was then allowed
to stand for an hour at room temperature (27uC) resulting in light-
blue coloration that was measured as described above at 640 nm
against blank distilled water. Residual ammonium concentration
was then quantified in reference to standard calibration curve of
known ammonium concentrations.
PHA Authentication
FTIR spectroscopy. Attenuated total reflectance (ATR)
FTIR was used to record the PHA spectrum on Perkin-Elmer
FTIR spectrum-400 spectrometer (Perkin-Elmer Inc., Wellesley,
MA, USA) at room temperature (27uC) and a scan range of 400 to
4000 cm21 was applied for 10 scans. A paste of 0.01 g of the
sample was prepared in dichloromethane. A liquid film of the
mixture was then applied on to NaCl crystal window and the
spectrum was read after the solvent has been dried.
Proton NMR analysis. JEOL JNM-GSX 270 FT-NMR
(JOEL Ltd, Tokyo, Japan) spectrometer was used to record the 1H
NMR spectrum at 250 MHz against tetramethylsilane (TMS)
internal reference standard. Approximately 5 mg PHA sample was
dissolved in 2 ml deuterated chloroform (CDCl3) and filtered into
NMR tube using borosilicate glass syringe equipped with 0.22 mm
PTFE disposable filter (11807–25, Sartorius Stedim, Germany).
GC-MSMS analysis. GC-MSMS was recorded on Agilent
triple quadrupole 7000B (Agilent, USA), equipped with
GCMSMS triple axis detector carrying Agilent HP-5 ms column
(30 m length6 0.25 mm internal diameter6 0.25 mm film). PHA
sample in the form of hydroxyalkanoic acids methyl esters were
used for the GC-MSMS analysis according to method reported in
literatures [25,26]. Methanolyzed sample (1 ml) was automatically
injected into the GC at a split ratio of 1:50. The injection
temperature was set at 280uC while the oven and column
temperatures were programmed as 40uC for 1 min then increase
Mcl-PHA Biosynthesis in P. Putida Bet001
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to 120uC at 15uC min21, hold for 2 min, and increase to 250uC at
10uC min21 hold for 15 min. Helium was used as carrier gas at
48.3 ml min21 and 0.41 bar pressure. Mass spectra were acquired
at 1250 scan speed using electron impact energy of 70 eV at 200uC
ion-source and 280oC interface temperatures respectively. Stan-
dard monomers of methyl hydroxyalkanoates (Larodan, Sweden)
were used as reference for peak retention time and ionization mass
determination.
Gel permeation chromatography (GPC). Waters 600
(Waters Corp, Milford, MA, USA) equipped with a Waters
refractive index detector (model 2414) having the following gel
columns (7.8 mm internal diameter 300 mm) in series: HR1,
HR2, HR5E and HR5E Waters Styragel HR-THF was used to
record the chromatogram relative to calibration curve of standard
monodisperse polystyrenes (3.72 x102, 2.636103, 9.106103,
3.796104, 3.556105, 7.066105, 3.846106 and 6.776106 Da).
The PHA samples were dissolved in tetrahydrofuran (THF) at a
concentration of 2.0 mg mL21, filtered through a 0.22 mm PTFE
filter. 100 mL aliquot of the sample was injected at 40uC using
THF as a mobile phase at a flow rate of 1.0 mL min21.
Thermal Analyses
Differential scanning calorimetry (DSC). The extracted
PHA was subjected to differential thermal analysis using Mettler-
Toledo differential scanning calorimeter (DSC 822e; Mettler-
Toledo, USA) running STARe DSC ver 8.10 software; equipped
with HAAKE EK90/MT digital immersion cooler (Thermo
Fischer Scientific, USA). Scans were made at a temperature range
of 260uC to 180uC with a heating rate of 10uC min21 under a
nitrogen flow rate of 0.12 L min21at a head pressure of 1.5 bar.
The melting temperature (Tm) was taken at the endothermic peak
of the DSC thermogram. The endothermic melting enthalpy
(DHm) was used to calculate the polymer crystallinity (Xp) on the
basis of melting enthalpy (DHm
o) of 100% crystalline PHB
according to equation 1 as reported somewhere else [27],
assuming 142 J g21 as the melting enthalpy of 100% crystalline
PHB as cited in literature [28].
XP~
DHm
DHm
ð1Þ
Thermogravimetric analysis (TGA). TGA analysis was
performed on a Perkin-Elmer TGA 4000 instrument. The sample
was heated from 50uC to 900uC at a rate of 10uC min21 under a
nitrogen flow rate of 20 ml min21.
Results and Discussion
Strain Characterization and PHA Production
Sudan Black B staining was used in the microscopic observation
for a possible accumulation of intracellular PHA by the isolated
strain (Fig. 1a). Further confirmation of the presence of
accumulated granule was made by transmission electron micros-
copy (Fig. 1b). The bacterial strain was further characterized using
biochemical analyses and 16S rRNA molecular characterization.
The biochemical analyses indicated a probability of 99.5% for the
isolate to be identified as Pseudomonas putida. This result was
corroborated by RDP blast neighbor-joining phylogenetic analysis
(Fig. 2), where 99% analogy was observed between the isolate and
Pseudomonas putida strains AJ785569, AN2, BCNU106, DQ060242
and DQ087528. This isolate was designated as P. putida Bet001and
subsequently used in the PHA production using shake flask in a
two-step batch fermentation process with different fatty acids as a
sole carbon and energy source. PHA accumulation was observed
to span from 49.7 to 68.9 dry weight % and was composed of
varied monomer fractions ranging from 3-hydroxyhexanoate to 3-
hydroxytetradecanoate depending on the culture conditions and
the type of fatty acids used.
PHA Authentication
FTIR spectroscopy. The extracted PHA sample was
subjected to nondestructive attenuated total reflectance FT-IR.
Observed infrared absorption at 3420.20 cm21 was assigned to
the hydroxyl group of the polymer chain [29]. Absorption band
at 2955.76 cm21 was assigned to asymmetric methyl group.
Asymmetric CH2 of the lateral monomeric chains were assigned
to the stretching vibration at 2925.98 cm21. The absorption at
2855.99 cm21 has been assigned to symmetrical CH3 and the
intensity of the band has been reported to be due to
conformational disorder obtained in the process of crystalliza-
tion [28]. While the absorption band of 1741.44 cm21 has been
reported to be a PHA marker band assigned to carbonyl
(C = O) ester bond stretching vibration according to Randria-
Figure 1. Pseudomonas putida Bet001 cells showing PHA inclusion. (A) phase contrast (X 100 magnification) and (B) T.E.M (X 5000
magnification) when cultivated on palmitic acid (C16:0) at 30uC, 200 rpm for 48 h.
doi:10.1371/journal.pone.0045214.g001
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mahefa et al. [30]. The vibrations at 1659.50 and
1460.39 cm21 have been assigned to bacterial intracellular
amide (–CO–N–) I and II respectively (Fig. 3); furthermore,
these bands were also reported to be species specific [30].
Absorption at 1378.83 cm21 is assigned to terminal CH3 groups
[12], while that at 1259.89 cm21 is due to asymmetric C–O–C
stretching vibration. Series of absorption bands at 1166.87 cm21
to 619.39 cm21 were assigned to C–O and C–C stretching
vibration in the amorphous phase.
PHA proton NMR characterization. The proton NMR
spectrum of the produced PHA was characterized in reference to
the internal standard trimethylsilane. The observed multiplet
peaks number 1(d 2.5 ppm) and triplet peaks 2 (d 5.2 ppm) are
assigned to methylene and methine protons of the a and b-carbon
respectively [15,16,18,31]. Contrary to some literatures assigning
the observed triplets at chemical shift 2.3 ppm (Fig. 4) to
unsaturation of PHA monomers [18,26], upon further analysis
using GCMSMS, we proposed the peak to be due to hydrophobic
oleate and palmitate from cellular membrane lipids. Peak number
Figure 2. Neighbor joining phylogenetic tree showing the interrelationship between isolate Bet001 and top 10 Blast hits from RDP
database.
doi:10.1371/journal.pone.0045214.g002
Figure 3. FTIR-ATR spectrum of the PHA extracted from P. putida Bet001 fed on oleic acid (C18:1).
doi:10.1371/journal.pone.0045214.g003
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3 (d 1.6 ppm) is assigned to methylene protons adjacent to the b-
carbon in the side-chains [15,16,18,31]. Peak number 4 (d 1.3) and
triplet number 5 (d 0.9) are assigned to the methylene protons and
terminal methyl proton of the side-chains respectively
[15,16,18,31].
Thermal Analyses
The calorimetric scan of the extracted PHA showed the
endothermic melting temperature (Tm) of this polymer to be
43.0 (60.2) oC, glass transition temperature (Tg) of21.0 (60.2)
oC
and apparent melting enthalpy of fusion (DHf) of 100.9 (60.1) J
g21. The relatively low melting and glass transition temperatures
were attributed to the random composition of 3HA monomers in
the polymer (see later discussion). This observation was found to
be in good agreement with what has been reported by Matsusaki
et al. [32] when observing the PHA biosynthesis in recombinant
Pseudomonas sp. 6 1–3 strain fed with dodecanoic acid (C12:0). The
bacterium produced random copolymer of PHA with endothermic
melting temperature of 42uC. The observed high apparent heat of
fusion could be due to the presence of long chain monomer
fraction which in turn was reported to favor side-chain crystalli-
zation resulting in polymer with high apparent enthalpy of fusion.
This observation was found to agree with reported literatures
[15,16,33].
PHA thermal stability is an important parameter to be studied
during polymer analyses as it reflects the maximum temperature
the polymer can withstand before thermal decomposition.
Thermal gravimetric analysis of the extracted polymer showed
an increase in polymer thermal stability with increasing fatty acid
chain length fed i.e. from C8:0 to C18:1 (thermal degradation
temperature of 264.6 to 318.8oC 60.2).This is attributed to the
increase in the fractions of longer monomer such as 3HDD and
3HTD that became incorporated into the PHA from the
metabolism of the longer fatty acid substrates (Table 1). It has
been reported also that this increase in thermal stability could be
due to random co-monomer chain-length that resulted in high side
chain crystallization conferring thermal stability to the polymer
[15,33].
Effect of Carbon Source on the PHA Composition and
Yield
The effect of different carbon source on PHA composition has
been studied. The composition of PHA accumulated by P. putida
Bet001 grown on different carbon sources at 30uC for 48 hours is
presented in Table 1. PHA accumulation in the range of 49.7 to
68.9% (w/w) has been observed when the organism is fed with
C8:0 to C18:1 fatty acids, with a polymer composition ranging from
3HB (four carbon atom length) to 3HTD (fourteen carbon atom
length) except when oleic acid was used as substrate, a small
amount of odd chain monomer i.e. 3HHp (seven carbon atom
length) was also detected. At first, this was considered as possible
contamination of the extracted polymer sample by cellular
components. Thus, the purification step was repeated at least
three times and the polymer re-extracted for GCMSMS analysis.
The persistence of the strong signal detected by mass spectrometry
for the presence of 3HHp entails re-consideration of the
contamination hypothesis with non-PHA components. From the
Figure 4. NMR (1H) spectrum of the PHA extracted from P. putida Bet001 fed on palmitic acid (C16:0).
doi:10.1371/journal.pone.0045214.g004
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basic knowledge about b-oxidation of even carbon atom length of
fatty acids, it is not clear at this point the exact reason for the
incorporation of an odd carbon atom length monomer like 3HHp
into the polymer when oleic acid (C18:1) was used as a sole carbon
and energy source for the bacterial growth and PHA accumula-
tion, and not with other fatty acids tested.
Based on mass spectrometric analyses, feeding dodecanoic
acid as sole carbon source resulted in PHA composed of four
different monomers (3HHx 3.54 mole%, 3HO 38.19 mole%,
3HD 38.85 mole% and 3HDD 19.42 mole%). Similarly, Chung
et al. [15] reported P. entomophila L48 to accumulate PHA
having four different monomer units when fed with dodecanoic
acid, with monomer fractions of 3HD (38.6%), 3HO (44.5%) as
the dominant fractions. Feeding hexadecanoic acid as a carbon
and energy source to P. putida Bet001 resulted in PHA with five
different monomers (3HHx 4.06 mole%, 3HO 36.93 mole%,
3HD 34.78 mole%, 3HDD 17.97 mole% and 3HTD 6.26
mole%). When oleic acid (C18:1) was fed under the same
conditions, copolymer with up to seven different monomers of
3HB (1.52 mole%), 3HHx (5.01 mole%), 3HO (31.81 mole%),
Table 1. PHA composition as a function of carbon source (max. standard error 65%).
Carbon %PHA PHA mole fraction (mole %) Mn Mw PDI
source (w/w)
3HB{ 3HHx{ 3HHpI 3HO |= 3HD# 3HDD1 3HTD"
(C4) (C6) (C7) (C8) (C10) (C12) (C14)
C8:0 49.7 ND 8.1 ND 76.2 11.0 4.7 ND 38685 77657 2.0
C12:0 54.5 ND 3.5 ND 38.2 38.9 19.4 ND 31388 60056 1.9
C16:0 65.3 ND 4.1 ND 36.9 34.8 18.0 6.3 13608 55685 4.1
C18:1 68.9 1.5 5.0 0.7 31.8 24.1 22.9 14.1 35308 74958 2.1
{(hydroxybutyrate)
{(hydroxyhexanoate)
I(hydroxyheptanoate)
|= (hydroxyoctanoate)
#(hydroxydecanoate)
1(hydroxydodecanoate)
"(hydroxytetradecanoate), ND (not detected).
doi:10.1371/journal.pone.0045214.t001
Figure 5. Specific growth rate and PHA content as a function of ammonium ion concentrations in P. putida Bet001 fed on oleic acid
(C18:1).
doi:10.1371/journal.pone.0045214.g005
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3HD (24.07 mole%), 3HDD (22.86 mole%), 3HTD (14.05
mole%) and a small amount of odd carbon chain length
monomer of 3-hydroxyheptanoate (3HHp) (0.68 mole mole%)
were obtained. In contrast to other fatty acids tested, when oleic
acid was fed, a short-chain length monomer of 3HB (four
carbon atom length) accumulated. The accumulation of 3HB
monomer was not detected in the bacterium when fatty acids
C8:0, C12:0 and C16:0 were fed. Again, similar to the
accumulation of 3HHp, the exact reason for this observation
is not clear at this stage. It was also observed that when oleic
acid (C18:1) was fed, no unsaturated PHA monomer was
detected in the polymer produced. The most abundant
monomers were C8 and C10 in all the samples tested, and
this is in agreement with the hypothesis that PHA formed by
Pseudomonads belonging to rRNA homology group I have C8
and C10 monomers as dominant components when grown on
C8 to C18 fatty acids substrate [18,34].
From the results presented in Table 1, the relationship between
the PHA composition and the structure of the carbon source
substrate showed that the PHA biosynthetic precursors in this
bacterium are very likely fed by b-oxidation pathway.
Effect of Nitrogen Source Concentration on Specific
Growth Rate (m) and PHA Yield
The effect of nitrogen source concentration on specific growth
rate and PHA yield during PHA biosynthesis in P. putida Bet001 is
depicted in Fig. 5. It is clear that as the ammonium ion
concentration increases from 0.01 to 0.1 g L21, the specific
growth (m) also increases from 0.005 to 0.036 h21with corre-
sponding PHA yield of 13.4 to 68.9% (w/w) respectively.
Increasing nitrogen source beyond this point resulted in a gradual
plateau in the specific growth rate, probably due to the carbon
source concentration began to be limited as in this study where the
ammonium ion concentration was varied and the carbon source
concentration was kept fixed. In a similar study, Annuar et al. [35]
observed the increase in specific growth rate of P. putida PGA1
from 0 to 0.18 h21 by increasing the ammonium ion concentra-
tion from 0 to 0.1 g L21; further increase in ammonium ion
concentration (0.6 to 0.8 g L21) resulted in a decrease in the
specific growth rate to 0.14 h21. Interestingly, the PHA fraction
from the total biomass also increases as the specific growth rate
increases, indicating a growth associated PHA biosynthesis in this
bacterium. The PHA fraction reached a constant value when
specific growth rate became constant at high ammonium ion
concentrations. This is in contrast with the recognized PHA
accumulation in many Pseudomonas species, where the highest
accumulation is observed when the specific growth rate of the
organism is low under nutrient limitation/starvation [14,18,35].
The observed increase in the specific growth rate at low
ammonium ion concentrations (#0.1 g L21) could probably be
due to high ammonium uptake by the cells [35].
Influence of Carbon-nitrogen Molar Ratio on Biomass and
Polymer Content
It has been observed that PHA content of the cell can be
increased by changing the molar ratio between carbon-to-nitrogen
(C:N) source (Table 2). By fixing the ammonium ion concentration
at 0.1 g L21 while varying the carbon source concentration; it is
observed that increase in C:N molar ratio from 10 to 30 was
followed by increase in percentage PHA accumulation and
biomass from 16 to 69% and from 9.6 to 15.3 g L21, respectively.
The proportional increase in biomass with increase of C:N ratio
up to 20, could indicate that below 20 carbon is limiting growth.
Additional increase in C:N molar ratio after 20 however, did not
results in further increase in biomass amount, as it is expected that
the ammonium concentration no longer sufficient to sustain
extended growth. The results from this experiment offer additional
support for the growth-linked PHA accumulation in this bacteri-
um. Maximum PHA accumulation at approximately 70% was
found for C:N molar ratios of 25 and 30. The molecular weight of
the PHA from the different C:N molar ratios tested fell within a
narrow range of 37 to 75 kDa. The crystallinity (Xp) and poly
dispersity index (PDI) remained constant at all the C:N molar ratio
tested.
Conclusions
A chiral PHA copolymer consisting of monomers ranging from
3-hydroxybutyrate (3HB) to 3-hydroxytetradecanoate (3HTD)
were synthesized by a new isolate P. putida Bet001 when fed with
different fatty acids. The biosynthesis of the PHA by this new
isolate is growth-associated. When fed with oleic acid (C18:1), the
PHA extracted from the isolate showed the presence of a
monomer with odd carbon atom length i.e. 3-hydroxyheptanoate
(3HHp). However, no unsaturated monomer was detected when
oleic acid (C18:1) was fed. P. putida Bet001 accumulated about 69%
PHA on cell dry weight basis with good thermal stability, relatively
high molecular weight and crystallinity.
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a b s t r a c t
The effects of carbon substrate (C8:0eC18:1) on the biosynthesis and the properties poly-3-
hydroxybutyrate and its copolymer (PHA) produced by Delftia tsuruhatensis Bet002 were investigated.
Growth-associated accumulation yielded PHA at 76.7% cell dried weight with molecular weight ranging
from 131 to 199 kDa. Carbon source type also inﬂuences the thermal stability of the PHA. The molar
concentration ratio of carbon to nitrogen source has little effect on the PHA composition, but affected the
biomass, PHA yield and polymer degradation stability. In general, polymer composition of even and odd
carbon atom chain length (C4eC10) was obtained. The PHA produced is semi-crystalline polymer with
good thermal stability with thermal degradation temperature (Td) 269.8 to 391.8 (0.2) C, melting
temperature (Tm) 163.6 to 177.4 (0.2) C, glass transition temperature (Tg) 1.0 to 4.4 (0.2) C and
apparent melting enthalpy of fusion (DHf) of 53.2 to 210.9 (0.1) J g1.
 2012 Elsevier Ltd. All rights reserved.
1. Introduction
The growing concern over environmental pollution heightened
the research interests in biodegradable polymers such as bacterial
polyhydroxyalkanoates (PHAs). The biodegradability, compost-
ability, compatibility, resorbability and piezoelectricity of poly-
hydroxyalkanoates incurs their current exploitation in industrial
applications such as biodegradable polymeric packaging materials,
biofuels, fermentation of wastes biomass [1], paper sizing [2],
biomaterials and drug delivery devices [3e5]. The current attention
on these biodegradable polymers is owed to their diverse physico-
chemical properties. Diversity in the monomeric composition of
PHA resulted in potentially high-molecular weight polymeric
materials with myriads of applications as compared to their
chemically synthesized counterparts. In addition, the increasing
demand of highly functionalized PHA for specialty applications
warrants the bio-prospecting of bacterial species capable of accu-
mulating these biodegradable polymers.
The substrate utilization capability in different bacterial species
poses limitation to industrial production of these polymers [6]. The
choice of suitable fermentation substrate such as readily available
carbon and nitrogen sources is an important parameter in PHA
production and optimization. Carbon source alone is reported to
account for about 38% of total PHA production costs [7]. In fact, the
nature of carbon source used as substrate not only determines the
PHAyield, but also inﬂuences the type andmonomeric composition
of the polymer being accumulated.
PHA is known to be accumulated in several bacterial species that
were isolated from different ecological niches [8e13]. A number of
literature used different kind of fermentation substrates to produce
PHA with different monomeric compositions [10,14e18]. Among
the extensively studied bacterial species are those belonging to
genus Aeromonas [19], Alcaligenes [20], Cupriavidus [21], Halomonas
[22], Pseudomonas [23], Wautersia [18] etc. Literature concerning
PHA accumulation in Delftia sp. is very limited [24]. In speciﬁc, PHA
accumulation in Delftia tsuruhatensis has never been reported to
the best of our knowledge. In this study, we reported for the ﬁrst
time PHA biosynthesis and characterization in D. tsuruhatensis
Bet002, and the effects of different carbon source feeding on the
polymer physico-chemical properties.
2. Materials and methods
2.1. Bacterial isolation and characterization
D. tsuruhatensis Bet002 was isolated from palm oil mill efﬂuent
using classical isolation on agar medium containing (g L1):
peptone 20; K2SO4 10; MgCl2.6H2O 1.4; irgasan 0.025; glycerol 25.2
and agar 13.6. Biochemical characterizationwas done using api 20
* Corresponding author. Tel.: þ60 379674003; fax: þ60 379677182.
E-mail address: sufﬁan_annuar@um.edu.my (M.S.M. Annuar).
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NE (bioMerieux USA) biochemical typing kits as stated in manu-
facturer’s guideline. Intracellular PHA accumulation was screened
using both Sudan black B and Nile red staining techniques
according to literature [25,26]. Intracellular PHA granules accu-
mulation was also observed using transmission electron micros-
copy (Philips CM12, United Kingdom). The morphology of the
bacterial colonies isolated and the Gram staining characteristics
were observed under Motic microscope BA200 equipped with
Moticam 2300 camera (Motic, Japan). GF1 DNA extraction kit
(Vivantis Sdn Bhd, Malaysia) was used to extract the bacterial DNA
for the 16S rRNA molecular characterization according to manu-
facturer’s guidelines. Post PCR analysis was done by blasting of both
forward and reverse sequences against sequences in GeneBank
(NCBI) and RDPII (Ribosomal Database Project II) databases to
search for homology sequences. The extracted DNA nucleotide
sequence has been deposited in European Nucleotide Archive (ENA)
with accession number HE573174.
2.2. Culture conditions and fermentation process
Sterile growth medium containing (g L1):yeast extract 10.0
(Bacto USA), nutrient broth 15.0 (Merck, Germany) and ammo-
nium sulfate 5.0 (Sigma Aldrich, Germany) was used as cultivation
medium for the bacterium. Stock inoculum 3% (v/v) was introduced
into this medium aseptically and incubated in shaking incubator
(Daihan LabTech, Korea) at 30 C, 250 rpm for 24 h. The biomass
was harvested via centrifugation at 4 C, 9000  g for 10 min. This
was seeded aseptically into PHA production medium. The medium
contained sterile minerals (g L1): sodium ammonium hydrogen
phosphate tetrahydrate [NaNH4HPO4.4H2O] 3.5 (Sigma Aldrich,
Germany), K2HPO45.7, KH2PO4 3.7, and 10 mM speciﬁed fatty acids
as a sole carbon and energy source at a pH of 7.0 (0.1) except
otherwise stated. To this mixture, separate sterile 1.0% (v/v)
Mg2SO4.7H2O solution and 0.1% (v/v) trace elements (MT) solution
containing (g L1): CaCl2.2H2O 1.47, CoCl2.6H2O 2.38, CuCl2.2H2O
0.17, FeSO4.7H2O 2.78, MnCl2.4H2O 1.98 and ZnSO4.7H2O 0.29 dis-
solved in 1 M HCl were added. These sterile solutions were asep-
tically added prior to inoculation. 5 g L-1 of harvested biomass from
inoculum growth media was seeded into this medium aseptically
and incubated as described previously for a total period of 48 h
except otherwise stated. PHA extraction was done according to
literature [27]. The mcl-PHA obtained undergone a minimum of
three-repeated puriﬁcation process and dried in vacuo. The PHA
volumetric productivity of the PHA in g L1 h1 was calculated as
F ¼ ½P
t
(1)
where [P] is the extracted PHA concentration, and t is the
fermentation time.
2.3. Analyses
2.3.1. Biomass estimation
A known biomass dry weight concentrations were used to
prepare a standard calibration, using Jasco V-630 UV/VIS spectro-
photometer (Jasco, Japan) at the absorbance of 600 nm. Sample
aliquotes were withdrawn aseptically at regular intervals and
centrifuged at 9000  g for 10 min, thenwashed twice with 0.05 M
phosphate buffer. After ﬁnal centrifugation, the cells were resus-
pended in the same buffer prior to absorbance reading against the
phosphate buffer blank.
2.3.2. Residual fatty acid quantiﬁcation
The residual fatty acid estimation was done according to Mar-
seno et al. [28] modiﬁed protocol. Cell free suspension (1 ml) was
mixed with n-heptane (3ml) and centrifuge at 9000 g to separate
the residual fatty acid. 2 ml of the top layer of n-heptane was
withdrawn into a test tube. To this solution, 200 ml of 5% (w/v)
copper (II) acetate monohydrate solution (5 g copper (II) acetate
monohydrate dissolved in 90 ml distilled water; pyridine and
distilled water were used to adjust the solution pH to 6 and bring
the ﬁnal volume to100 ml) was added and vortexed for 60 s. This
mixture was allowed to stand for 20 s before it was read at 705 nm
against distilled water blank using Jasco V-630 UV/VIS spectro-
photometer (Jasco, Japan). A standard calibration was made using
different fatty acid concentrations (0.5e1 mM) that were prepared
by dissolving speciﬁed mass of a particular fatty acid in n-heptane
and treated as described earlier.
2.3.3. Residual ammonium quantiﬁcation
Residual ammonium was quantiﬁed using phenol hypochlorite
method as described by Solorzano [29]. Cell free medium solution
(2 ml) was diluted with distilled water to 5 ml. To this solution
0.2 ml of alcoholic phenol (10 g phenol in 90 ml absolute ethanol)
was added followed by the addition of 0.2 ml sodium nitroprusside
solution (0.5 g sodium nitroprusside in 99.5 ml distilled water).
Oxidizing solution (0.5 ml) containing 4:1 (v/v) alkaline solution
(100 g trisodium citrate, 5 g sodium hydroxide dissolved in 500 ml
distilled water) and sodium hypochlorite solution (1.5 N) were
added to the mixture while agitating to ensure uniform indole-
phenol coloration. The mixture was then allowed to stand for an
hour at room temperature (27 C) resulting in light-blue coloration
that was measured at 640 nm against distilled water as blank.
Residual ammonium concentration was then quantiﬁed in refer-
ence to standard calibration of known ammonium concentrations.
2.4. PHA authentication
2.4.1. FTIR spectroscopy
Nondestructive attenuated total reﬂectance (ATR) FTIR was used
to record the PHA spectrum on Perkin-Elmer FTIR spectrum-400
spectrometer (Perkin-Elmer Inc., Wellesley, MA, USA) at room
temperature (25 C). A scan range of 400e4000 cm1 was applied
for 10 scans. A paste of 0.01 g of the sample was prepared in
dichloromethane. A liquid ﬁlm of the mixture was then applied
on to NaCl crystal window and the spectrum was read after the
solvent has been dried.
2.4.2. Proton NMR analysis
JEOL JNM-GSX 270 FT-NMR (JOEL Ltd, Tokyo, Japan) spectrom-
eter was used to record the 1H NMR spectrum at 250 MHz against
trimethylsilane (TMS) internal reference standard. Approximately
5 mg PHA sample was dissolved in 2 ml deuterated chloroform
(CDCl3) and ﬁltered into NMR tube using borosilicate glass syringe
equipped with 0.22 mm PTFE disposable ﬁlter (11807-25, Sartorius
Stedim, Germany).
2.4.3. GC-MSMS analysis
GC-MSMS was recorded on Agilent triple quadrupole 7000B
(Agilent, USA), equipped with GC-MSMS triple axis detector
carrying Agilent HP-5ms column (30 m length 0.25 mm internal
diameter  0.25 mm ﬁlm). PHA sample in the form of hydrox-
yalkanoic acids methyl esters were used for the GC-MSMS analysis
according to method reported in literature [30,31]. Methanolyzed
sample (1 ml) was automatically injected into the GC at a split ratio
of 1:50. The injection temperature was set at 280 C while the
oven and column temperatures were programmed at 40 C for
1 min, and then increased to 120 C at 15 C min1 before being
held constant for 2 min. The temperature was increased to 250 C
at 10 C min1 and then held constant for 10 min. Helium was
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used as carrier gas at 48.3 ml min1 and 0.41 bar pressure. Mass
spectra were acquired at 1250 scan speed using electron
impact energy of 70 eV at 200 C ion-source and 280 C
interface temperatures, respectively. Standard monomers of
methyl hydroxyalkanoates (Larodan, Sweden) were used as
reference to determine peak retention time and ionization mass
determination.
2.4.4. Gel permeation chromatography (GPC)
Waters 600 (Waters Corp, Milford, MA, USA) equipped with
a Waters refractive index detector (model 2414) having the
following gel columns (7.8 mm internal diameter 300 mm) in
series: HR1, HR2, HR5E and HR5EWaters Styrogel HR-THFwas used
to record the chromatogram relative to calibration curve of stan-
dard monodisperse polystyrenes (3.72 102, 2.63 103, 9.10 103,
3.79 104, 3.55105, 7.06 105, 3.84106 and 6.77 106 Da). The
PHA samples were dissolved in chloroform at a concentration of
2.0 mg mL1 before being ﬁltered through a 0.22 mm PTFE ﬁlter.
100 mL aliquot of the ﬁltered samplewas injected at 40 C using THF
as a mobile phase at a ﬂow rate of 1.0 mL min1.
2.5. Thermal analyses
2.5.1. Differential scanning calorimetry (DSC)
Preparatory thermal analysis of the synthesized poly-3-
hydroxyalkanoates was carried out using Perkin-Elmer differen-
tial scanning calorimeter DSC 6 (Perkin-Elmer Inc., Wellesley, MA,
USA) running Pyris series 6 DSC software. Scans were performed
under nitrogen ﬂow rate of 50 ml min1 at temperature range from
60 C to 185 C, with a heating rate of 10 C min1. The melting
temperature (Tm) was taken at the endothermic peak of the DSC
thermogram. The endothermicmelting enthalpy (DHm) was used to
calculate the polymer crystallinity index (Xp) on the basis of
melting enthalpy (DHmo) of 100% crystalline PHB according to
equation (2) as reported elsewhere [32], assuming 142 J g1 as the
melting enthalpy of 100% crystalline PHB as cited in literature [18].
Xp ¼ DHmDHom
(2)
2.5.2. Thermogravimetric analysis (TGA)
TGA analysis was performed on a Perkin-Elmer TGA 4000
instrument. The sample was heated from 50 C to 950 C at a rate of
10 C min1 under a nitrogen ﬂow rate of 20 ml min1.
3. Results and discussion
3.1. Strain characterization and PHA production
A strain isolated from palm oil mill efﬂuent (POME) and desig-
nated as Bet002 was stained using Sudan Black B to observe
possible accumulation of intracellular PHA. Further conﬁrmation of
the presence of accumulated granule was done using transmission
electron microscopy (Fig. 1). The ribosomal database project II
(RDPII) homology search and blasting of the obtained results from
16S rRNA molecular characterization of the isolate Bet002 showed
99% analogy between the isolate and D. tsuruhatensis strains AY
684787, AY738262 and AY052781 (Fig. 2). The isolate was hence-
forth designated as D. tsuruhatensis Bet002 with EMBL nucleotide
archive accession number HE573174 and subsequently tested for
the PHA production in shake ﬂasks using a two-step batch
fermentation process with different fatty acids as a sole carbon and
energy source.
3.2. PHA characterization
3.2.1. FTIR spectroscopy
The extracted PHA sample was subjected to nondestructive
attenuated total reﬂectance FT-IR (Fig. 3a). Observed infrared
absorption at 3438.27 cm1 was assigned to the hydroxyl group of
the polymer chain [33]. Absorption band at 2927.28 cm1 was
assigned to asymmetric methylene group of the lateral mono-
meric chains. The absorption at 2855.11 cm1 is assigned to
symmetrical CH3 and the intensity of the band has been reported
to be due to conformational disorder obtained in the process of
crystallization [18]. While the absorption band of 1728.96 cm1
was assigned to carbonyl (C]O) ester bond stretching vibration
according to literature [34]. The vibrations at 1457.40 cm1 have
been assigned to bacterial intracellular amide (eCOeNe) that has
been reported to be specie speciﬁc [34]. Absorption at
1380.14 cm1 is assigned to terminal CH3 groups [35]. Series of
absorption bands at 1282.21 cm1 to 723.12 cm-1 were assigned to
asymmetric CeOeC, CeO and CeC stretching vibration in the
amorphous phase.
3.2.2. PHA chemical and physical characterization
The extracted polymers were characterized with reference to
the internal standard trimethylsilane in 1H NMR spectrum
(Fig. 3b). The observed multiplet peaks at chemical shift2.50 ppm
and triplet peaks at 5.25 ppm are assigned to methylene and
methine protons of the a and b-carbon in both 3-hydroxybutyrate
(3HB) and 3-hydroxyalkanoates copolymers (3-HA) respectively
[36,37]. The chemical shift at 1.75 ppm is assigned to methylene
protons adjacent to the b-carbon in the side-chains of 3HA
copolymer [1,38]. Chemical shift at 1.25 and 0.85 ppm are
assigned to the terminal methyl protons of the 3HB and 3HA
polymers respectively [36].
The quadrupole GCMSMS analyses showed the extracted PHA to
be homopolymer of 3-hydroxybutyrate when C14:0, C16:0 and C18:0
were fed as carbon substrate. Interestingly, when oleic acid (C18:1)
was fed as sole carbon and energy source, a copolymer with ﬁve
different monomeric composition was obtained (Table 1) showing
87.7 mol% 3-hydroxybutyrate and traces amount of 3-
hydroxyvalerate, 3-hydroxyhexanoate, 3-hydroxyoctanoate and 3-
hydroxydecanoate.
Fig. 1. Transmission electron micrograph of PHA inclusion in Delftia tsuruhatensis
Bet002 grown on oleic acid.
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3.3. Effect of carbon source on polymer thermal stability
PHA thermal stability reﬂects the maximum temperature the
polymer could withstand before decomposition. The calorimetric
scan of the extracted PHA showed the endothermic melting
temperature (Tm) of this polymer to vary with the type of substrate
fed (Table 1). For example using myristic acid (C14:0), a polymer
with Tm value of 173.2 (0.2) C and apparent melting enthalpy of
Fig. 3. (a) FTIR spectrum(b) 1H NMR spectrum of the PHA synthesized by Delftia tsuruhatensis Bet002 using oleic acid as sole carbon source at 30 C, 200 rpm for 48 h.
Fig. 2. Neighbor joining phylogenetic tree showing the interrelationship between isolate Bet002 and top 10 Blast hits from RDP II database.
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fusion (DHf) of 210.2 (0.1) J g1 was accumulated. In contrast, both
palmitic (C16:0) and stearic (C18:0) acids were found to yield poly-
mers displaying a Tm value of 175.7 and 177.4 (0.2) C with DHf
value of 113.5 and 208.6 (0.1) J g1, respectively. However, the
glass transition temperature (Tg) of these polymers was almost in
the same range 1.0 to 1.5 (0.2) C. In general, this observation
was found to be in agreement with what has been reported on the
average melting temperature (174e179 C) for PHB [39e41].
When oleic acid (C18:1) was fed to the bacterium, the extracted
polymer was found to have a Tm of 163.6 (0.2) C, Tg of 4.4
(0.2) C and DHf value of 53.2 (0.1) J g1. The decrease in melting
temperatures may be due to the amorphous nature of the polymer
arising from varied monomeric composition. In one aspect, this has
the advantage of ease of processing and relatively less energy
consumption during molding or casting. The observed low degree
of crystallinity (0.8  Xp  3.7) of these polymers lends further
evidence of the amorphous nature of the polymer. In general, the
thermal stability of these polymers increased with increasing
carbon atom length in the fatty acid, with unsaturated fatty acid
having the highest thermal stability due to more favorable side
chain crystallization by the monomers, which in turn was reported
to inﬂuence the polymer’s high apparent enthalpy of fusion
[19,36,37].
Thermal gravimetric analysis of the extracted polymer showed
an increase in polymer thermal stability with increasing fatty acid
chain length fed i.e. from C8:0 to C18:0, the thermal degradation
temperature (Td) of 289.8e391.8 C (0.2) was observed (Fig. 4).
The increase in the carbon atom chain length favors the increase in
weight average molecular weight (Mw) of the PHB homopolymer
(Fig. 4). In contrast, when the bacterium was fed with C18:1, the
thermal degradation temperature seems to decrease to 272.2 C
(0.2), which could be due to the presence of the different co-
monomers giving lower crystallinity of the heteropolymer as
compared to PHB homopolymer. The thermal degradation
temperature of the synthesized polymer was also found to be
affected by the varying of carbon and nitrogen (C:N) ratio (data not
shown). At C:N ratio 2.5, the Td was observed to be 330 C (0.2),
whilst increasing the C:N ratio to 6 increased the Td to 470.0 C
(0.2). The observed increase in Td was in linear fashion.
3.4. Effects of carbon source on the PHA composition, molecular
weight and yield
Different carbon sources such as aromatic dicarboxylic acid
(phthalic acid), caprylic, myristic, palmitic, stearic and oleic acids
were tested on biomass growth, biopolymer accumulation and
composition. Among the carbon sources tested, the bacterium was
unable to utilized phthalic, caprylic or decanoic acids as growth
substrate since negligible growth was observed when these carbon
sources were used as a substrate in 48-h fermentation. For this
reason, we only reported data obtained from other mentioned fatty
acids (Table 1). It is obvious that the type of carbon source not only
affects the accumulated polymer in terms of its thermal stability
but also its yield and composition. PHA yield was observed to range
from 45.0 to 76.7 % on cell dry weight basis. In fact, both the cor-
responding volumetric productivity (F) and the molecular weight
were also found to vary as well (Table 1).
Myristic acid (C14:0) was observed to give the highest PHA yield
(76.7% cell dry weight) with the highest number averaged
molecular weight, Mn (120 kDa) but lowest Mw (131 kDa). In
comparison, stearic acid (C18:0) was observed to have the
lowest PHA yield (45.0% cell dry weight) with a relatively low Mn
(102 kDa) albeit higher Mw (188 kDa). In general, the polymeriza-
tion seems to be a tightly controlled process with polydispersity
index of 1  PDI  2. Depending on the fatty acid fed, the
polymer composition was observed to range from a homopolymer
of 3-hydroxybutyrate (C14:0, C16:0 and C18:0 as substrate) to
a copolymer (C18:1 substrate) consisting of ﬁve different 3-
hydroxyalkanoates monomeric units (Table 1).
3.5. Effect of nitrogen source on the speciﬁc growth rate and PHA
yield
Changing the type of ammonium (nitrogen) source has no effect
on polymer composition but rather on the bacterium’s speciﬁc
Table 1
PHA physico-chemical properties as a function of carbon source fed.
Carbon
source
PHA %w/w
(CDW)
F (g L1
h1)
Xp Tm
(C)
Tg
(C)
Td
(C)
DHf
(J g1)
PHA mole fraction (mole %) Mn Mw PDI
3HBa
(C4)
3HVb
(C5)
3HHxc
(C6)
3HOd
(C8)
3HDe
(C10)
C14:0 76.7 0.18 1.5 173.2 1.0 289.8 210.9 100 ND ND ND ND 120,000 131,000 1.1
C16:0 53.8 0.14 1.5 175.7 1.3 302.9 208.6 100 ND ND ND ND 110,000 166,000 1.5
C18:0 45.0 0.11 0.8 177.4 1.5 391.8 113.5 100 ND ND ND ND 102,000 188,000 1.8
C18:1 62.4 0.16 0.4 163.6 4.4 272.2 53.2 87.7 2.03 0.96 8.35 0.96 101,000 199,000 2.0
ND (not detected).
a (3-hydroxybutyrate).
b (3-hydroxyvalerate).
c (3-hydroxyhexanoate).
d (3-hydroxyoctanoate).
e (3-hydroxydecanoate).
Fig. 4. TGA thermogram showing carbon substrate as a function of polymer degra-
dation stability in PHA synthesized by Delftia tsuruhatensis Bet002 using ammonium
sulphate as sole nitrogen source at 30 C 200 rpm for 48 h.
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growth rate and the PHA yield. When myristic acid was fed with
0.11% w/w nitrogen content of different ammonium ion sources for
48 h, high PHA and biomass yields were observed on ammonium
sulphate or sodium ammonium hydrogen phosphate supplemen-
tation with speciﬁc growth of 3.2e3.5 (103 h1), respectively
(Table 2). In contrast to previous observation on nitrogen source
evaluation in Pseudomonas putida PGA1 [42], both bacteriological
peptone and ammonium nitrate were observed to yield low
biomass with high PHA yield in D. tsuruhatensis Bet002, while urea
was found to have the lowest PHA accumulation. The chloroform
casted polymer ﬁlm also showed different morphologies following
the bacterium cultivation in different nitrogen sources e.g. when
ammonium sulphate was used, an epitaxial crystallized ﬁlm was
formed (Fig. 5(a)) as compared to a more amorphic ﬁlm when the
other nitrogen sources were used in this study (Fig. 5(bee)). The
exact reason for the observed differences is not immediately clear
at this stage although the same protocol was used in the prepara-
tion of the ﬁlms.
3.6. Effect of carbonenitrogen ratio on the biomass and PHA yield
It was observed that both the PHA content and biomass growth
can be increased by changing the molar ratio between carbon-to-
nitrogen (C:N) source (Fig. 6). The increase in the C:N molar ratio
from 2.5 to 4 exhibited an increase in biomass and PHA accumu-
lation between the range of 4.2e14.3 g L1 with a corresponding
PHA yield of 51.0e76.7 % w/w cell dry weight, respectively. The
increase in biomass as the C:N molar ratio increases until 4 was
indicative of the carbon-limited growth condition below the C:N
4. Additional increase in C:N molar ratio after 4 however, did not
Table 2
Nitrogen source as a function of biomass, speciﬁc growth and PHA yield.
Nitrogen source Biomass (g L1) PHA (%CDW) m (103 h1) Mn Mw PDI
(NH4)2SO4 6.3 58.8 3.2 103,000 114,000 1.1
NH4NO3 0.8 45.0 1.4 68,000 76,000 1.1
NaNH4HPO4$4H2O 7.2 53.9 3.5 120,000 131,000 1.1
Urea 2.2 11.1 2.3 4700 5300 1.1
Peptone 3.8 56.0 2.5 128,000 136,000 1.1
CDW: cell dry weight.
Fig. 5. Micrograph of PHA ﬁlm morphology after chloroform solution casting. Myristic acid was used as a sole carbon source and (a) ammonium sulphate (b) ammonium nitrate (c)
Urea (d) Sodium ammonium hydrogen phosphate (e) peptone as nitrogen source (X4 magniﬁcation).
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results in further increase in biomass but rather a signiﬁcant
reduction of PHA accumulation was observed. Conversely, the
results from this experiment offer additional support for the
growth-linked PHA accumulation in this bacterium. Maximum PHA
accumulation at approximately 76.7% w/w cell dry weight was
attained for C:N molar ratio of 4. The molecular weight of the PHA
from the different C:N molar ratios tested fell within a narrow
range of 110e167 kDa. The crystallinity index (Xp) and poly
dispersity index (PDI) remained constant at all the C:N molar
ratios tested.
4. Conclusions
Effects of different fatty acids on the composition and stability of
biodegradable polymer produced by newly isolated strain D. tsur-
uhatensis Bet002 was studied. The synthesized PHA was found to
chemically consist of monomers ranging from 3-hydroxybutyrate
(3HB) to 3-hydroxydecanoate (3HTD). Depending on the fatty
acid used, a relatively high molecular weight PHA (z199 kDa) and
accumulation as high as 76.7% on cell dry weight basis was
observed. The fermentation substrate was observed to inﬂuence
the thermal stability and crystallinity of the synthesized polymer.
Varying the ratio of carbon and nitrogen substrates in the
fermentation medium a polymer with degradation temperature as
high as 470 C was achieved.
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Abstract
BACKGROUND: Functionalization of aliphatic biopolymers such as bacterial polyhydroxyalkanoates (PHA) using biologically
active hydrophilic moieties like sugars helps to improve the hydrophilicity and biodegradability of the biomaterial.
RESULTS:Theeffectsof reactionvariables reactiontime, temperature,enzymeconcentrationandsubstrate ratioonreactionrate
and yield in the synthesis of poly(1’-O-3-hydroxyacyl-sucrose) using Candida antarctica lipase B (EC 3.1.1.3) were studied. Using
H2O2 asmicro-initiator, enzyme-mediated synthesis yielded reaction rate, vapp of 0.076x10−5 mol L−1 s−1. Thebiodegradability
of the functionalized polymer was observed to increase by 1.5 fold compared with the non-functionalized material apart from
showing better compostability. Increasing the reaction temperature (>50◦C), enzyme concentration (>15 g L−1) and reactant
ratio (w/w) of sucrose:PHA (>2) did not increase further the rate or yield. The sucrose-functionalizedmcl-PHAwas characterized
with respect to the non-functionalizedmaterial.
CONCLUSIONS: Novozym 435 can be used effectively to synthesize poly(1’-O-3-hydroxyacyl sucrose) in micro-aqueous
mediumbypassing the need for chemo-synthetic steps. The synthesized biomaterials have potential applications in biomedical
and industrial niches.
c© 2012 Society of Chemical Industry
Keywords: biopolymer; Candida antarctica; lipase; polyhydroxyalkanoates; sugar-ester; sucrose
INTRODUCTION
Polyhydroxyalkanoates (PHA) are known to have important indus-
trial and biomedical applications as a result of their biodegrad-
ability, biocompatibility, compostability and versatile structural
composition. In fact, the current concerns over environmental pol-
lution and degradation, favor the application of these biodegrad-
able polymers over their petrochemical counterparts. Despite
their applications in the biomedical field spanning from surgical
sutures, drug delivery devices to tissue engineering scaffolds,1–4
the biopolymers may exhibit slow degradability and resorbabil-
ity especially within the extracellular matrixes.3 For instance, the
in vivo degradability of poly-2-oxepanone was reported to take
about 3–4 years in tissue in addition to lack of total elimina-
tion of the degraded monomers out of the body.5 Among the
reported strategies employed to address this issue is the function-
alization of the polymer.3 One such approach is functionalization
by transesterification via sugar-acylation, which not only improve
the hydrophilicity of these carbohydrate esters but also impart
novel properties for specialty applications such as antimicrobial
activity,6,7 lectins interaction,8 galactosyl transferase inhibition,9
specific ligands to the ASGPR receptor that is overexpressed in
hepatocellular carcinoma,10 water repelling and oil absorption.11
The use of conventional chemical catalysis in polymer func-
tionalization and modification processes is viewed as unfavorable
due to byproduct(s) formation that are complicated to control
particularly when the main products are intended for use
in biomedical and environmental applications. Alternatively,
enzymatic catalysis offers excellent enantiomeric selectivity,
specificity and catalytic activity under mild reaction conditions,
making the enzyme catalyzed functionalization process highly
desirable. Lipases (EC 3.1.1.3) were among the most commonly
used triacylglycerol hydrolases that catalyze the synthesis of ester
bonds inmicro-aqueousmedia.6,12 Awide range of biodegradable
functionalized polymers has been produced using enzymatic
catalysis.11,13–16 Most reported polymer functionalization was
based on polyvinyl,17–19 polyacrylate20 and polycaprolactone11,21
esters. In addition, most of the synthetic process is not solely
enzymatic but a hybrid system (chemo-enzymatic)13,18,22,23 where
enzymatic transestrification of the vinyl or acrylic ester with the
sugar moiety is followed by chemical radical polymerization.
In most cases, the functionalized polymer obtained through
this approach has toxic chemical impurities, which make it less
attractive for biomedical applications. Secondly, the pendant
carbohydrate moiety is attached to the main polymeric chain
∗ Correspondence to: SuffianM Annuar, Institute of Biological Sciences, Faculty
of Science, University of Malaya, 50603 Kuala Lumpur, Malaysia.
E-mail: suffian_annuar@um.edu.my
a Institute of Biological Sciences,
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by a di-carboxylic acid spacer arm,19,22,24 which could proba-
bly increase the hydrophobicity of the polymer rather than the
hydrophilicity. Literature reportingbacterial PHA functionalization
is very scarce,25 particularly reports on the single-step enzymatic
functionalization of medium chain length PHA (mcl-PHA).
This study reported Candida antarctica lipase B catalyzed
functionalization of bacterial mcl-PHAwith sucrose in the absence
of the spacer arm to yield poly(1’-O-3-hydroxyacyl-sucrose).
Effects of reaction variables such as temperature, enzyme loading,
reactant ratio and reaction time in relation to enzymatic reaction
rate, vapp and reactant conversion were studied. In addition to
characterization of the functionalized mcl-PHA, biodegradability
and compostability of the biomaterial were also studied.
MATERIALS ANDMETHODS
Materials
Candida antarctica lipase B (Novozym 435) immobilized on acrylic
resin beads (Sigma-Aldrich; L4777), p-nitrophenyl palmitate
(Sigma-Aldrich; N2752), dimethyl sulfoxide (Sigma-Aldrich;
D8418), molecular sieve 4 A˚ (Sigma-Aldrich; 334308), NaCl crystal
window (Sigma-Aldrich; Z267724). Sucrose (Merck; 107651),
hydrogen peroxide (Merck; 822287), methanol (Merck; 106012),
chloroform (Merck; 102395), dichloromethane (Merck; 106051),
acetone (Merck; 100299), N-(trimethylsilyl) imidazole (Merck;
818204). All chemicals were of analytical grade.
Biodegradable mcl-PHA with co-monomeric compositions of
C6:0 to C14:0 was obtained based on reported fermentation culture
conditions26 using Pseudomonas putida Bet001 as producer
microorganism and fatty acids as sole carbon and energy source.
Methods
Enzyme activity
The enzymatic activity was measured as reported by Teng and
Xu.27 Novozym 435 (150mg) was added to a vial containing 10mL
of a 10mmol L−1 4-nitrophenyl palmitate solution in n-hexane. To
this mixture 60 µL of 1 mol L−1 absolute ethanol was added. The
resulting slurry was incubated at 40◦C, 200 rpm for a period of 20
min. Aliquots (30µL each) of the reactionmixturewerewithdrawn
at intervals andquenchedbymixingwith1mLof0.1mol L−1 NaOH
in a quartz cuvette. The 4-nitrophenol liberated by the reaction
wasmeasuredat 412nm(UV–Vis spectrophotometerV-630; Jasco,
Japan) against distilledwater asblank. Theenzymeactivitywas cal-
culated as the slopeof a plot of 4-nitrophenol released versus time.
Enzymatic transesterification
All reactions were performed in triplicate. A solution of sucrose
(0.16 g) dissolved in 2 mL DMSO under mild warming (40◦C, 3
min) wasmixed into 20mL capped reaction vials containing 0.08 g
mcl-PHA dissolved in 8 mL chloroform. To this mixture, 150 mg
lipase, 30 mg molecular sieve 4A˚ and 10 µL H2O2 (micro-initiator)
were added. The initial water activity (aw) of the mixture was
then recorded using Rotronic hygropalm water activity meter
(HP23-AW; www.rotronic.co.uk). The reaction was then allowed to
progress for a total period of 24 h at 50◦C, 200 rpm. All reactions
were carried out according to the aforementioned procedure
except if stated otherwise.
Residual sugar quantification
At specific intervals the residual carbohydrate moiety was
quantified by withdrawing aliquot samples (20 µL) of the reaction
mixture and mixed with 5 µL absolute ethanol to stop the
reaction. Thismixturewas thendilutedwith1.0mLchloroformand
thereafter derivatized by adding 5 µL N-(trimethylsilyl) imidazole
(TMSI) followed by sonication at 37 kHz, 1.9W and 30◦C for 2 min
and immediately filtered into GC vials. The residual sugar was then
measured onAgilent triple quadrupole 7000B instrument (Agilent,
USA) equipped with GCMSMS triple axis detector carrying Agilent
HP-5ms column (30 m long × 0.25 mm internal diameter × 0.25
µm film thickness). A sample (2 µL) was automatically injected
into the GCMSMS at a split ratio of 1:10. The injection temperature
was 280◦C. The columnoven temperature rampingwas as follows:
110◦C for 1 min then increased to 200◦C at 20◦C min−1; held at
200◦C for 2 min then increased to 280◦C at 20◦C min−1; then held
at 280◦C for 5 min. Helium at 0.76 bar and 14mL min−1 was used
as the carrier gas. Mass spectra were acquired at 1250 scan speed
using electron impact energy of 70 eV at 230◦C ion-source and
250◦C interface temperatures. Thedataobtainedper each reaction
time was used to quantify the residual sucrose by comparing with
thecalibrationplotpreparedbyanalyzingdifferent concentrations
of sucrose standard solutions in DMSO. The enzymatic reaction
rate (mol L−1 s−1)was calculated as the slopeof a plot of converted
sucrose concentration versus time.
Product extraction
At the end of the reaction, the functionalized polymer (poly(1’-
O-3-hydroxyacyl-sucrose)) was extracted by diluting the reaction
mixture with 20 mL of dichloromethane, followed by filtration
using glass fritted Buchner filter funnel to separate the
immobilized enzyme and molecular sieves. The filtrate was then
concentrated under reduced pressure to about 3mL at 40◦C. The
functionalized polymer was precipitated out from the filtrate by
adding the concentrate into 10mL of cold acetone (4◦C). The
solvent was then decanted and the precipitate was re-purified
by subjecting it to three-cycle precipitation. At each stage, the
functionalized polymer was dissolved in dichloromethane (3 mL)
then added to cold acetone (10mL, 4◦C) and the white precipitate
was recovered. The final extracted product was dried to a constant
weight at 30◦C under vacuum. A portion of the dried sample was
subsequently subjected to further authentication analyses.
Product authentication
Perkin-Elmer FTIR RX 1 spectrometer (Perkin-Elmer Inc., Wellesley,
MA, USA) was used to record FTIR-ATR spectra of the poly(1’-
O-3-hydroxyacyl-sucrose) as previously reported.25 Proton NMR
spectra were recorded on a JEOL JNM-GSX 270 FT-NMR (JOEL
Ltd, Tokyo, Japan) machine at 250 MHz according to reported
literature.26
Gel permeation chromatography of the poly(1’-O-3-
hydroxyacyl-sucrose) was recorded on Waters 600 (Waters Corp,
Milford,MA,USA) equippedwithaWaters refractive indexdetector
(model2414)and the followinggel columns (7.8mminternaldiam-
eter × 300 mm each) in series: HR1, HR2, HR5E and HR5E Waters
Styrogel HR-THF.Monodisperse polystyrene of differentmolecular
weights (3.72× 102, 2.63× 103, 9.10× 103, 3.79× 104, 3.55× 105,
7.06 × 105, 3.84 × 106 and 6.77 × 106 Da) were used as standards
to produce the calibration curve. The polymer samples (2.0 mg
mL−1) were dissolved in dichloromethane (DCM), filtered through
a 0.22 µm PTFE filter and then injected into the GPC (100 µL) at
40◦C.DCMwasusedasmobile phase at a flow rateof 1.0mLmin−1.
Differential scanningcolorimetric (DSC)analysisof thepoly(1’-O-
3-hydroxyacyl-sucrose)wasperformedonaPerkin-ElmerDiamond
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DSC instrument using HyperDSC technique (Perkin-Elmer Inc.,
Wellesley, MA, USA). Scans over the temperature range −50◦C to
180◦C at a heating and cooling rate 10◦Cmin−1 in nitrogen at flow
rate 50 mL min−1.
Thermal gravimetric analyseswereperformedonaPerkin-Elmer
TGA4000 instrument (Perkin-Elmer Inc., Wellesley, MA, USA). The
samples were heated from 50◦C to 800◦C at a rate of 10◦C min−1
in nitrogen at flow rate 20 mL min−1.
Biodegradibility and compostability test
The biodegradability of both the functionalized and control
(non-functionalized) mcl-PHA was performed quantitatively
according to reported literature.28 This was tested by culturing
Candida rugosa (ATCC 10571) in two sets with three replicates
each in a batch fermentation process (100 mL in 250 mL conical
flask) using previously reported media composition.29 First, the
yeast was cultured on agar plate growth medium (30◦C, 200
rpm, 48 h) composed of (L−1 ): 3.5 g peptone, 30 g yeast extract,
20 g glucose, 2 g KH2PO4 ,1 g MgSO4 · 7H2O and 20 g agar in
distilled water. The harvested biomass (1% w/v) was aseptically
suspended in sterile 2% NaCl solution (15 mL). The suspended
cells solution (5 mL) was aseptically inoculated into sterile basal
liquidmedium (30◦C, 200 rpm ) that contained (L−1) : 15 g KH2PO4
,6 g Na2HPO4, 6g (NH4)2SO4, 1 g MgSO4 · 7H2O and 0.2% (v/v)
filter (0.22 µm) sterilizedmicronutrients (0.01 g FeCl3 · 6H2O, 0.004
mg inositol, 0.006 mg biotin, 0.2 mg thiamine hydrochloride).
Carbon source (PHA sample) was added at a final concentration
of 5 g L−1. The pH value of the media was adjusted to 7.0
(±0.2) with NaOH. The oxygen consumption of each sample over
time was determined using CyberScan dissolve oxygen meter
DO300 (Eutech Instruments; The Netherlands). The percentage
biodegradation rate was calculated by expressing the ratio of
experimental biochemical oxygen demand (BOD) to that of
theoretical oxygen demand as a percentage.
The qualitative biodegradability test was observed by
compostability of both polymer samples based on the microbial
degradation of polymer surface in a laboratory simulated
environment using about 300 g of 70% (±3%) humid garden
soil in a 50 mL sample bottle. A solvent-cast film (0.5 cm× 1 cm)
of both poly(1’-O-3-hydroxyacyl-sucrose) and the control were
buried 4 cm deep each in separate sample bottles and incubated
at 30◦C (±2◦C) for a period of 8 weeks. At regular intervals,
the surface topological analyses of both polymers before and after
compostingwereobtainedat 360 to450µmviewusing3DAlicona
InfiniteFocus optical surface texture analyzer (Alicona; Austria).
Calculations
Enzymatic apparent catalytic reaction rate (vapp; M s−1) was
calculated using Equation (1):
vap =  [S]
t
(1)
where [S] is the converted sucrose molar concentration at time t.
The polymeric apparent degree of crystallinity (Xapc) is given by
Equation (2):
Xapc =
H
H∗
(2)
whereH is theDSC endothermicmelting enthalpy of the poly(1’-
O-3-hydroxyacyl-sucrose), assuming 142 J g−1 as the endothermic
melting enthalpy (H* ) of standardPHBas cited in the literature.30
The biochemical oxygen demand (BOD) and percentage BOD
biodegradability were determined according to Equations (3) and
(4), respectively:28
BOD = DO0 − DOt
ϕ
(3)
where DO0 and DOt is the dissolved oxygen (DO) initially and at
time t, respectively; ϕ is the fractional oxygen volume defined as
the ratio of the experimental DO volume to that of theoretical DO
volume calculated from the ideal gas equation and according to
stoichiometry in Equation (5).
BOD degradibility % =
(
DO0−DOt
ϕ
)
BOD0
× 100 (4)
where BOD0 is the theoretical BOD which equals DO0 in a batch
process.
CPHA + Cbiomass + O2 → CO2 + H2O + Cresidues + Cbiomass (5)
Polydispersity index (PDI) of the polymer was calculated using
Equation (6):
PDI = Mw/Mn (6)
whereMw is weight-averagedmolecular weight andMn is number
averaged molecular weight.
RESULTS ANDDISCUSSION
Characterization of sucrose-based functionalizedmcl-PHA
The synthesis of sucrose-based functionalized mcl-PHA (poly(1’-
O-3-hydroxyacyl-sucrose) was achieved using Novozym 435 from
Candida antarctica as a catalyst in a co-solvent system (Fig. 1).
In this process, a sucrose conversion yield of 34.1% (±1%) was
observed within 24 h. The solvent-cast film of the extracted
polymeric product (white amorphous film) was subjected to
analytical authentication. FTIR-ATR (Fig. 2): wave number 3389
(υ -O-H), 2979 (υ -CH2-CH2-), 2891 (υ -CH2-CH3), 1734 (υ C=O), 1295
(υ -C-O-C-). 1H NMR (Fig. 3) relative to trimethylsilane (TMS): δ 5.30
(1H, 1α-H of glucose), 4.72 (1H, J4’β-H, 4’ β-H of sucrose), 4.50 (1H,
J1’β-Ha’, 1’ β-Ha’ of sucrose), 4.33 (1H, 5’ β-H of sucrose),4.19 (1H,
J1’β-Hb’, 1’ β-Hb’ of sucrose), 3.83 - 3.20 (1H-3’β ; 2H-6’β J6’a’,b’β-H;
2H-6α J6a,b α-H; 1H-2α;1H-3α; 1H-4α, 1H-5α; OH of 3’, 4’,6’, 2,3,4,6 of
sucrose, 1H-PHAβ-carbon –CH= and 1H of PHAOH-terminal), 2.56,2.32
(2H-PHAα-carbon -CH2-), 1.75-1.40 (2H of -CH2- PHA side-chain) and
0.86 (3H PHAside-chain -CH3).
Candida antarctica lipase B (CALB) is reported to be composed
of 317 different amino acid residues and have a total molecular
weight of about 33 kDa.31,32 Like other hydrolases, the catalytic site
of this enzyme is composedof a catalytic triad of three polar amino
acid residues i.e. serine-histidine-aspartic acid (Ser105, His224 and
Asp187) as depicted in Fig. 1. These amino acids are responsible
for the enzyme catalytic activity.31 In Fig. 1, the overall reaction
mechanism is proposed to follow a two-step mechanism with
an initial acylation step where the PHA polymer interact with the
Ser105 residue resulting inacovalent acyl-enzyme intermediate.1,33
In this step, the primary hydroxyl group on Ser105 serves as a
nucleophile, which attack the terminal acyl-carbonyl-carbon of
the PHA forming a transition state which leads to the formation of
covalently bonded tetrahedral intermediate. This intermediate is
then stabilized by the proton-accepting His224 residue due to the
formationof two importanthydrogenbondsbetween itself (His224)
wileyonlinelibrary.com/jctb c© 2012 Society of Chemical Industry J Chem Technol Biotechnol 2013; 88: 1328–1335
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Figure 1. Proposed reaction mechanism of C. antarctica lipase B catalyzed PHA functionalization using sucrose as acyl acceptor in biphasic solvent.
Figure 2. FTIR spectra of the control PHA (non-functionalized), standard
sucrose and sucrose-based functionalized PHA.
and the other two amino acids (Ser105 and Asp187). This is followed
bydeacylationas a result of interactionbetween theSer105 primary
amide nitrogen and the ester bond hydroxyl group resulting in the
release of water molecule and Ser105 activated complex. Further
nucleophilic attack by alcohol (sucrose) results in the glycosylation
of the sugar moiety onto the polymer chain (Fig. 1).
In Fig. 2, the FTIR spectrum of the poly(1’-O-3-hydroxyacyl-
sucrose) shows an increased absorption at wave number (υ) 3389
cm−1 corresponding to increased –OH group and the persistence
of ester absorptionat 1734 cm−1 reveals a successful functionaliza-
tion of the PHA with the sugar moiety compared with the spectra
of non-functionalized PHA that has been used as control (Fig. 2).
Figure 3. 1H NMR spectrum of sucrose based functionalized PHA.
This observation was found to be in accord with the proton NMR
spectrum of the product (Fig. 3), which reveals a series of chemical
shifts at δ 5.30 to 3.20 ppm, signifying the presence of sugar in the
product. These observations were found to be in good agreement
withreported literatureonsucrosepolyesterscharacterization.19,22
In contrast to control mcl-PHA (Tm 42
◦C; Td 264.4◦C, X
ap
c 0.7),
the thermal analyses of the poly(1’-O-3-hydroxyacyl-sucrose) was
observed to have low degree of crystallinity (Xapc = 0.3), two peak
endothermic melting temperature (Tm) of 123.3 and 131.8
◦C
(±0.2◦C) corresponding to the distinct melting of the sucrose
moiety and PHA, respectively. The thermogravimetric analysis
revealed a two-step degradation temperature Td (Fig. 4) at 186.2
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Figure 4. TGA thermogram of functionalized PHA and non-functionalized
PHA.
and 275.5◦C (±0.2◦C), signifying the decomposition of both the
hydrophilic sugarmoietyandthehydrophobicmcl-PHAbackbone,
respectively. Furthermore, the GPC analysis of the poly(1’-O-
3-hydroxyacyl-sucrose) revealed a general decrease in weight
average molecular weight (Mw 35.4 kDa) with increasing number
average molecular weight (Mn 48.7 kDa) and 0.7 PDI compared
with the non-functionalized PHA (Mw 41.2 kDa, Mn 21.3 kDa, PDI
1.9). This reduction in Mw and the increase in the Mn of the
poly(1’-O-3-hydroxyacyl-sucrose) were attributed to the possible
enzymatic hydrolysis of the polymeric backbone by random chain
scission, which explains the increase in Mn. The observed increase
in Tm could be attributed to the increased hydrophilicity of the
polymer as a result of sugar moiety hydrogen bonding causing
strong intermolecular attraction, thus at the same time increasing
the amount of thermal energy required to break the bond. This
observation is further supported by the differences in the Td
between 264.4◦C for non-functionalized mcl-PHA and 275.5◦C for
functionalized mcl-PHA.
Biodegradability and compostability of the
poly(1’-O-3-hydroxyacyl-sucrose)
Thebiodegradabilityofpolymericmaterials hasbeendocumented
to rely substantially on their basic physical and chemical structure
properties.28 These are not only restricted to the polymeric
molecular structures but also the length of the polymeric chain
and crystallinity of the polymer since it is more difficult to degrade
the crystalline part compared with the amorphous parts. Reaction
conditions (vessel’s volume and shape, temperature, pH, aerobic
or anaerobic, mixing and duration) and polymeric polarity were
also reported to affect the rate of degradation process.28 Indeed,
the hydrophilicity of the sugar moiety on the polymer will also
influence the absorption of water favoring high microbial growth
and attract more microbial cells to the sample.24
As expected the biodegradability of the poly(1’-O-3-
hydroxyacyl-sucrose) was observed to surpass that of
non-functionalized polymer by about 1.5 fold (Fig. 5). In
fact, poly(1’-O-3-hydroxyacyl-sucrose) was observed to be
degraded by 56.4% after 5 days compared with 38.1% of
non-functionalized mcl-PHA. In Fig. 5, a short lag period between
incubation times of 0 to 12 h was observed, which could be
attributed to the microbial adaptation in the culture medium and
the substrate. After that time aprogressive increase in degradation
was observed up to day 3 indicating successful use of the polymer
Figure 5. BOD degradability % as a function of incubation time at 3 g L−1
PHA, 30 ◦C, 200 rpm for 5 days.
as a carbon and energy source by the yeast. A plateau was
observed after day 3, thus, indicating a probable end of the degra-
dation under the mentioned incubation conditions. In contrast
to the control polymer this difference in percentage degradation
could be due to the increase hydrophilicity and microbial
growth in the sucrose-based polymer sample. These results are
in agreement with the reported increase in biodegradation of
sugar-based polymers. For instance, Barros et al.34 investigated
the biodegradation of poly(6-O-methacryloyl sucrose-co-styrene)
and poly(6-O-crotonyl sucrose-co-styrene) using Aspergillus niger,
the authors reported a very good biodegradability after 90
days of incubation. Lu et al.22 reported a decrease in Mn from
33 kDa to 1080 Da in their studies on the biodegradation of
poly(1’-O-vinyladipoyl-sucrose) using Bacillus subtilis alkaline
protease (EC 3.4.21.62) at 37◦C in a shake flask process.
The observations in this study were supported by the results of
the solid-phase surface texture analysis. The functionalized mcl-
PHA seems to be well degraded under the simulated composting
conditions. In Fig. 6, relative to the initial PHA film in both samples
(Fig. 6 ax, bx), the non-functionalized PHA (Fig. 6 ay) was observed
to have less surface degradation after 3 weeks of composting
compared with poly(1’-O-3-hydroxyacyl-sucrose), which showed
more degraded surface (Fig. 6 by). In both samples maximum
surface degradation was observed after 8 weeks of composting;
as expected poly(1’-O-3-hydroxyacyl-sucrose) (Fig. 6 bz) degraded
more than thenon-functionalizedPHA (Fig. 6 az). This couldbedue
to the presence of sucrose moiety improving the hydrophilicity
of the functionalized mcl-PHA. In general, the degradation in
both samples was localized to specific areas. This could be the
amorphous phase of the film, which is more readily degraded by
the compostingmicroorganisms in relation to themore organized
crystalline phase.28
Effects of reaction time on reactant (sucrose) conversion in
the lipase-catalyzed functionalization of mcl-PHA
The effect of reaction time on the enzymatic reaction rate and
acyl acceptor conversion was observed at w/w ratio of 0.5 PHA
to sucrose (Fig. 7). Strong increase in both the apparent reaction
rate vapp = 0.073 x 10−5 mol L−1 s−1 and corresponding sucrose
conversion (23.4%) were observed during the early hours of the
reaction (∼10 h). Both the reaction rate and the conversion
increased gradually up to 20 h; thereafter the reaction rate and
wileyonlinelibrary.com/jctb c© 2012 Society of Chemical Industry J Chem Technol Biotechnol 2013; 88: 1328–1335
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Figure 6. Optical 3D Alicona InfiniteFocus micrograph comparing the
surface degradation in the simulated composting of control mcl-PHA (ax,
ay and az) and the functionalized mcl-PHA (bx, by and bz) recorded at
25◦C, 360 to 450 µm view.
Figure7. Enzymatic reaction rate vapp and sucrose conversion as a function
of reaction time at 50◦C, 200 rpm, 24 h.
the conversion tapered off to a maximum vapp of 0.075 x 10−5
mol L−1 s−1 with corresponding conversion of 34.1% (Fig. 7).
The gradual decrease in the apparent reaction rate could be due
to the observed increased water activity (aw = 0.06 at t= 10 h;
aw = 0.17 at t = 24 h) in the media, which may eventually cause
polymerhydrolysis insteadof synthesis. This observation is ingood
agreement with previous reports35-37 on the observed reduction
of lipase reaction rate and conversion in sugar ester synthesis
due to water accumulation in the reaction media. Furthermore,
the results were found to be in accord with data reported by
Chamouleau et al.38 These authors studied the influence of water
activity and content on the C. antarctica lipase catalyzed synthesis
of sugar esters in organic media. They reported a reaction rate of
4.9 g L−1 h−1 and corresponding sugar conversion of 28.5% at aw
lower than 0.07 within 8 h reaction time. They further reported
that increase in water activity (from aw = 0.1 to 0.75) in the media
coincided with the decrease in reaction rate (from v ≥ 8 to< 0.5 g
L−1 h−1) and product yield (from Yp/s ≥ 18 to <1 g L−1).
Table 1. Reaction temperature as a function of apparent
reaction rate, vapp and sucrose conversion (%) (maximum standard
deviation± 5%)
Temp vapp Conversion Mn Mw PDI
(◦C) (x 10−5 mol L−1 s−1) (%) (kDa) (kDa)
25 0.012 7.51 17.2 15.5 0.9
30 0.031 12.4 24.1 18.2 0.8
40 0.059 24.1 32.2 29.1 0.9
50 0.075 34.1 48.7 35.4 0.7
55 0.076 34.2 32.4 38.3 1.2
Effects of reaction temperature on vapp andmolecular weight
The effect of reaction temperature on the vapp and molecular
weight in the Novozym 435 catalyzed synthesis of poly(1’-O-
3-hydroxyacyl-sucrose) in chloroform-DMSO ratio 4:1 (v/v) was
observed (Table 1). It has been previously stated that in micro-
aqueous sugar ester synthesis, the solubility and rate of sugar
dissolution play an important role in product yield.37,39 In fact, in
such reaction, the solubility of sugar moiety has been reported to
largely relyon the reaction temperatureandsolventpolarity.37,39,40
It is observed that the change in temperature from 25 to 50◦C
causes a progressive increase in both the vapp from 0.012× 10−5
to 0.075× 10−5 mol L−1 s−1 and a conversion from 7.51 to 34.1%
(Table 1). Although the solubility of the sucrose can be improved
at high temperature, increasing the reaction temperature beyond
50◦C resulted in a negligible increase in vapp (0.076 x 10−5 mol
L−1 s−1) and conversion (34.2%). This could be attributed largely
to the reported low enzyme stability at higher temperature.37,39,40.
Mat Radzi et al.40 observed a similar trend in their study on
Novozym435catalyzedsynthesisofoleyloleate (Cis-9-octadecenyl
octadecanoate). The authors reported an observed increased in
ester conversion (0–95%) with increasing temperature from 0 to
40◦C; between 40 and 60◦C the conversion remained constant
(95.1–95.9%). These findings were in agreement with previously
reported literature,39–41 which cited the optimal temperature for
lipase in micro-aqueous sugar ester synthesis to be between 40
and 60◦C.
Effects of reactant ratio on vapp and reactant conversion
The relative amount and proportion of reactants in a reaction
system is said to influence the kinetic behavior of theprocess.6,37,40
This is because in this kind of heterogeneous catalysis, the
solubilityof thecarboxylicgroup isaffectedbytheconcentrationof
dissoluble alcohol,which increases thepolarityof themedium. The
effect of reactant ratio (w/w sucrose to PHA) in the lipase catalyzed
synthesis of poly(1’-O-3-hydroxyacyl-sucrose) was studied using
8 g L−1 PHA and 15 g L−1 Novozym 435 incubated at 50◦C, 200
rpm for 24 h. It is observed that changing the sugar concentration
from a weight ratio of 1.0 to 2.0 (Fig. 8), progressively influenced
both the vapp and the corresponding conversion. At a sucrose
weight ratio of 2, highest vapp of 0.075× 10−5 mol L−1 s−1 and
conversion of 34.1% was achieved. In our experimental condition
(10 mL reaction solvent), increasing the ratio beyond 2, resulted
in no further improvement in the vapp (0.073× 10−5 mol L−1 s−1)
and the conversion (33.4%). A probable explanation for high vapp
at ratio of 2 could be increased availability of soluble sugar for
the transesterification. Since the solubility of sucrose in micro-
aqueous media is known to be poor, increasing the concentration
will increase the availability of the soluble sugar. However, the
J Chem Technol Biotechnol 2013; 88: 1328–1335 c© 2012 Society of Chemical Industry wileyonlinelibrary.com/jctb
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Figure8. Enzymatic reaction rate vapp and sucrose conversion as a function
of reaction temperature at 200 rpm, 24 h.
Figure 9. Enzymatic reaction rate vapp as a function of enzyme loading at
50◦C, 200 rpm, 24 h.
low solubility of the sugar moiety in this kind of micro-aqueous
media restricts the possible mass increment to a certain limit
per reaction volume. Therefore, continuous loading of the low
solubility sugar moiety resulted in altered media viscosity6,37,39 40
causing complication inmass transfer of the reactants to the active
site of the enzyme resulting in the decrease in vapp. Moreover, the
increased solvation of the sugarmoiety within the constantmedia
volume increases the polarity of the media, which in turn drives
the reaction equilibrium towards ester-bond hydrolysis instead
of synthesis culminating in decreased conversion. Mat Radzi
et al.40 reported a similar observation in attempting to achieve
highest conversion (97.1%) of oleyl alcohol to oleyl oeate ester
at alcohol:carboxylic acid ratio of 2. Contrary to this observation,
Ha et al.39 reported achieving highest conversion of glucose to
glucosyl laurate in ionic liquid at molar ratio of 1. However, these
authors reported low solubility of the lauric acid in their ionic
liquids, which could probably explain the high conversion at
equimolar ratio.39
Effects of enzyme loading on vapp
The influence of enzyme concentration on the vapp is shown in
Fig. 9. Increase in enzyme loading from 1 to 15 g L−1 resulted
in increased vapp (0.014–0.069× 10−5 mol L−1 s−1). The increase
in excess enzyme concentration beyond 15 g L−1 was not
positively contributing to further increase in the vapp. For example,
increasing enzyme loading from 20–25 g L−1 resulted in almost
constant vapp of 0.070–0.071× 10−5 mol L−1 s−1, most likely
due to the altered and unconducive mixing dynamics in the
batch reaction system used. This observation was found to agree
well with earlier reports.1,39,40 Previously, Kitagawa and Tokiwa13
reported an increase in reaction ratewith increasingAlcaligenes sp.
lipase loading achieving a maximum reaction rate of 3.05 x 10−3
mol L−1 s−1 at enzyme loading of 10 g L−1 during sugar based
polyvinylsebacate ester synthesis. The researchers observed that
increasing the concentration beyond this value resulted in an
almost constant reaction rate.13
CONCLUSIONS
The industrial applications of bacterial mcl-PHA could be further
broadened by functionalizing the biopolymers for specific
characteristics like increased hydrophilicity and degradability.
While most of the previously reported functionalization pro-
cesses relied on hybrid chemo-enzymatic syntheses, this study
demonstrated that C. antarctica lipase B can be used to synthesize
poly(1’-O-3-hydroxyacyl sucrose) in a single-step within a micro-
aqueous medium. The biodegradability of the functionalized
polymer was observed to increase 1.5-fold compared with the
non-functionalized material. The effects of different variables
such as reaction time, temperature, enzyme concentrations and
reactant ratio were studied: time 20 h, temperature 50◦C, enzyme
loading 15 g L−1 and reactant ratio 2 improved the reaction rate
and yield. Indeed, these values could serve as initial points for
further optimization.
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a  b s  t  r a  c t
The  effects of  organic  solvents  and  their binary  mixture  in  the  glucose  functionalization  of bacterial  poly-
3-hydroxyalkanoates  catalyzed  by LecitaseTM Ultra were  studied.  Equal volume  binary mixture  of  DMSO
and  chloroform  with moderate  polarity  was  more  effective  for the enzyme catalyzed  synthesis  of the
carbohydrate polymer  at  ≈38.2  (±0.8)%  reactant conversion  as  compared to  the mono-phasic  and  other
binary solvents  studied.  The apparent  reaction  rate constant  as  a function  of  medium  water  activity  (aw)
was observed to  increase  with increasing  solvent  polarity,  with  optimum  aw of 0.2, 0.4 and  0.7  (±0.1)
observed  in  hydrophilic  DMSO,  binary mixture  DMSO:isooctane  and hydrophobic  isooctane,  respectively.
Author's personal copyeywords:
iopolymer
hermomyces lanuginosus
ipase
olyhydroxyalkanoates
hospholipase
Molecular  sieve loading  between  13 to 15 g L−1 (±0.2)  and  reaction  temperature  between  40  to 50 ◦C  were
found  optimal. Functionalized  PHA  polymer showed  potential  characteristics and  biodegradability.
© 2012 Elsevier B.V. All rights reserved.ugar–ester
. Introduction
Biodegradable polymers such as polyhydroxyalkanoates (PHA)
re an important class of polymeric biomaterials with diverse
ndustrial and biomedical applications as a result of their
iodegradability, compatibility, compostability and versatile struc-
ures. However, despite widely used in biomedical ﬁelds, their slow
egradability and resorbability within the extra cellular matrixes
estrict their applications as short-time drug delivery devices and
ano-DNA carriers [1].  Enzymatic catalyzed esteriﬁcation using
lycosylation to functionalize the polymer is one of the strategies to
ddress this issue [1].  Following the functionalization, not only the
ydrophilicity of the glyco-polymer ester is improved but it also
mpart speciﬁc properties for niche applications such as antimi-
robial activities [2–4],  lectin interaction [5],  galactosyl transferase
nhibition [6],  anti-carcinogenic activities [7], water repelling and
il absorption [8] traits.
Since aqueous solution is a natural reaction milieu for almost
ll enzymes, there is a tendency for enzyme hydration layer that
erves as structure lubricant to  be stripped out when organic sol-
ents are used as reaction medium, thus leaving a rigid protein
ehind with lowered catalytic activity [9]. On the other hand, the
se of such solvents as reaction medium could also be beneﬁcial.
∗ Corresponding author. Tel.: +60 379674003; fax: +60 379677182.
E-mail address: sufﬁan annuar@um.edu.my (M.S.M. Annuar).
141-8130/$ – see front matter ©  2012 Elsevier B.V. All rights reserved.
ttp://dx.doi.org/10.1016/j.ijbiomac.2012.12.028Some of the reported advantages are: (i) an increase in solubility
of substrates that are poorly soluble or unstable in water; (ii) min-
imized water dependent side-reactions (iii) improved enzymatic
stability as a result of low water activity and (iv) thermodynamic
stability of ester bond synthesis over hydrolysis [2,10].  There are
instances where the hydrophobic organic solvents even afforded
higher enzymatic activity than their hydrophilic counterparts [11].
Hence, in the attempt to balance these contradictions, the use of
micro-aqueous medium for enzyme catalysis is adopted in syn-
thetic biotechnology. In fact, it is possible to inﬂuence the product
formation, substrate speciﬁcity, the regio- and enantio-selectivity
of a given enzyme by manipulating the solvent(s) used as reaction
media [12,13].  In PHA functionalization with carbohydrate moi-
ety, a solvent applied as reaction medium must be able to dissolve
sufﬁcient amount of reactants for the reaction to be feasible i.e. the
hydrophilic sugar moiety and the hydrophobic polymer compound.
However, both the sugar and the polymer exhibit markedly dif-
ferent solubilities in micro-aqueous solvents, which in turn made
the esteriﬁcation reaction complicated. In view of all the reported
effects above and the solvation requirement for the current study,
it is postulated that the compromise between reactants solvation,
enzymatic activity and stability could be made via rational reaction
medium manipulation.Most commercial lipase (EC 3.1.1.3) preparation, which is a tri-
acylglycerol hydrolase have been used to catalyze the synthesis of
ester bonds in micro-aqueous media [14,15]. Among these lipases
are the commercially available phospholipase preparations that are
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nown to exhibit hydrolytic activities [16].  On the other hand, the
otential of these enzymes are yet to be explored in the ester-
ﬁcation of carbohydrate polymers in micro-aqueous catalysis;
n particular LecitaseTM Ultra (EC 3.1.1.32), a protein-engineered
hospholipase A1 having both engineered phosphatase stability
nd lipase activity produced by Thermomyces lanuginosus.
The chemo-enzymatic functionalization of polymers such as
olyvinyl [17,18], polyacrylate [19] and polycaprolactone [20,21]
sing sugars has been reported. However, these polymers were
ynthesized bearing di-carboxylic acid spacer arms, which may
ontributed to the increase in hydrophobicity of the polymer
nstead of its hydrophilicity. In most cases, the functionalized poly-
er  obtained through this approach has toxic chemical impurities,
hich makes it  less attractive for biomedical applications.
Literatures reporting on functionalization of bacterial PHA with
arbohydrates solely via enzymatic route are very scarce [22]
articularly on the solvent effects toward single-step enzymatic
unctionalization of medium-chain-length PHA (mcl-PHA). In this
ork, we reported the effects of different organic solvents viz.
hloroform, dichloromethane, DMSO and isooctane along with
heir binary mixtures and solvent’s water activity inﬂuence on
he LecitaseTM Ultra catalyzed functionalization of medium-chain-
ength PHA with glucose. In addition, the need for chemo-synthetic
teps was bypassed by using H2O2 as micro-initiator to effectively
ynthesize the carbohydrate polymer using the enzyme. The char-
cterization of the functionalized mcl-PHA and its biodegradability
tudies were also carried out.
. Materials and methods
.1. Materials
LecitaseTM Ultra from Thermomyces lanuginosus
Sigma–Aldrich; L3295), p-nitrophenyl palmitate (Sigma–Aldrich;
2752), dimethyl sulfoxide (Sigma–Aldrich; D8418), molec-
lar sieve 4 A˚  (Sigma–Aldrich; 334308), NaCl crystal window
Sigma–Aldrich; Z267724). D-glucose (Merck; 137048), hydrogen
eroxide (Merck; 822287), methanol (Merck; 106012), chloro-
orm (Merck; 102395), dichloromethane (DCM) (Merck; 106051),
imethylsulfoxide (DMSO) (Merck; 102931), acetone (Merck;
00299), isooctane (Merck; 104715), N-(trimethylsilyl) imidazole
Merck; 818204). All chemicals used were of analytical grade.
mcl-PHA with monomeric composition of C6:0 to C14:0 was
xtracted from Pseudomonas putida Bet001 as producer microor-
anism grown in hexadecanoic acid as sole carbon and energy
ource [23].
.2. Methods
.2.1. Enzyme assay
The enzyme activity was measured according to procedure
escribed earlier [24]. LecitaseTM Ultra (200 mg)  was added to  a
ial containing 10 mL  of a 10 mM p-nitrophenyl palmitate solution
n n-hexane. To this mixture, 60 L of 1 M absolute ethanol was
dded. The resulting slurry was incubated at 30 ◦C, 200 rpm for a
eriod of 20 min. Aliquots (30 L each) of the reaction mixture were
ithdrawn at intervals and quenched by mixing with 1 mL  of 0.1 M
aOH in  a  quartz cuvette. The 4-nitrophenol liberated by the reac-
ion was measured at 412 nm (UV–Vis spectrophotometer V-630;
asco, Japan) against distilled water as blank. The enzyme activ-
ty was calculated as the slope of a plot of 4-nitrophenol released
ersus time.
Author's p.2.1.1. Enzymatic esteriﬁcation. All reactions were performed in
riplicate. A batch of 10 ml  solution of different organic solvents
chloroform; dichloromethane; DMSO; isooctane) and their binarygical Macromolecules 55 (2013) 127– 136
mixtures (DMSO:chloroform and isooctane:chloroform) contain-
ing glucose (89 mM)  and 0.08 mg mcl-PHA were mixed into 20 mL
capped reaction vials. DMSO:isooctane mixture resulted in an
immiscible solution as compared to the other mixtures tested
(isooctane is  the most hydrophobic solvent followed sequen-
tially by chloroform and DMSO). To this mixture, 200 mg  enzyme,
30 mg molecular sieve 4 A˚ and 10 L H2O2 (micro-initiator)
was added. The initial water activity (aw) of the mixture was
recorded using Rotronic hygropalm water activity meter (HP23-
AW; www.rotronic.co.uk). The reaction was  then allowed to
proceed for a total period of 24 h at 30 ◦C, 200 rpm, while assessing
the water activity at speciﬁed intervals. All reactions were carried
out according to aforementioned procedure except stated other-
wise.
2.2.2. Residual sugar quantiﬁcation
At speciﬁc interval, the residual carbohydrate moiety was quan-
tiﬁed by withdrawing aliquot samples (20 L) of the reaction
mixture and mixed with 5 L absolute ethanol to stop the reac-
tion. This mixture was then diluted with 1.0 mL chloroform and
thereafter derivatized by adding 5 L N-(trimethylsilyl) imidazole
(TMSI) followed by sonication at 37 kHz, 1.9 W and 30 ◦C  for 2 min
and immediately ﬁltered into GC vials. The residual glucose was
then measured on Agilent triple quadrupole 7000B instrument
(Agilent, USA) equipped with GCMSMS triple axis detector carrying
Agilent HP-5 ms column (30 m long × 0.25 mm internal diame-
ter × 0.25 m ﬁlm thickness). A sample (2 L) was automatically
injected into the GCMSMS at a  split ratio of 1:10. The injection tem-
perature was  280 ◦C. The column oven temperature ramping was as
follows: 110 ◦C for 1 min  then increased to 200 ◦C  at 20 ◦C min−1;
held at 200 ◦C for 2 min  then increased to 280 ◦C at 20 ◦C min−1;
then held at 280 ◦C for 5 min. Helium at 0.76 bar and 14 mL  min−1
was used as the carrier gas. Mass spectra were acquired at 1250
scan speed using electron impact energy of 70 eV at 230 ◦C ion-
source and 250 ◦C  interface temperatures. The data obtained per
each reaction time was used in the determination of the residual
glucose quantity by comparing with the calibration plot prepared
by analyzing different concentrations of glucose standard solutions
in DMSO (Supplementary Fig. S1 and Table S1).  The enzymatic reac-
tion rate (M s−1) was calculated as the slope of converted glucose
concentration plot versus time.
2.2.3. Product extraction
At the end of the reaction, the sugar functionalized poly-
mer  i.e. 6-O-glucosyl-poly(3-hydroxyalkanoates)was extracted by
diluting the reaction mixture with 20 mL  of dichloromethane, fol-
lowed by ﬁltration using glass-fritted Buchner ﬁlter funnel to
separate the immobilized enzyme and molecular sieves. The ﬁl-
trate was then concentrated under reduced pressure to about 3 mL
at 40 ◦C. The functionalized polymer was  precipitated out from
the ﬁltrate by adding the concentrate into 10 mL  of cold acetone
(4 ◦C). The solvent was  then decanted and the precipitate was
re-puriﬁed by subjecting it to three-cycle precipitation consecu-
tively. At each stage, the functionalized polymer was dissolved in
dichloromethane (3 mL)  then added to cold acetone (10 mL,  4 ◦C)
and the white precipitate was recovered. The ﬁnal extracted prod-
uct was  dried to a constant weight at 30 ◦C under vacuum. A portion
of the dried sample was  subsequently subjected to further authen-
tication analyses.
2.2.4. Product authentication
sonal copyPerkin-Elmer FTIR RX 1  spectrometer (Perkin-Elmer Inc.,
Wellesley, MA,  USA) was  used to record FTIR-ATR spectra of the 6-
O-glucosyl-poly(3-hydroxyalkanoates)as previously reported [25].
Proton NMR  spectra were recorded on a JEOL JNM-GSX 270 FT-NMR
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(TMS): ı 5.55 (1H, C1-H of glucose), 4.29 (1H, C2-H of glucose), 4.29,
4.10 (2H, JC6-H, of glucose), 4.26 (1H, C5-H of glucose), 3.88 (1H,
C-H of PHA), 3.81 (1H, C1-OH of glucose), 3.78 (multiple H,  C2, C3-OH,
rsoA.M. Gumel et al. / International Journal o
JOEL Ltd, Tokyo, Japan) machine at 250 MHz  according to reported
iterature [25].
Differential scanning colorimetric (DSC) analysis of the func-
ionalized polymer was performed on Perkin-Elmer Diamond
SC instrument using HyperDSC® technique (Perkin-Elmer Inc.,
ellesley, MA,  USA). Scans over the temperature range of −50 ◦C
o 180 ◦C at heating and cooling rate of 10 ◦C min−1 in nitrogen ﬂow
ate of 50 mL  min−1 was  carried out.
Thermal gravimetric analyses were performed on a Perkin-
lmer TGA4000 instrument (Perkin-Elmer Inc., Wellesley, MA,
SA). The samples were heated from 50 ◦C to 800 ◦C  at a  rate of
0 ◦C min−1 in nitrogen ﬂow rate of 20 mL  min−1.
.2.5. Gel permeation chromatography (GPC)
For non-functionalized PHA, gel permeation chromatography
as carried out using Waters 600 (Waters Corp, Milford, MA,  USA)
PC system equipped with Waters refractive index detector (model
414) having the following gel columns (7.8 mm internal diameter;
00 mm)  in series: HR1, HR2, HR5E and HR5E Waters Styrogel HR-
HF. Monodisperse polystyrene standards of different molecular
eights (3.72 × 102,  2.63 ×  103,  9.10 × 103, 3.79 × 104, 3.55 × 105,
.06 × 105, 3.84 × 106 and 6.77 × 106 Da) were used for the cali-
ration curve. The PHA samples were dissolved in tetrahydrofuran
THF) at a concentration of 2.0 mg  mL−1, and then ﬁltered through
 0.22 m PTFE ﬁlter. 100 L  aliquot sample was  injected at 40 ◦C.
HF was used as a mobile phase at a  ﬂow rate of 1.0 mL  min−1.
On the other hand, the Mn of the 6-O-glucosyl-poly(3-
ydroxyalkanoates) sample was calculated based on the integral
f the observed proton NMR  spectra.
.2.6. Biodegradibility test
The qualitative biodegradability test based on composta-
ility was observed using 3D Alicona InﬁniteFocus® optical
urface texture analyzer (Alicona; Austria), after the sam-
les were composted in simulated environment using about
00 g of 70% (±3%) humid garden soil in 50 ml  sample bot-
le. Replicated solvent-casted ﬁlms (0.5 cm ×  1 cm)  of both the
-O-glucosyl-poly(3-hydroxyalkanoates)and the control (poly-3-
ydroxyalkanoates) were buried 4 cm deep in separate sample
ottles and incubated at 30 (±2) ◦C for a  period of 8 weeks. At regu-
ar intervals, the surface topological analyses of both polymers were
erformed at 360 to 450 m view using 3D Alicona InﬁniteFocus®
ptical microscope.
.3. Calculations
Enzymatic apparent catalytic reaction rate (vapp; M s−1) was cal-
ulated using Eq. (1)
ap = [S]
t
(1)
here [S] is the converted glucose molar concentration at time t.
The apparent rate constant (kap1 ; s
−1) is given by Eq. (2)
ap
1 =
−ln(1 − (St − S0))
t
(2)
here S0 and St are initial and converted reactant concentrations,
espectively.
The apparent diffusion rate constant (kapd ; L mol
−1 s−1) is given
y Eq. (3) and it  provides a  measure of  whether the reaction is likely
o be diffusion limited (kap1  k
ap
d ) or otherwise.
Author's peap
d =
8RT
3s
(3)
here R is molar gas constant (8.314 J mol−1 K−1), T is tem-
erature (K) and s (kg m−1 s−1) is the viscosity of thegical Macromolecules 55 (2013) 127– 136 129
reaction solvent that was  measured at 25 (±1) ◦C using
Cannon–Fenske Opaque (Reverse-Flow) viscometer No. 400 D283
(www.canoninstrument.com) and calculated using Eq. (4) as
reported in literature [12].
s = stswtw · w (4)
where s and w are the respective densities of the solvent and
water that were measured at 25 (±1) ◦C  using Anton–Paar DMA  35
Density Meter (www.anton-paar.com); ts and tw are the time taken
by the solvent and water to drop under the inﬂuence of gravity to
a speciﬁed level in the viscometer; and w is the viscosity of water
at 25 (±1) ◦C.
The binary solvent mixture viscosity (mix) was  also calculated
using Jouyban–Acree model [26] as shown in Eq (5)
ln mix = xs ln S,T + xi ln i,T + A0
[
(xsxi)
T
]
+ A1
[
(xsxi(xs − xi))
T
]
+ A2
[
xsxi(xs − xi)2
T
]
(5)
where s and i stand for solvent and co-solvent, respectively, x
denotes their respective mole fractions and T stands for temper-
ature. A0,  A1 and A2 are model constants.
The polymeric apparent degree of crystallinity (Xapc ) is given by
Eq. (6)
Xapc =
H
H∗
(6)
where H is the DSC endothermic melting enthalpy of the
poly(glucosyl-3-hydroxyalkanoates), assuming 142 J g−1 as the
endothermic melting enthalpy (H*) of standard PHB as cited in
literature [25].
Polydispersity index (PDI) of the polymer was calculated using
Eq. (7):
PDI = MW
Mn
(7)
where MW is weight-averaged molecular weight and Mn is number-
averaged molecular weight.
The solvent mixture log Pmix was calculated according to
reported literature [27] as shown by Eq. (8)
log Pmix = (xs · log Ps)  + (xi · log Pi)  (8)
3. Results and discussion
3.1. Characterization of glucose-based functionalized mcl-PHA
The effects of the reaction media in the synthesis of  glucose-
based functionalized mcl-PHA was studied using LecitaseTM Ultra
as a catalyst in a micro-aqueous system. In this process, a glu-
cose conversion yield as high as 38.2% (±0.8%) was observed in
DMSO:chloroform (1:1, v/v) within 24 h. The solvent-casted ﬁlm of
the extracted polymeric product (white amorphous ﬁlm) was  sub-
jected to analytical authentication. FTIR–ATR (Fig. 1): wave number
3339 ( O H), 2948 ( CH2 CH2 ),  2830 ( CH2 CH3 ), 1735 (C O),
1292 ( C O C ). 1H NMR  (Fig. 2) relative to tetramethylsilane
nal copyC4-OH of glucose and terminal PHA-OH), 3.68 (1H, C2-H, C3-H of glu-
cose), 3.63 (1  H, C4-H of glucose), 2.21, 2.02 (2H, JC-H, of  PHA),
1.45–1.29 (CH2 of PHA side chain), 0.86, 0.52 (terminal CH3 of PHA
side chain).
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Author's perig. 1. Samples FTIR spectrum of the control PHA (non-functionalized), glucose
tandard and glucose-based functionalized PHA.
FTIR spectra of the control PHA and the glucose functionalized
HA were compared (Fig. 1). The spectrum of the 6-O-glucosyl-
oly(3-hydroxyalkanoates) showed a very broad absorption at
ave number () 3339 cm−1 corresponding to  the increase in
OH groups contributed by those present in glucose and the func-
ionalized polymer. The persistence of ester-bond absorption at
735 cm−1 can only be observed in control PHA and the functional-
zed PHA spectra, while totally absent in the glucose FTIR spectrum.
his revealed a  successful functionalization of the PHA with the
lucose moiety. This observation was found to be consistent with
he 1H NMR  spectrum of the product (Fig. 2), which revealed a
eries of chemical shifts at   5.55–3.63 ppm, signifying the pres-
nce of sugar in the product. These observations were found to be in
ood agreement with reported literature on carbohydrate polymers
haracterization ([8,28].  Based on the previously determined chem-
cal structure of medium-chain-length poly(3-hydroxyalkanoates)
btained from P. putida Bet011 [23], the functionalized polymer is
roposed to possess chemical structure as shown in Fig. 3.
Fig. 2. 1H NMR  spectrum of glucosgical Macromolecules 55 (2013) 127– 136
In contrast to control mcl-PHA (Tm 43 ◦C; Td 298.9 ◦C,
Xapc 0.78), the thermal analyses of the 6-O-glucosyl-poly(3-
hydroxyalkanoates) was observed to have low degree of crys-
tallinity (Xapc 0.32), two peak endothermic melting temperature
(Tm) of 59.2 and 151 ◦C (±0.2 ◦C) corresponding to the dis-
tinct melting of the PHA and the glucose moiety respectively.
The thermogravimetric analysis revealed a two-step degrada-
tion temperature Td (Fig. 4) at 240.7 and 306.4 ◦C (±0.2 ◦C),
signifying the decomposition of both the hydrophilic glucose
moiety and the hydrophobic mcl-PHA backbone, respectively. Fur-
thermore, the molecular weight analysis of the functionalized
polymer revealed a general decrease in average molecular weight
(Mw 15.2 ± 0.3 kDa) with increasing number-averaged molecu-
lar weight (Mn 10.0 ± 0.5 kDa) and PDI 1.5 as compared to the
non-functionalized PHA (Mw 55.7 kDa, Mn 13.6 kDa, PDI 4.1). This
reduction in Mw and the increase in the Mn of the 6-O-glucosyl-
poly(3-hydroxyalkanoate) could be attributed to the possible
enzymatic hydrolysis of the polymeric backbone by random chain
scission, which explains the increase in Mn. The observed increase
in Tm could be due to the increased polarity of the polymer as
a result of sugar moiety hydrogen bonding causing strong inter-
molecular attraction, thus at the same time increasing the amount
of thermal energy required to break the bond. This observation is
further supported by the differences in the Td 298.9 ◦C for non-
functionalized mcl-PHA and 306.4 ◦C for functionalized mcl-PHA.
3.2. Biodegradability of the
6-O-glucosyl-poly(3-hydroxyalkanoates)
The biodegradability of polymeric materials is reported to
rely on several polymeric properties including physical, chemical,
molecular structural organization and crystallinity of the polymer
[29]. Reaction conditions like reactor-vessel’s volume and shape,
temperature, pH, aerobic or anaerobic, mixing, polymeric polarity
sonal copyand duration were among the reported parameters to affect the rate
of degradation process [29]. Undoubtedly, the presence of sugar
moiety in the polymer is considered to attract and favor microbial
growth on the sample due to increase water absorption [18].
e based functionalized PHA.
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Author's personal copyFig. 3. Structure of 6-O-gluc
Hence, it is not surprising to observe an increase in sur-
ace degradation of the 6-O-glucosyl-poly(3-hydroxyalkanoates)
hen solid-phase surface texture analysis was performed follow-
ng simulated composting conditions in the laboratory (Fig. 5).
elative to the initial PHA ﬁlm in both samples (Fig. 5 ax, bx),
he non-functionalized PHA (Fig. 5 ay) was observed to have less
urface degradation after three weeks of composting as compared
o the functionalized ones which showed more degraded sur-
ace (Fig. 5  by). In both samples, maximum surface degradation
as observed after eight weeks of composting with 6-O-glucosyl-
oly(3-hydroxyalkanoates)(Fig. 5 bz) showing relatively more
urface degradation than the non-functionalized PHA (Fig. 5 az).
his could probably be due to the presence of glucose moiety that
nﬂuences the hydrophilicity of the functionalized mcl-PHA. In gen-
ral, the degradation in both samples was localized to speciﬁc areas.
his could be the amorphous phase of the ﬁlm, which is more
eadily degraded by the composting microorganisms in relation to
he more organized crystalline phase [29].
.3. Effect of solvents and co-solvents Log P on reaction
arametersThe inﬂuence of organic solvents in enzyme catalyzed esteriﬁca-
ion and esteriﬁcation has been studied extensively and interpreted
n various ways [12,30–32].  Several research has attempted to
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Fig. 4. TGA thermogram of the functionalized PHA and the control PHA.oly(3-hydroxyalkanoates).
correlate different solvent parameters such as hydrophobicity
(log P), polarity (dielectric constant; ε), electron acceptance index
and solubility (Hildebrand parameter; ı), with the corresponding
enzyme catalytic activity and product yield [33,34].  However, most
researchers reported no signiﬁcant correlation between solvent’s
Hildebrand parameter, dielectric constant and the enzymatic activ-
ity; as such the use of these parameters to correlate the enzymatic
activity is deemed to be less informative [2,33,35]. Nevertheless,
the differences in solvent log P have been used by some researchers
to help explain the solvent’s effect toward the catalytic activity and
speciﬁcity of enzymes [34]. In lipase mediated synthesis, high enzy-
matic activity is observed in low polarity solvents (log P ≥ 4) [35].
These types of solvents were proposed to inﬂuence the enzymatic
activity by modifying the enzyme active site polarity, which may
contribute to the stabilization of the charge transition state during
the reaction [36]. However, other researchers proposed that the
possible reason for the solvent effect in non-aqueous media arise
as a result of differences in solvent solvation energy, which causes
variations in  the total free energy [37].
In this study, we observed that the solvent log P  value appears
to be generally correlated to the observed lipase activity (Table 1),
but this could also be attributed to the substrate solvation as well
as enzymatic stability. Strongly hydrophobic solvent is not always
a good choice for lipase mediated syntheses of sugar based poly-
mers because the hydrophilic glucose tend to be poorly soluble in
them, and this adversely affect the product yield of the reaction
[38]. This is also evident from Table 1, where in isooctane despite
the observed higher apparent reaction rate (2.83 × 10−4 M s−1) and
polymer molecular weight propagation (Mn 10.2 kDa) that could
be due to the reported enzymatic stability in the highly hydropho-
bic solvent [38],  a low reactant conversion (15.4%) was observed,
which was  attributed to the low glucose solvation in this sol-
vent. This is also supported by the low apparent reaction rate
constant (1.24 × 10−6 s−1)  determined. In contrast, chloroform and
DCM with their moderate polarity, were observed to yield apparent
reaction rates of 1.69 × 10−4 and 1.29 × 10−4 M s−1 with moderate
molecular weight propagation (5.2–8.9 kDa). The reactant conver-
sion in these solvents (Table 1) was no higher than observed in
DMSO (19.1%) and with the corresponding high apparent reaction
rate constant (2.88 × 10−6 s−1). Despite being highly polar, DMSO
expressed lowest apparent reaction rate (0.19 × 10−4 M s−1) and
poor molecular weight propagation (1.7 kDa). The observed high
conversion in DMSO could be due to the increase in glucose solva-
tion making it more available to the enzyme active site. On the
other hand, the observed low reaction rate could be due to the
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Author's personal copyig. 5. Optical 3D Alicona InﬁniteFocus® micrograph comparing the surface degrada
cl-PHA (bx, by and bz) recorded at 25 ◦C, 360 to 450 m view.
ydrophilic solvents tend to strip some of the enzyme hydration
ayer that serves as protein structure lubricant inducing possible
estruction of hydrogen bond network, which in turn inﬂuenc-
ng the solvent interaction with protein surface and subsequently
ffected protein folding which lowers the catalytic activity [9,38].
n contrast to the single solvent system, it was further observed that
hanging the solvent polarity through blending with other solvent
nﬂuenced the reaction rate. For a highly hydrophobic isooctane,
lending it with moderately polar chloroform changed the log P
able 1
olvents and co-solvents log P as a  function of reaction parameters (max. standard error ±
Solvents Log P vapp (×10−4 M s−1)  kapp1 (×10−6 s−1) k
app
d
(L mol−1 s
DMSO −1.41 0.19 2.88 3.67 
DCM  1.41 1.29 1.74 17.0 
Chloroform 1.94 1.69 1.48 12.8 
Isooctane 4.37 2.83 1.24 14.1 
Isooctane:chloroform ratio
0.5 1.99 1.72 2.73 13.0 
1.0  1.95 1.71 2.75 13.2 
2.0 2.04  1.81 2.79 13.4 
3.0  2.05 1.81 2.79 13.6 
DMSO:chloroform ratio
0.5 1.79 1.46 4.29 8.11 
1.0  2.89 1.56 4.29 6.55 
2.0 2.53  1.38 4.63 5.35 
3.0 1.58  1.32 4.63 4.85  the simulated composting of control mcl-PHA (ax, ay and az) and the functionalized
value from 1.99 to 2.05 (isooctane:chloroform v/v ratio of 0.5–3.0)
corresponding to apparent reaction rate 1.72 × 10−4–1.81 × 10−4
M s−1. This was  observed to cause an increased in both the
conversion (about 21%) and the apparent reaction rate constant
(≈2.7 ×10−6 s−1) as compared to the pure solvents themselves.
Furthermore, the molecular weight propagation was also observed
to increase with increasing solvent hydrophobicity. In the binary
mixture of highly hydrophilic DMSO and moderately polar chlo-
roform, both hydrophobic polymer and the hydrophilic glucose
5%).
−1) s (×103 N m s−2)  Conversion (%) Mn (kDa) PDI
Viscometer
(25 ± 1 ◦C)
Jouyban–Acree
model
1.83 – 19.1 1.7 1.1
0.39 – 12.2 8.9 1.2
0.52 – 18.1 5.2 1.1
0.47 – 15.4 10.2 1.1
0.51 0.50 21.1 12.1 1.2
0.51 0.48 21.1 11.3 1.1
0.50 0.50 21.4 15.6 1.2
0.49 0.46 21.5 16.8 1.2
0.83 0.78 21.7 9.2 1.1
1.02 0.98 38.2 11.6 1.3
1.25 1.10 33.3 10.7 1.2
1.38 1.21 23.1 9.9 1.1
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Author's personal copyig. 6. Water activity (aw)  as a function of reaction rate constant in (a) mono-phasi
onversion in (c) monophasic solvent; (d) binary solvent mixture. Synthesis at 45 ◦C
ould be expected to have appreciable solvation in this blended
ystem concomitantly resulted in increased conversion and appar-
nt reaction rate constant, which supported this proposition. With
ighest conversion (38.2%) been observed at DMSO:chloroform of
 (v/v), increasing the DMSO ratio beyond this value increases the
ystems polarity which resulted in the corresponding decrease in
he apparent reaction rate, reactant conversion as well as molecular
eight propagation. On the other hand, the apparent reaction rate
onstant value was not signiﬁcantly affected. In general, under the
ested experimental conditions in all the solvent systems, kapp1 val-
es were observed to be far lower than kappd (Table 1), thus showing
hat the reaction systems studied were not diffusion limited.
It is noted that in terms decreasing order of viscosity
MSO >  chloroform > isooctane >  DCM (Table 1). For the binary mix-
ure of isooctane and chloroform, the viscosity at 25 (±1) ◦C were
bserved to be relatively constant for all the blend ratios tested.
n the other hand, for DMSO: chloroform binary mixture, there
as a  steady increase in viscosity value of the blend at 25 (±1) ◦C
ith the increase in blending ratio (Table 1). Interestingly, the
ouyban-Acree model (Eq. (5))  was able to predict satisfactorily the
iscosities of all the binary mixtures studied here (Table 1), with the
rovision that the model constants (A0,  A1 and A2)  were set to 1.
.4. Effect of water activity (aw) on substrate conversion and
eaction rate in solvents and co-solvents mixtures
In lipase-catalyzed synthesis of carbohydrate polymers, the
ctivity of water (aw) in the micro–aqueous reaction medium isnt; (b) binary solvent mixture and molecular sieve loading as a function of glucose
200 rpm using LecitaseTM Ultra 200 mg for 24 h.
an important consideration [39].  In this kind of reaction where
polyesters and sugar (or alcohol) are involved, water is one of
the reaction byproducts. As a  nucleophile for the hydrolysis reac-
tion, water is also a competitive inhibitor of the lipase-catalyzed
synthesis of sugar polyesters in organic media [12,40]. Hence,
accumulation of water in the reaction media drives the reaction
equilibrium toward undesired enzyme-catalyzed side reactions
such as hydrolysis. Notwithstanding this, a certain amount of criti-
cal water content normally referred to as the “essential water” that
serves as protein lubricant to maintain the three-dimensional con-
ﬁguration is also needed to maintain the enzyme catalytic activity
[41,42].
The inﬂuence of water activity on the apparent reaction
rate and conversion was studied using different solvents and
their binary mixtures that were initially pre-equilibrated to
constant aw (0.08) using aqueous solution of KOH as shown
in Fig. 6(a) and (b). In the mono-phasic solvent systems
(Fig. 6a), a  clear distinction was observed between the highly
hydrophilic solvent i.e. DMSO and the hydrophobic solvents.
Despite the initial steep increase in apparent reaction rate constant
in DMSO, the highest kapp1 value (2.88 × 10−6 s−1) was achieved at
lower water activity value (aw ≈ 0.2) and the reaction rate constant
was observed to decline progressively with increasing aw.  Simi-
lar observations were reported previously in the pre-equilibrated
lipase-catalyzed synthesis of ascorbyl palmitate in 2-methyl-2-
butanol [43] and in pre-equilibrated papain-catalyzed reaction
[44]. In comparison to moderately polar solvents like DCM and
chloroform that yield their highest rate constant at aw ≈ 0.5, the
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ighly hydrophobic isooctane was observed to have its high-
st reaction rate constant (1.44 × 10−6 s−1) at much higher water
ctivity value (aw ≈ 0.7). In general, the accumulation of reaction
ater content was more tolerable in more hydrophobic medium
s compared to the hydrophilic ones. This is  because an increase
n water content in the hydrophilic solvents increases its polar-
ty, and although allowing more glucose solvation thus resulting
n high reaction rate constant, it also affects the enzyme stabil-
ty due to increased polarity. Generally, the hydrophobic solvents
xperienced poor glucose solvation, the reaction rate constants
ere observed to be lower but an increased in enzymatic stability
as observed as the reaction progresses even at higher aw val-
es (Fig. 6a). This observation is further supported by the observed
ncrease in apparent reaction rate at highly hydrophobic solvents
Table 1) e.g. isooctane (vapp =  2.83 × 10−4 M s−1) as compared to
MSO (vapp = 0.19 × 10−4 M s−1). The improvement of enzymatic
tability in hydrophobic solvent environment was previously pro-
osed [38].
On the other hand, blending the solvents into binary mixtures
eems to inﬂuence both the apparent reaction rate constant and
he reaction stability as a function of water content (Fig. 6b). At
ower water activity value (aw ≤ 0.5), mixing the highly hydropho-
ic isooctane in lower volume fraction with bulk polar chloroform
esulted in a progressive increase in apparent reaction rate con-
tant (Fig. 6b). When the water activity was increased beyond
w =  0.5, the apparent reaction rate constant seems to increase with
ncreasing isooctane volume fraction (Fig. 6b). This could proba-
ly be due to the effect of increased enzymatic stability as the
ixture becomes more hydrophobic [35,36]. In contrast, reverse
rends were observed when mixing highly hydrophilic DMSO with
oderately polar chloroform (Fig. 6b). Initially, parallel increase in
pparent reaction rate constant up to aw ≈ 0.4 were observed at
oth lower (0.5) and higher (3.0) DMSO volume ratio. When the
ater activity was increased to 0.5 and above, the kapp1 was consis-
ently reduced for all the volume fraction of DMSO to chloroform
Fig. 6b) indicating an adverse effect of water activity toward enzy-
atic esteriﬁcation capability when it  is  accumulated within the
eaction system.
In  addition, the esteriﬁcation reaction produces water molecule
hat is a  nucleophile for the hydrolysis reaction, any strategy to
avor synthesis over hydrolysis must incorporate a design for con-
inuous removal of water molecules from the reaction system [45].
ne of the methods to achieve this is by using molecular sieves
46,47]. Molecular sieves of 4 A˚ pore size have been reported to
ave a  superior water removal capability as compared to other
ater adsorbing agents such as zeolite and molecular sieve of 3 A˚
ore size [48]. The inﬂuence of  molecular sieve 4 A˚  loading on glu-
ose conversion was observed in both the monophasic and binary
ixtures (Fig. 6c and d). In the monophasic solvent systems, high
olecular sieve loading (15 g  L−1) is required in a more hydrophilic
olvent (DMSO) to achieve higher conversion, further increase in
olecular sieve loading resulted only in marginal increase in con-
ersion. In comparison to other solvents, it seems that both the
ighly hydrophobic and moderate hydrophobic solvents were able
o achieve highest conversion at molecular sieve loading of 13 g L−1.
owever, not only does the molecular sieve inﬂuence conversion
ut also the solvent substrates solvation and enzymatic stability. In
ig. 6c, the conversion was observed to be higher in chloroform as
ompared to isooctane, this could be due to either better glucose
olvation as compared to isooctane, or enzyme solvent compati-
ility due to the reported enzymatic molecular recognition effect,
hich may  probably inﬂuence the conversion [49]. While compar-
Author's png more hydrophobic isooctane to moderately hydrophobic DCM,
he conversion was observed to be higher in isoocatane under the
ame molecular sieve loading. This could also be attributed to be
ither due to enzyme stability in more hydrophobic solvent or ingical Macromolecules 55 (2013) 127– 136
other words, the enzyme is more compatible in the isooctane over
the DCM. Observing the effect of molecular sieve loading as a func-
tion of glucose conversion in the binary solvent mixtures (Fig. 6d),
highest conversion was  observed at molecular sieve loading of
approximately 13 g L−1 in all binary mixtures tested. However, a
maximum conversion can only be achieved with higher molecular
sieve loading at elevated solvent polarity. For instance, a maxi-
mum conversion of 38.2% was  achieved at molecular sieve loading
of 15 g L−1 at DMSO-chloroform ratio of 1. Increasing the ratio to
3.0 at the same molecular sieve loading resulted in a decreased
conversion (23.1%), probably due to the increased solvent polarity
effect on the enzyme. In general, from the results presented so far,
it can be deduced that at given water activity value, the apparent
reaction rate constant and conversion in highly hydrophilic sol-
vent are strongly dependent on the polarity of  the solvent. While
in hydrophobic solvents, the dependence of a reaction rate con-
stant and conversion could be attributed to the proposed effect of
enzymatic stability rather than the solvent’s polarity.
3.5. Effect of temperature on enzymatic reaction in mono-phasic
and binary solvent system
The thermal stability of the reaction with respect to apparent
reaction rate in different mono-phasic and binary solvent sys-
tems were studied over a temperature range of 25–55 ◦C (Fig. 7a
and c). There is a  general increase in reaction rate with increas-
ing temperature for all the solvent systems tested. However, in a
more hydrophilic solvent (DMSO), the enzymatic reaction rate was
observed to decrease beyond 40 ◦C (Fig. 7a), probably due to the
reported action of hydrophilic solvents on the enzyme hydration
layer, causing the enzyme protein to be more prone to thermal
deactivation. This is in agreement with the results of Mishra, et al.
[16], whom assayed LecitaseTM Ultra activity in 0.05 M Tris-HCL
buffer and observed a gradual decrease in residual enzyme activ-
ity after 40 ◦C with almost complete thermal deactivation after
60 ◦C. Wang, et al. [50] recently afﬁrmed this observation, repor-
ting an optimum temperature of 40 ◦C  in LecitaseTM Ultra-catalyzed
esteriﬁcation of diacylglycerol-enriched oil from free fatty acids
during partial hydrolysis of soybean oil. It has been reported that
in polar milieu, LecitaseTM Ultra is  said to exhibit a predominant
lipase activity at temperature ≤40 ◦C, beyond this value the phos-
pholipase activity predominates the reaction [51].  This observation
could probably add to the explanation of the observed decrease in
the apparent reaction rate in this study at a temperature beyond
40 ◦C in the polar DMSO.
In contrast to this observation, in the hydrophobic solvents, the
enzyme seems to exhibit more thermal stability as the reaction rate
continue to increase well beyond 45 ◦C, with maximum reaction
rate (2.83 × 10−4 M s−1) observed for isooctane at 50 ◦C (Fig. 7a).
Observing the effect of temperature in the binary solvent sys-
tems revealed the general trend as in  mono-phasic solvent systems
(Fig. 7b and c). However, the apparent reaction rate was observed to
increase with increasing temperature and hydrophobic solvent vol-
ume ratio; achieving the highest reaction rate at 1.81 × 10−4 M s−1
at 3.0 volume ratio of isooctane-chloroform at 50 ◦C  (Fig. 7b). In
comparison, mixing a more hydrophilic DMSO with chloroform
improved the hydrophobicity of the media (Fig. 7c), this in  turn
increases the reaction stability with increasing temperature to
45 ◦C. However, the reaction stability was observed to rely on the
increasing chloroform volume fraction. It is worth noting that in
Figure 7c at 45 ◦C, the highest reaction rate (1.56 × 10−4 M s−1)  was
observed for 1.0 volume ratio of DMSO–chloroform instead of 3.0
sonal copyvolume ratio. Probable explanation to this observation could be
due to enhanced glucose and polymer solvation at that speciﬁc
binary mixture polarity. In contrast, despite improved glucose sol-
vation at DMSO volume ratio of 3.0, the increase in the medium
A.M. Gumel et al. / International Journal of Biological Macromolecules 55 (2013) 127– 136 135
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olarity resulted in the detrimental effects on the enzyme [9,38]
esulting in the observed lower reaction rate at 1.06 ×10−4 M s−1
Fig. 7c).
. Conclusions
In this study, LecitaseTM Ultra was used for the ﬁrst time to
atalyze the synthesis of 6-O-glucosyl-poly(3-hydroxyalkanoates)
n different solvent systems, affording a polymer with an aver-
ge molecular weight (Mw) of 1.7–16.8 (±0.2) kDa with good
olydispersity. The average molecular weight of the synthesized
olymer was observed to depend on solvent polarity, with highly
ydrophobic solvent yielding higher molecular weight polymers.
he thermometric analyses revealed the functionalized polymer
o exhibit an improved thermal stability with highest melting
nd thermal degradation temperatures of 151.(±0.2) ◦C and 306.4
±0.2) ◦C  respectively. The presence of glucose moieties in the syn-
hesized polymer inﬂuenced its biodegradability as compared to
he non-functionalized PHA. Depending on solvent system used,
he optimum molecular sieve loading range between 13.0 and
5.0 (±0.2) g L−1,  with optimum reaction temperature 40 to 50 ◦C.
urthermore, the reaction rate to the medium’s water activity
aw)  was observed to increase with increasing medium polarity,
ith optimum water activities of 0.2, 0.5 and 0.7 (±0.1) been
bserved in hydrophilic DMSO, binary mixtures and hydropho-
ic isooctane, respectively. Solvent hydrophobicity improves the, (b) isooctane binary solvents and (c) DMSO binary solvent systems. Synthesis at
enzymatic stability toward the reaction, however, poor solvation
of polar substrate (glucose) in these media, resulted in lower prod-
uct yield. On the other hand, the use of polar solvents though
improves the glucose solvation, increased the polarity of the
solvents and together with increasing water activity affects the
enzymatic esteriﬁcation activities resulting in both lower appar-
ent reaction rate and product yield. Using controlled binary solvent
mixtures, equal volume binary mixture of DMSO and chloroform
with moderate polarity proved to be the most effective medium
for the LecitaseTM Ultra catalyzed synthesis of this carbohydrate
polymer as compared to the mono-phasic and other binary sol-
vents tested with ≈38.2 (± 0.8)% conversion of glucose to the
product.
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CHAPTER 11 
Conclusions  
 
11.1 Principal findings 
The main research objectives were achieved for (A) Biopolymer synthesis and 
(B) Enzymatic functionalization of the biopolymer. The key findings from the research 
are: 
A.  Biopolymer synthesis 
(i) in vitro enzymatic catalysis 
 Ultrasonic assistance increases the polymerization from 46% to approximately 
75%; 
 The ultrasound irradiation helped to enhance rate of polymer propagation by 
more than two fold, while the enzymatic turnover number increases by more than 
factor three; 
 The catalytic efficiency depends on the enzyme source and ranged from 
4.15 x 10-3 s-1·M-1 for Novozym 435 to 1.48 x 10-3 s-1·M-1 for C. rugosa lipase; 
 Besides, the sonication power, time and temperature were found to influence the 
rate of polymerization. 
(ii) in vivo microbial fermentation 
 In both bacterial strains used i.e P. putida BET001 and D. tsuruhatensis BET002, 
PHA accumulation is growth associated; 
 High growth associated PHA accumulation were achieved with  both bacteria; 
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 In P. putida Bet001, PHA with medium-chain-length monomers were produced 
from C8:0 to C18:1  fatty acids; 
 D. tsuruhatensis Bet002 failed to use medium-chain-length fatty acids i.e. C8 to 
C10, but able to utilize C14:0 to C18:0 to accumulate PHB homopolymer; 
 With C18:1, D. tsuruhatensis Bet002 produces PHA containing short 3-
hydroxybutyrate and odd 3-hydoxyheptanoate among the monomers; 
 In contrast to other reports, no unsaturated monomers were detected in PHA 
obtained from both bacterial strains; 
 Incorporation of longer chained monomers increase the PHA thermal stability; 
 The molar concentration ratio of carbon to nitrogen source has little effect on the 
PHA composition, but affected the biomass, thence the PHA yield. 
B. Enzymatic functionalization of the biopolymer 
 Functionalization with carbohydrates improves the PHA biodegradability by 50% 
beside showing better compostability; 
 Lecitase™ Ultra was able to functionalize bacterial polyhydroxyalkanoates (PHA) 
with carbohydrate; 
 Binary mixture of organics solvent as reaction medium improve the reaction rate 
and yield;  
 The solvent polarity strongly influenced the average molecular weight of the 
synthesized polymer; 
 Controlling water activity is important for esterification of PHA with carbohydrate. 
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